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1 | List of Acronyms
AF647 Alexa Fluor 647
SAC Spindle Assembly Checkpoint
SRM Super Resolution Microscopy
NMR Nuclear Magnetic Resonance
SMLM Single-Molecule Localization Microscopy
STORM Stochastic Optical Reconstruction Microscopy
dSTORM direct Stochastic Optical Reconstruction Microscopy
PALM Photoactivated Localization Microscopy
Cryo-EM Cryogenic Electron Microscopy
Nb Nanobody, a small single-chain antibody fragment consisting of one variable domain with a
diameter of roughly 3nm
FP Fluorescent Protein
GFP Green Fluorescent Protein
paGFP Photo-Activatable Green Fluorescent Protein
PC Primed Conversion
psFP Photo-Switchable Fluorescent Protein
paFP Photo-Activatable Fluorescent Protein
pcFP Photo-Convertible Fluorescent Protein
pc-pcFP Primed Convertible Photo-Convertible Fluorescent Protein
PAmCherry Photo-Activatable Monomeric Cherry Fluorescent Protein
PAmKate Photo-Activatable Monomeric Kate Fluorescent Protein
mEos3.2 Monomeric Photoconvertible Eos Fluorescent Protein Version 3.2
mEos3.2-A69T Monomeric Photoconvertible Eos Fluorescent Protein Version with a threonine
substitition at position 69
v





CCAN Constititive Centromere Associated Network
SPB Spindle Pole Body - yeast microtubule organizing element
POI Protein Of Interest
OPTICS Ordering Points To Identify the Cluster Structure
PSF Point Spread Function
FWHM Full Width at Half Maximum of a normal distribution
MLE Maximum Likelihood Estimation
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2 | Summary
Biology would not be where it is today without fluorescence microscopy. It is arguably one
of the most commonly used tools in the biologists toolbox and it has helped scientists study
the localization of cellular proteins and other small things for decades, but it is not without
its limitations. Due to the diffraction limit, conventional fluorescence microscopy is limited
to micrometer-range structures. Science has long relied upon electron microscopy and X-ray
crystallography to study phenomena that occur below this limit. However, many of lifes processes
occur between these two spatial domains.
Super-resolution microscopy, the next stage of evolution of fluorescence microscopy, has the
potential to bridge this gap between micro and nano. It combines superior resolutions of down to
a few nanometers with the ability to view objects in their natural environments. It is the ideal
tool for studying the large, multi-protein complexes that carry out most of lifes functions, but are
too complex and fragile to put on an electron microscope or into a synchrotron.
A form of super-resolution microscopy called SMLM Microscopy shows especially high promise
in this regard. With its ability to detect individual molecules, it combines the high resolution
needed for structural studies with the quantitative readout required for obtaining data on the
stoichiometry of multi-protein complexes. This thesis describes new tools which expand the
toolbox of SMLM with the specific aim of studying multi-protein complexes.
First, the development of a novel fluorescent tagging system that is a mix of genetic tagging and
immuno-staining. The system, termed BC2, consists of a short, genetically encodable peptide
that is targeted by a nanobody (BC2 nanobody). The system brings several advantages. The
small tag is not disruptive to the protein it is attached to and the small nanobody can get into
tight spaces, making it an excellent tag for dense multi-protein structures.
Next, several new variants of some commonly used green-to-red fluorescent proteins. The novel
variants, which can be converted with a combination of blue and infrared light are especially
useful for live-cell imaging. The developed fluorescent proteins can also be combined with
photo-activatable fluorescent proteins to enable imaging of several targets with the same color
protein.
Finally, an application of the latter technique to study the multi-protein kinetochore complex and
gain first glimpses into its spatial organization and the stoichiometry of its subunits.
vii
3 | Zusammenfassung
Die Biologie wäre heute nicht, wo sie ist, ohne die Fluoreszenzmikroskopie. Sie ist unbestreitbar
eines der am häufigsten verwendeten Werkzeuge im Repertoire des Biologen und es hilft Wis-
senschaftlern seit Jahrzehnten, die Lokalisation von Zellproteinen und anderen kleinen Strukturen
zu untersuchen. Sie ist aber nicht ohne Limitationen. Aufgrund des Abbe-Limits ist die Fluo-
reszenzmikroskopie beschränkt auf Strukturen im Mikrometerbereich. Die Naturwissenschaften
haben sich lange auf die Elektronenmikroskopie und Röntgenkristallographie verlassen, um
Phänomene unterhalb dieses Limits zu studieren. Allerdings gibt es viele Prozesse, welche sich
zwischen diesen beiden räumlichen Domänen ereignen.
Superauflösende Mikroskopie, der nächste Schritt in der Evolution der Fluoreszenzmikroskopie,
hat das Potential, den Bereich zwischen mikro und nano zu überbrücken. Sie kombiniert höhere
Auflösungen von bis zu wenigen Nanometern mit der Fähigkeit, Objekte in ihrer natürlichen
Umgebung zu beobachten. Sie ist das ideale Werkzeug, um grosse Multiproteinkomplexe zu
untersuchen, welche die meisten Funktionen des Lebens ausführen, aber zu komplex und fragil
für die Elektronenmikroskopie oder Kristallographie sind.
Eine Form der superauflösenden Mikroskopie, genannt SMLM, ist diesbezüglich sehr vielver-
sprechend. Mit ihrer Fähigkeit, individuelle Moleküle zu detektieren, kombiniert sie die hohe
Auflösung für strukturelle Studien mit der quantitativen Auslesung für den Erhalt von Stö-
chiometrien von Multiproteinkomplexen. Diese Thesis beschreibt neue Werkzeuge, welche das
Repertoire von SMLM erweitert mit dem spezifischen Ziel, Multiproteinkomplexe zu untersuchen.
Als erstes, die Entwicklung eines neuen fluoreszierenden tagging Systems, das eine Mischung ist
aus genetischem Tagging und Immunofärbung. Das System, bezeichnet als BC2, besteht aus
einem kurzen, genetisch codierbaren Peptid, das von einem Nanobody (BC2 nanobody) anvisiert
werden kann. Dieses System bring mehrere Vorteile. Das kleine Tag stört das Protein, an welches
es befestigt ist, nicht und der kleine Nanobody kommt in enge Räume rein, was es zu einem
exzellenten Tag für dichte Multiproteinstrukturen macht.
Als nächstes, mehrere neue Varianten von oft verwendeten grün-zu-rot fluoreszierenden Pro-
teinen. Diese neuen Varianten, welche mit einer Kombination von blauem und infrarotem Licht
konvertiert werden können, sind besonders nützlich für Lebendzellmikroskopie. Die entwickelten
fluoreszierenden Proteine können auch mit photo-aktivierbaren fluoreszierenden Proteinen




Zuletzt, eine Applikation dieser letztgenannten Technik, um den Multiproteinkomplex des Kine-
tochors zu untersuchen und erste Einsichten in seine Architektur und räumliche Organisation zu
erhalten, ebenso wie zur Stöchiometrie seiner Untereinheiten.
ix
4 | Introduction
4.1 Introduction to Single Molecule Localization Microscopy
Techniques
From single molecules to life: microscopy
at the nanoscale
Bartosz Turkowyd, David Virant, Ulrike Endesfelder
This part of the thesis is written in the style of a manuscript and was published in Analytical
and Bioanalytical Chemistry. Bartosz Turkowyd and me contributed equally to this work and
share the first author position. My roles in this publication included literature research,
preparing figures and writing the text for certain sections of the manuscript. This section serves
as an introduction to the techniques of SMLM and Super Resolution Microscopy (SRM) as a
whole, as well as their uses, advantages and limitations. All the microscopy techniques applied in
this work are described and put into context. [1]
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Abstract Super-resolution microscopy is the term com-
monly given to fluorescence microscopy techniques with
resolutions that are not limited by the diffraction of light.
Since their conception a little over a decade ago, these
techniques have quickly become the method of choice for
many biologists studying structures and processes of single
cells at the nanoscale. In this review, we present the three
main approaches used to tackle the diffraction barrier of
∼200 nm: stimulated-emission depletion (STED) micros-
copy, structured illumination microscopy (SIM), and
single-molecule localization microscopy (SMLM). We first
present a theoretical overview of the techniques and under-
lying physics, followed by a practical guide to all of the
facets involved in designing a super-resolution experiment,
including an approachable explanation of the photochem-
istry involved, labeling methods available, and sample
preparation procedures. Finally, we highlight some of the
most exciting recent applications of and developments in
these techniques, and discuss the outlook for this field.
Keywords Super-resolutionmicroscopy . Photophysics and
photochemistry of fluorophores . Live cell imaging .
Quantitative cell biology
Spatial and temporal scales in the life sciences
and microscopy
The timescales and spatial scales of the processes and
molecules associated with life span extremely broad
ranges, covering many orders of magnitude (Fig. 1). For
instance, intracellular regulation (e.g., conformational
changes or biochemical reactions within molecules) takes
place at submillisecond timescales, nanosized molecules
such as ATP (which serves the energy demands of cells)
diffuse in milliseconds through cell volumes ranging from
several micrometers up to millimeters, while (clustered)
membrane receptors move at speeds that are about a mag-
nitude slower. Large multicomponent machineries realize
and control complex multilayered cellular functions that
occur in seconds to hours. The ribosome, a large macro-
molecule which consists of two functional subunits of
several dozen proteins on nucleic acid chain scaffolds,
takes a matter of seconds to synthesize new peptide
chains comprising hundreds of amino acids, which then
quickly fold up into functional proteins. On the other
hand, the replication of a full genome requires at least
about 40 min for the 4.6 million nucleic acid base pairs
of the bacterium Escherichia coli, and the cellular divi-
sion cycle ranges from tens of minutes for E. coli to sev-
eral hours for mammalian cells.
Observing and understanding all of these components of
life requires us to be, at best, passive witnesses of undisturbed
processes, but also to demand hard observational data that can
allow us to quantitatively measure and trace all of the players
involved—ranging from small molecules up to the interac-
tions of whole cells in cellular communities—with the highest
specificity and precision.
To achieve this, instrumentation is needed that permits a
wide three-dimensional view but also allows details to be
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explored in high resolution, is noninvasive but can tell differ-
ent cellular components apart, and offers detection that is rapid
enough to be able to probe the processes of interest.
Today, the use of modern super-resolution fluorescence
microscopes allows us to zoom into the intracellular structures
of live cells [1, 2]. It is not only possible to resolve specimens
in greater detail than naturally possible using the discriminat-
ing power of the human eye through the application of con-
ventional light microscopes, but we are also able to circum-
vent the diffraction limit of light and study structures at near-
molecular scale. This significant gain in resolution (which has
revealed the heterogeneous nature of the lives of single cells),
the inherent specific contrast of single fluorescent labels, and
the ability to live-cell image single cells and large multicellu-
lar organisms have made fluorescence super-resolution mi-
croscopy one of the most powerful tools applied in the life
sciences.
Nevertheless, there are limitations: the maximal photon
flux of a fluorophore—which is mainly determined by its
fluorescence lifetime—yields a lower bound for the detection
range when observing molecular dynamics, and its maximum
photon budget (above which it is irreversibly destroyed, i.e.,
photobleached) marks the upper bound for studying individ-
ual molecules. Technology-wise, minimal exposure times in
the millisecond range limit the maximum observation rate of a
planar live image array [3], and (for example) the sizes of
labeling molecules such as dyes, protein tags, and antibodies
yield steric resolution limits [4, 5]. Typical sizes of labeling
molecules and the range of timescales of various life processes
and imaging procedures are visualized in the lower panels of
Fig. 1a and b.
It is important to point out that none of the advanced
super-resolution microscopy techniques are routine
methods as yet. They work close to current technological
limits, and thus improve with each new implementation.
Behind their stunning results and attractive images hide
highly complex and tailored experimental designs. It is
thus advisable to define the particular biological question
Fig. 1a–b Spatial and temporal
scales in the life sciences and
microscopy. a Selected
characteristic submicrometer
objects are separated on the basis
of biological (above the axis,
green) and technical (below the
axis, blue) significance. The IgG
antibody structure (15 nm)
contains two other notable
structures: the antigen-binding
region, called the Fab fragment
(10 nm, blue) and the single-
variable domain (3 nm, red), from
which so-called nanobodies from
cameloids are derived. Structures
are taken from the PDB [GFP
1KYS, IgG 1IGT, SNAP 3KZZ,
DNA 4LEY] and PubChem [ATP
CID 5957, Alexa Fluor 647 CID
102227060]. b Timescales of
various important biological
processes (above the axis, green)
and physical events, as well as
typical timescales associated with
microscopy procedures (below
the axis, blue)
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to be answered as precisely as possible, and to plan bio-
logical experiments such that they suit the techniques
well. Therefore, here, we will briefly review the basic
principles of the three most widely used super-resolution
microscopy techniques: stimulated-emission depletion
(STED) microscopy [6], structured illumination microsco-
py (SIM) [7], and single-molecule localization microsco-
py (SMLM) [8–10], as depicted in Fig. 2 and summarized
in Table 1. We explain, in detail, the essential character-
istics of currently used reporter fluorophores, from their
individual photophysics to general labeling strategies.
Finally, we highlight the recent advances of the last few
years, which have not only allowed the molecular compo-
sitions and structures of individual cellular components to
be elucidated, but have also enabled us to place them into
their native environmental context of large-scale spatial
organization and to follow their dynamics. At the end of
the paper, we emphasize the main challenges we currently
face in order to achieve further improvements in these
techniques and we introduce promising correlative
schemes and sophisticated algorithmic and analytic tools
which facilitate large-data and computational systems bi-
ology approaches.
Principles of super-resolution microscopy
The resolution of light microscopy is often introduced via
the Rayleigh criterion. Light from point-like sources is
convolved by the so-called point-spread function (PSF)
of an optical system when transmitted through a
diffraction-limited microscope (Fig. 2a). In 1896, Lord
Rayleigh defined the maximum resolution of an optical
system as the minimum distance between two point-like
objects which can be separated as individual sources. He
regarded two point sources of equal strength as just dis-
cernible when the main diffraction maximum of one im-
age coincides with the first minimum of the other. For an
epifluorescence microscope with a circular aperture where




where λ is the wavelength of light and NA is the numer-
ical aperture [16].
Nevertheless, as already demonstrated by Zsigmondy
using his ultramicroscope in 1902 [17], particles with di-
mensions below the resolution limit of visible light can be
resolved. Also, confocal or multiphoton fluorescence ap-
proaches possess higher resolution than epifluorescence
microscopes, as these techniques repress out-of-focus
f luorescence , permi t t ing s t ra ight forward three-
dimensional imaging [18]. The resolution of near-field
scanning microscopy (NSOM) is not limited by diffrac-
tion, as the diffraction limit applies only to light that has
propagated a distance that is sufficiently larger than its
wavelength. NSOM is therefore only limited by the aper-
ture of the nanometer-sized excitation and detection tip
placed near the sample [19].
Since the development of STED, the first far-field su-
per-resolution fluorescence microscopy technique, many
new methods that spatially or temporally confine fluores-
cence (which allows them to circumvent the diffraction
barrier) have evolved. They can be categorized into two
types of super-resolved far-field methods, with the first
group concentrating on particular incident excitation light
patterns and the second focusing on the modulation of the
detected emission light over time. To be more specific, the
first group, including techniques such as STED and SIM,
make use of structured illumination schemes which spa-
tially modulate the fluorescence of molecules such that
not all of them simultaneously emit light. The second
group, namely SMLM, rely on single-molecule imaging,
and uses stochastic photomodulation of individual
f l uo rophores . The numbe r of pho toswi t chab le
fluorophores in their active fluorescent state can be con-
trolled by irradiating the fluorophores with specific wave-
lengths of light. Thus, the stochastic activation of fluores-
cence at low rates allows the fluorescence emissions of
single fluorophores to be spatially and temporally
separated.
Stimulated-emission depletion microscopy
In STED microscopy [6], the sample is scanned by a
subdiffraction excitation spot. This spot is realized by
superimposing two lasers: an excitation laser with a fo-
cused beam waist limited by diffraction and a STED de-
pletion laser in a donut-shaped mode (achieved by phase
modulation) with a wavelength at the far end of the fluo-
rescence spectrum of the fluorophore used (Fig. 2bi). As a
consequence, all of the fluorophores in the focal spot of
the excitation laser are excited, whereas those located
within the area of the donut-shaped STED laser are again
quickly depleted from the excited state and forced back to
their ground state by stimulated emission, resulting in the
release of a photon identical to the incident STED deple-
tion photon. This process only leaves fluorophores at the
subdiffraction-sized central spot in the excited state, and
their spontaneous fluorescence emission is measured. By
precisely scanning the entire sample and measuring the
respective fluorescence intensity of each subdiffraction
area (Fig. 2bi, bottom), then, without the need for any
further post-processing steps (Fig. 2bii), an image is re-
constructed (Fig. 2biii).
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Fig. 2a–d Principles of super-resolution microscopy techniques. a Left:
Scheme of six filaments decorated with fluorophores (represented by
large icons for visibility) and grouped into three pairs at simulated dis-
tances of 50, 100, and 150 nm; scale 200 nm. Right: A typical image of
this structure obtained by conventional fluorescence microscopy is limit-
ed by the diffraction of light. b i, top: For STED, the structure is scanned
by a subdiffraction excitation spot obtained by combining an excitation
laser (green) with a, by phase-modulation shaped, depletion laser (red).
After scanning the entire structure (i, bottom), and without performing
any further post-processing steps (ii), an image is reconstructed (iii). c In
SIM, fluorophores are excited by a series of regularly spaced illumination
patterns of known frequency, orientation, and phase which modulate the
fluorophore emissions. This results in visible low-frequency Moiré
patterns that are dependent on the structure imaged (i). By analyzing the
images for their spatial frequencies, an enlarged frequency space is ob-
tained (ii), and a subdiffraction image is reconstructed (iii). d In SMLM,
the fluorescence is modulated by photoswitching between Boff^ and Bon^
states. Most of the fluorophores are forced to reside in a dark off state;
only a small subset of spatially separated fluorophores in the on state is
allowed to emit fluorescence at a given time. After sequentially imaging
thousands of subsets of fluorophores (i), the nanometer-precise
fluorophore positions can be extracted from the diffraction-limited indi-
vidual emissions (ii), and an image is reconstructed (iii). The three super-
resolved images labeled (iii) visualize typical resolutions obtained by the
methods: on the order of 50 nm (STED), 100 nm (SIM), and 20 nm
(SMLM); scale 200 nm
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The size of this effective subdiffraction scanning beam
can be varied depending on the intensity of the STED
depletion beam. The resulting resolution of STED micros-




where d is the conventional resolution limit as defined by
the Rayleigh criterion, I is the intensity of the STED de-
pletion laser, and Is is the effective saturation intensity,
which can be defined as the intensity at which the prob-
ability of fluorescence emission is reduced by half [20].
By choosing the wavelength of the STED depletion
laser to be at the far end of the fluorophore’s spectrum,
reabsorption from the ground state as well as further ab-
sorption processes from the excited state can be
neglected. Further, the resulting stimulated photons iden-
tical to the STED depletion wavelength possess a longer
wavelength than the majority of photons obtained by
spontaneous fluorescence emission. They can therefore
be easily spectrally filtered, and—as stimulated emission
also occurs on faster timescales—filtered temporally too.
As it is a confocal technique, STED microscopy naturally
permits optical sectioning, but three-dimensional imaging
schemes have been further improved by, for example,
creating an isotropic focal scanning spot using two op-
posing objectives [21].
The sample is scanned in steps as small as the effective
subdiffraction-sized excitation spot, but is irradiated by
the much larger, diffraction-limited, foci of the excitation
and STED depletion lasers. Thus, the fluorophores are
subjected to multiple excitation and de-excitation steps
under high STED laser intensities, which requires them
to be extraordinarily photostable. STED microscopy was
initially realized in a pulsed laser scheme [6]; continuous-
wave illumination STED microscopy was implemented
later [22]. However, rather high intensities are required
in both imaging schemes, leading to increased
photobleaching and phototoxicity in the sample. This neg-
ative effect can be reduced by employing sophisticated
imaging modes which lower or shorten the applied laser
intensities, e.g., by time gating [23], by selective,
feedbacked use of the depletion beam to reduce the num-
ber of state transition cycles [24], or by replacing (a con-
cept also termed RESOLFT: reversible saturable optical
(fluorescence) transition) [25] or assisting [26] the stimu-
lated depletion mechanism with an on–off photoswitch.
STED utilizing moderate laser power schemes can be ap-
plied to the imaging of live cells as well as living tissue
and living organisms (for a detailed review, see [27]).
For multicolor STED microscopy, either a pair of lasers
is required for each fluorophore [28], or, for spectrally
close fluorescence spectra, only one depletion laser is
needed [29]. This further automatically coaligns the effec-
tive scanning spots of both colors. Very specific
fluorophore pairs, chosen to be suitable for spectral
demixing approaches or to demonstrate reverse photo-
chromic behavior, can be operated by just one pair of
lasers [30, 31].
Structured illumination microscopy
SIM uses regularly spaced patterns of known spatial frequen-
cy, orientation, and phase to illuminate the sample by a
Table 1 Overview of the characteristics of various super-resolution microscopy techniques
STED Linear SIM Nonlinear SIM SMLM
Microscope type Laser scanning Widefield Widefield Widefield
xy resolution (nm) 20–70 80–100 ∼45 10–40
z resolution (nm) 30–100 ∼300 ∼170 10–50
Temporal resolution ms to s ms to s ms to s s to min









Number of colors 3 3 1 4




Values are taken from [10–15]
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structured excitation light series ([7]; detailed review [32]).
This leads to modulated fluorescence emissions which form
defined interference Moiré fringes of high and low frequen-
cies, as the light emitted from a specific point in the sample is
the product of the local structure of the sample (more precisely
the spatial distribution of the fluorophores) and the local ex-
citation intensity. As the corresponding fluorescence image
seen through the microscope is diffraction limited and thus
convolved with the PSF of the optical system, only the low-
frequency Moiré patterns can be measured. These structure-
specific patterns are registered for different sequential phases
and orientations of the illumination pattern to sample the max-
imum isotropic frequency space (Fig. 2ci). By measuring the
apparent Moiré fringes and knowing the properties of the cho-
sen illumination patterns, it is possible to retrieve information
at higher spatial frequencies than normally possible in a
widefield microscope (Fig. 2cii): the diffraction limit can be
described as a circular boundary in the transmitted frequency
space with a maximal frequency of kmax, equaling 1/d. Thus,
only the spatial frequencies with k ≪ kmax pass through the
optical system. Using structured illumination, which allows
the detection of low-frequency Moiré interference patterns,
spatial information about the sample from higher frequency
bands is shifted into detectable lower frequency bands. All of
the acquired images can be analyzed for their spatial frequen-
cies and then be unmixed by their multiple overlapping com-
ponents in frequency space. This allows the high frequencies
obtained using the Moiré information to be shifted back to
their original frequencies. The resulting enlarged frequency
space encompasses about 2kmax, as the low-frequency Moiré
patterns must remain visible above the diffraction limit. Using
an inverse Fourier transform back into image space, a super-
resolved SIM image showing a linear twofold increase in res-
olution can then be reconstructed (Fig. 2ciii).
Ignoring for a brief moment the rather complex post-
processing of the raw data acquired by sophisticated SIM soft-
ware (recently published open-source options are [33, 34]),
SIM is the most straightforward approach in the field of
super-resolution microscopy: the technique is based on stan-
dard widefield fluorescence microscopes, only requires (in the
simplest version of SIM) a movable grating placed in a Fourier
plane of the illumination path, andworks for all common (albeit
best for bright) fluorophores. SIM can be used to image live
cells [11, 35] and has been extended to three-dimensional SIM
[12], is capable of imaging live organisms [36], and allows for
multicolor imaging [37]. Nevertheless, common artifacts (aris-
ing from imperfect imaging or algorithms) should be carefully
considered, avoided, or corrected for: stripes in a reconstituted
SIM image emerge from photobleaching, sample drift, or setup
vibrations, a low fluorescence modulation contrast results in
noise in the high-frequency range, and spherical aberration as
well as refractive index mismatching creates halos or the dou-
bling of features [38].
A higher resolution than that obtained by linear SIM is
achieved by nonlinear SIM, which is realized by either
saturating the fluorescence through the application of
st rong i l luminat ion intensi t ies [39] or by using
photoswitchable fluorophores [13, 40] (similar to
RESOLFT [25]) to create illumination patterns that include
higher harmonic frequencies. However, the increased res-
olution of this technique comes at the expense of a limited
choice of fluorophores, which need to be either highly
photostable (in order to withstand the strong illumination
intensities) or photoswitchable. The resolution obtained




where d is the conventional resolution limit and h is the
number of higher harmonics achieved when applying non-
linear SIM schemes [13, 39, 40]. For linear SIM, h equals
zero, so the resolution enhancement is about twofold.
Single-molecule localization microscopy
Single-molecule localization-based techniques such as
photoactivated localization microscopy (PALM) ([8],
(direct) stochastic optical reconstruction microscopy
((d)STORM) [9, 10], ground-state depletion followed by
individual molecule return (GSDIM) [41], and many other
related techniques [42] are commonly grouped together
under the term Bsingle-molecule localization microscopy^
(SMLM). They all require tight control over the
photoswitching of individual fluorophores, as discussed
in detail in this review, and they rely on the use of post-
processing algorithms to generate the super-resolved data
(see the review by Small and Stahlheber [43] and com-
parative studies of localization algorithms [44] and single-
particle tracking algorithms [45]; most of the relevant al-
gorithms are openly available).
I n SMLM, the ma in p r i nc i p l e i s s t o cha s t i c
photoswitching and the detection of single spatially sepa-
rated fluorophores. To achieve this, all fluorophores are
modulated by photoswitching them between Boff^ and
Bon^ states. Most of the fluorophores are forced to reside
in a long-lasting dark off-state; only a small subset of
fluorophores in the on state are allowed to emit fluores-
cence at a given time. By sequentially imaging typically
several thousand subsets of spatially distinguishable
fluorophores, all of the emitters are detected over time
(Fig. 2di). The photons emitted from the fluorophores are
distributed in diffraction-limited spots and registered in a
stack of time-resolved images until all of the fluorophores
have been read out. The spots can be identified by image-
processing algorithms, allowing the positions of the
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fluorophores and other properties (fluorescence intensity,
duration of fluorescence, precision of the positioning fit,
etc.) to be precisely determined and then stored in a large
table (Fig. 2dii). Using the fluorophore centroids, a super-
resolved image is reconstructed (Fig. 2diii).
The resolution limit of SMLM is mainly determined by the
precision with which individual fluorophores are localized,






where d is the conventional resolution limit and N is the num-
ber of photons detected in a single fluorescence spot [46].
SMLM approaches are more sensitive to background sig-
nals than both of the previously described methods, as SMLM
determines the positions of individual molecules to a high
precision based on their individual fluorescence levels. To
assign as many photons as possible to a single fluorophore,
it is highly desirable to achieve the best possible signal-to-
noise ratio. For thin (mainly two-dimensional) samples, effec-
tive background noise reduction can be achieved using total
internal reflection fluorescence microscopy (TIRF), where the
incident laser light is totally internally reflected at the glass–
water boundary between the coverslip and sample [47]. In this
illumination scheme, only the fluorophores in a very thin layer
within the exponentially decaying evanescent field above the
coverslip can fluoresce. Thus, a large fraction of the usual
background signal caused by autofluorescence or by the scat-
tering of the laser light and originating from the whole sample
volume is suppressed. Another approach is to illuminate the
sample in a highly inclined and laminated optical sheet
(HILO) [48]. In this mode, the excitation laser light leaves
the objective at a very narrow angle, which results in an in-
clined beam passing through the sample. This illumination in
the form of an optical light sheet is then almost perpendicular
to the detection path of the microscope.
To allow for three-dimensional SMLM imaging, sever-
al optical methods have been utilized to encode the third
dimension: astigmatic PSF shaping by a cylindrical lens,
biplane alignment, a dual-objective scheme allowing for
the interference of the signal, and several further phase
modulations have been developed that (for example) cre-
ate a double-helically arranged PSF or a self-bending PSF
which spans a large field of view at isotropic resolution
[1]. These three-dimensional SMLM read-out schemes
can be combined with spatially confined activation ap-
proaches based on temporal focusing [49], selective plane
illumination microscopy [50], or lattice light sheet illumi-
nation [51].
SMLM al lows for mul t i co lor imaging i f the
photoswitching mechanisms of the fluorophores used fit
together well; i.e., when they tolerate the same imaging
environment such as the same specialized switching
buffers [52–54] or a mounting medium combined with
high laser intensities [55], by employing complementary
photoactivation schemes [56, 57], or by using dye activa-
tor–reporter pairs [58]. Most multicolor approaches are
assisted by sophisticated read-out schemes [59–63]. We
discuss how to choose appropriate fluorophores to use in
a particular study and the parameters that should be taken
into account in the next section of this review, where we
introduce the basic photophysics and explain how to
switch or stabilize fluorophores.
Structural live-cell SMLM imaging of only slowly chang-
ing structures can be performed as the imaging speed is fast
compared to the phenomenon being imaged. For these struc-
tures, it is possible to capture a sufficient number of subsets of
fluorophores to fill a subdiffraction sampling space before the
structure has changed significantly. Nevertheless, a gain in
temporal resolution will always result in a loss of structural
spatial resolution caused by lower sampling, and vice versa
[55, 64–66]. Uniquely, SMLM can be combined with single-
particle tracking (SPT); unlike diffraction-limited SPT
methods, where only a strictly limited number of fluorophores
can be followed per cell to keep them separable, sptPALM
[67] is readily capable of measuring a large batch of statistics
on single-molecule tracks for the same type of molecule inside
a single cell by sequential photoactivation. It is thus possible
to obtain spatially and temporally highly resolved diffusion
maps that combine a multitude of tracks and accordingly un-
ravel possible dynamic heterogeneities and subpopulations.
sptPALM has been applied to a wide range of biological sys-
tems (some examples are given in [68–70]), and can be com-
bined with structural SMLM imaging [71]. It is nevertheless
important to note that the minimum time needed to precisely
localize a single fluorophore is influenced by imaging param-
eters such as the camera sensitivity, the minimum applicable
acquisition times (in the range of a few milliseconds), as well
as the contrast of the fluorophore (determined by its quantum
yield in the specific sample, the laser intensities, and the back-
ground noise). This means that sptPALM is only well suited to
studying slow diffusion processes, where the fluorophores
move slowly compared to the image acquisition time; it is
not applicable to processes with faster dynamics such as that
visualized in Fig. 1b.
Designing the optimal experiment
Choosing a suitable fluorophore
Normally, fluorophores reside in their most relaxed molecular
state, the electronic ground state (S0). When a fluorophore
absorbs a photon, it is excited within femtoseconds to a higher
energy state (S1, S2,…, Sn). Depending on the exact energy of
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the absorbed photon, the fluorophore can be excited to various
energy levels that correspond to its electronic, vibrational, and
rotational molecular configurations. As depicted in Fig. 3a (in
which, for simplicity, only the S0, S1, and T1 electronic states
and the vibrational states for S1 are shown), the fluorophore
then relaxes within picoseconds to the lowest level of the
excited electronic state S1, transferring its vibrational energy
to its surroundings.
The time a fluorophore spends in the lowest level of the
excited state, often called the fluorescence lifetime, is normal-
ly in the nanosecond range, though it depends on the specific
molecule and its environment. When returning to the electron-
ic ground state, nonfluorescing molecules release their energy
through nonradiative processes such as internal conversion.
Fluorophores, on the other hand, exhibit a high probability
of a radiative transition; they release energy through the emis-
sion of a single fluorescence photon. As a portion of the en-
ergy is also lost before this transition through vibrational state
relaxation, the fluorescence photon actually has a longer
wavelength than the wavelength of the photon originally
absorbed. This phenomenon is known as the Stokes shift.
Besides relaxing directly to the ground state through either
photon emission or nonradiative internal conversion, an excit-
ed fluorophore can release its excess energy by undergoing
several other intramolecular and intermolecular processes.
Such events decrease the photon yield and are collectively
termed quenching. Through the intramolecular transition pro-
cess known as intersystem crossing, fluorophores can reach an
intermediate energy state called the triplet state (T1). This pro-
cess involves flipping the spin of the excited electron, and has
a miniscule probability (i.e., it is quantum-mechanically for-
bidden) of occurring during each excitation–relaxation cycle.
The triplet state has a much longer lifetime, typically several
microseconds, during which the excited molecule remains
prone to electron transfer reactions. The result of such a reac-
tion can be a nonfluorescent radical state (F●−) in which the
fluorophore can remain for several seconds or even minutes.
Occasionally it can result in irreversible destruction of the
fluorophore through photobleaching processes, leading to a
permanent loss of fluorescence. Other dark, nonfluorescent
states can be caused by conformational changes in the chro-
mophore, the formation of complexes with other molecules, or
a collision with a molecule that is capable of receiving the
fluorophore’s surplus energy (e.g., oxygen, halogens, and
amines). Collisional quenching requires direct proximity of
the quencher molecule to the chromophore, and its rate is
drastically decreased in fluorescent proteins where the chro-
mophore is protected by its beta-sheet barrel (Fig. 3bi).
Finally, the energy of an excited fluorophore can also be trans-
ferred to another molecule by photoinduced electron transfer
(PET) or Förster resonance energy transfer (FRET), both of
which are often exploited in advanced imaging schemes that
measure interaction dynamics within or between proteins of
interest [82].
The most common types of fluorophores are fluorescent pro-
teins such as GFP (Fig. 3bi) and organic dyes such as rhoda-
mines, carbocyanines, and oxazines (Fig. 3bii). At the heart of
every fluorophore is the chromophore, a conjugated π-electron
system that gives a molecule its light-absorbing properties. A
chromophore can consist of aromatic rings as well as C=C,
C=O, or N=N bonds. Its spectral properties are determined by
the length of the conjugated electronic system, the number of
electrons, and different substituents [83]. Usually, elongation of
the conjugated system will shift the absorption maximum and
thus also the emission maximum to longer wavelengths. This
can easily be seen in cyanines, a class of fluorescent dyes with
different polymethine chain lengths. Stretching the chain from
Cy3 to Cy7 shifts the emission spectrum from green to dark red
(Fig. 3bii). Every fluorophore thus possesses a unique excitation
and emission spectrum. These spectra need to be compatible
with the available microscopic system (i.e., in terms of illumina-
tion wavelengths, spectral filter combinations, or the sensitivity
of the given detector). The excitation and emission wavelengths
should be separated by a sufficiently large Stokes shift, and, in
multicolor experiments, the chosen set of fluorophores should
exhibit sharp and defined spectra with ideally no overlap, thus
minimizing crosstalk between the different colors. Alternatively,
overlapping spectra can be separated by spectral demixing ap-
proaches, which also nicely avoid chromatic aberrations and can
allow the use of a single excitation source [60–63]. Sample spec-
ifications must also be taken into account; live cells are usually
more sensitive to irradiation with shorter-wavelength light; im-
aging for extended periods of time with light in the ultraviolet
(UV) range can lead to a range of defects in cells, from DNA
damage to death [84]. Certain biological samples exhibit pro-
nounced autofluorescence in some spectral ranges, usually in
shorter wavelengths. The majority of this background fluores-
cence is caused by aromatic amino acids (mainly tryptophan),
the phosphate chain of DNA, intracellular nicotinamide adenine
dinucleotide (NADH), and coenzymes [85]. Longer wave-
lengths of light can penetrate deeper into a tissue, making red
and near-infrared fluorophores the most suitable for imaging
thicker samples [18].
The chosen fluorophore should be as bright as possible to
ensure that sufficient signal is detected to allow it to be distin-
guished from the background. This is especially crucial for
single-molecule imaging when the fluorescence of individual
fluorophores is captured. The fluorophore’s brightness is de-
termined by its dipole orientation in relation to the excitation
light, its extinction coefficient (which quantifies how well a
6892 B. Turkowyd et al.
Fig. 3a–b Photophysics and photochemistry of fluorophores. a Left:
Jabłoński energy diagram representing energy states and transitions of a
fluorophore. S0 ground singlet state, S1 excited singlet state, T1 triplet
state, F●− radical state. Different compounds can affect brightness and
photostability or shift the fluorophore into a radical state. (i) absorption
spectra of H2O and D2O, and correlated enhancements of the
fluorescence emissions of different fluorophores in D2O versus H2O for
the visible range of light. Adapted from [72] with permission. (ii)
Cyclooctatetraene (COT) quenches the triplet state by quickly transfer-
ring fluorophores back into the ground state and thus stabilizes the fluo-
rescence. Adapted with permission from [73]. (iii) A reducing and oxi-
dizing system (ROXS) accelerates the transition of a fluorophore from its
triplet state back to the electronic ground state by performing fast sequen-
tial reducing and oxidizing steps. Adapted with permission from [74]. (iv)
The radical states of some dyes (e.g., the Alexa Fluor 488 fluorophore, as
shown in black here; red indicates the radical) possess an absorption peak
in the UV range. By exciting the radicals with UV light to higher inter-
mediate states, they can be quickly brought back down to their electronic
ground state. Adapted with permission from [75]. bDifferent fluorophore
structures: (i) Barrel structure of the photoactivatable green fluorescent
protein (paGFP) and a close-up of its chromophore. (ii) Overview of
organic dye classes. c Different photochemical and conformational
changes that affect fluorescence: (i) photoactivation of paGFP [76], (ii)
green-to-red photoconversion of mEos2 [77], (iii) reversible cis/trans-
photoswitching of Dronpa [78], (iv) cleavage of a photocage from a
rhodamine [79], (v) reversible fluorescence quenching of Cy5 by covalent
binding of a thiol [80], and (vi) reversible cyclization of rhodamine
HMSiR [81]
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fluorophore absorbs a certain wavelength), and its quantum
yield (the ratio of absorbed to emitted photons). Ideally, the
excited fluorophore would emit a single photon in every ex-
citation–emission cycle, thus exhibiting a quantum yield of 1.
However, due to the alternative process of excited-state relax-
ation described earlier, this is not the case in practice. A
fluorophore featuring a relatively low quantum yield can nev-
ertheless produce a sufficient fluorescent signal, provided that
its extinction coefficient is high enough and its rate of entry
into the excited state is maximized by applying high excitation
light intensities, leading to more rapid cycling through the
excitation–emission cycle (Fig. 3a).
A constant flux of emitted photons (i.e., the fluorophore’s
photostability) is another important factor. Fluctuations in
fluorescence can be attributed to reversible or irreversible
losses of fluorescence, and depend on the chemical properties
of the fluorophore, its environment, and the light intensities
that it is exposed to. Oxygen and reactive oxygen species play
a large role in irreversible bleaching, which is caused by a
permanent change in the molecular structure of the
fluorophore [86]. Absorption of a second photon while al-
ready in the excited state is believed to be another major cause
of photobleaching. Low irreversible bleaching rates allow for
longer measurements or at higher excitation light intensities.
Reversible losses of fluorescence are caused by transitions to
several intermediate nonfluorescent electronic or conforma-
tional states, as sketched in Fig. 3a. Minimizing the time a
fluorophore spends in these states improves the fluorescence
signal stability and increases the time that a fluorophore
spends performing its excitation–emission cycle, yielding a
more constant photon flux.
The solubility and cell permeability of fluorophores must
also be considered. Relatively few fluorophores can be
transported through a live cell membrane (these are
highlighted in Table 2) due to either size or charge constraints.
Fluorescent proteins are highly live-cell compatible but can be
a steric hindrance in some cases, and can impact cell viability
when fused to certain proteins. They have also been shown to
form artificial aggregates, depending on the abundance and
spatial organization of the target molecule [122].
Importantly, each super-resolution technique has special
demands. The most common fluorophores employed, their
properties, and (in the case of SMLM) the most popular
multi-color combinations are given in Table 2. In STED, the
molecules are constantly forced from the excited state into the
electronic ground state via stimulated emission. Fluorophores
with high extinction coefficients, high quantum yields, and
high stimulated emission cross-sections are favorable, as they
allow for the best possible contrast in the detection of the
fluorescing fluorophores left in the center of the excitation
pattern. The rate of stimulated depletion of the excited state
scales with the depletion energy applied, so fluorophores cho-
sen for STED have to be exceptionally photostable. Further,
the depletion wavelength should be carefully chosen to ensure
that it does not re-excite any of the fluorophores that are de-
pleted to the ground state. For SIM, the most crucial parame-
ters are the photostability and overall brightness of the
fluorophore, as the technique works by measuring the fluores-
cence response of a defined patterned excitation. This modu-
lation of fluorescence should be clearly detectable based on a
strong and inherently stable fluorescence signal. Since
illumination-independent fluctuations in fluorescence result
in artifacts, the use of an effective antifading agent is common
practice. Almost all modern fluorophores can be used for SIM
(which is why we do not provide a selection of SIM
fluorophores in Table 2). Finally, for SMLM techniques, rigid
control of photoswitching is crucial. The nonfluorescing dark
times of the fluorophores must be long enough to guarantee
the separation of single-molecule signals in the sample at any
time during the experiment. Even when applying algorithms
that can handle high numbers of fluorescent molecules at a
time, the techniques are easily impaired when the density of
molecules is too high [123].
The dye Alexa Fluor 647 is the fluorophore of choice in a
great majority of fixed cell SMLM studies, due to its robust
photoswitching and good photon yields. Since it is not mem-
brane permeable, ATTO 655, tetramethylrhodamine, SiR, and
Oregon Green are utilized in most live cell studies. When
multicolor imaging is desired, Alexa Fluor 568 and 532 are
often used with Alexa Fluor 647. Fluorescent proteins are
more suitable for quantitative approaches or noninvasive live
cell studies. A collection of popular fluorophores as well as
multicolor schemes is provided in Table 2. In this context,
different photoswitching strategies (as evaluated in detail be-
low) require individual optimizations such as customized spe-
cific photoactivation and photoconversion efficiencies for
convertible fluorophores that allow for sequential activation
[57] and tailored imaging buffers for selected organic dyes.
Even more complex imaging experiments involve addi-
tional considerations, such as the need to carefully choose
the spectral overlap between donor emission and acceptor
excitation for optimal FRET, the selection of appropriate strat-
egies for optimal multiphoton absorbance or when utilizing
fluorophores as biosensors [82].
Labeling strategies
Choosing a strategy to label the biomolecule of interest is a
crucial part of the experiment. Luckily, strategies suitable for
many biological applications are commercially available and,
for the best results, experiments should be planned with the
labeling strategy in mind from the very beginning. It is impor-
tant to emphasize that it is always the label attached to the
molecule of interest that is visualized, not the molecule it-
self—the signal we see on the microscope is a label’s length
away. Using large labels in combination with high resolutions
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Citrine [23] 516 529 595 m 77 000 0.76
eYFP [30] 514 527 598 m 84 000 0.61
Dronpa [31] 503 517 488 (405) m 95 000 0.85








SiR (§) [87] 652 674 775 r 100 000 0.32
ATTO 647N [22] 646 664 750 r 150 000 0.65
AberriorStar635P [29] 635 651 750-780 125 000 0.92
ATTO 594 [29] 603 626 775 r 120 000 0.85
Alexa Fluor 594 [88] 590 617 690 r 92 000 0.66
ATTO 565 [22] 564 590 640-660 r 120 000 0.9
Aberrior Star 488 [89] 503 524 585-605 64 500 0.89
Alexa Fluor 488 (§) [23] 495 519 592 r 83 000 0.92
Aberrior Star 
440SXP
[89] 432 511 590-620 33 000 0.57
SMLM



























56 000 0.84 AF 647 [90-92], ATTO 655 [53], 
Caged SiRhQ [57], Dronpa [56], 
psCFP2 [56]mEos2 (R) 573 584 405 46 000 0.66
PAmCherry1 [59] 564 595 405 m 18 000 0.46 paGFP [59] eYFP + NileRed [93],





45 000 0.5 PAmKate + PAmCherry1 [60]
Dendra2 (R) 553 573 405, 488 35 000 0.55
paGFP [95] 504 517 405 m 17 400 0.79 PAmCherry [59] PAmKate + PAmCherry1 [60],








Alexa Fluor 750 [96] 749 775 ++ c 290 000 0.12 AF 647 [97]
CF 680 [63] 681 698 - c 210 000 AF 647 (#) [62, 98, 99] CF 660C + DyLight 650 + Dy 634 
(#) [62], CF 647 + CF 568 (#) [63]
ATTO 655 (§) [100] 663 680 + o 125 000 0.3 ATTO 520 [52], mEos2 [53] PAtagRFP + paGFP [95]
SiR (§) [101] 652 674 - r 100 000 0.08 -
0.32
mEos2 [57] TMR + paGFP [102]
Alexa Fluor 647 [10] 650 665 ++ c 270 000 0.33 ATTO 520 [103], AF 532 [104, 
105], ATTO 532 [54], AF 546 [54], 
AF 568 [54], TMR [106], mEos2 
[90-92], AF 488 [91], psCFP2 [56], 
mMaple [99], ATTO 488 [107], CF 
680 (#) [62,98, 99], AF 700 (#) [61], 
AF 750 (#) [97], Dy678 (#) [108], 
Dronpa [109]
AF 568 + ATTO 488 [107]
CF 647 [110] 650 665 c 270 000 CF 680 (#) + CF 568  [63]
Cy5 [10] 646 670 ++ c 250 000 0.28
Alexa Fluor 568 [75] 578 603 + r 91 300 0.69 AF 647 [54] AF 647 + ATTO 488 [107]
CF 568 [63] 562 583 - 88 000 CF 680 + CF 647 [63]
TMR (§) [106] 557 576 - r AF 647 [106], Citrine [55] SiR + paGFP [102]
Alexa Fluor 532 [75] 532 554 + r 81 000 0.61 AF 647 [104, 105]
ATTO 520 [111] 517 538 + o 110 000 0.9 AF 647 [103], ATTO 655 [52]
Alexa Fluor 488 (§) [111] 490 519 + r 73 000 0.92 AF 647 [91] AF 647 + AF 568 [107], 
Cy3 + ATTO 532 [55],
Rhodamine 3C + AF 514 [55]
Cy5/AF 647 
readout dye pairs
[9] 670 Reporter: AF 750 [112]
Activator: Cy3 + AF 405 [112]
Reporters: Cy7 + Cy5.5 [58]
Activators: Cy3 + Cy2 + AF 405 [58]
New promising fluorophores













8 840 0.83 Lower tendency for oligomerization than mEos2.





63 400 0.84 Lower tendency for oligomerization than mEos2.





~ 80 000 0.85 Fluorescence comparable to precursor, but lower tendency for oligomerization.





Improved version of mMaple.





41 100 0.64 Reversibly photoswitchable in both colors.
NijiFP (R) 526 569 405 42 000 0.65
Skylan-S [117] 499 513 405 m 152 400 0.64 High brightness and photostability.





































Numbers are taken from the manufacturers and from [59, 77, 81, 94, 101, 113–120]
Appl Example of the use of the fluorophore for super-resolution microscopy, Exc excitation peak, Em emission peak, Act/con activation or conversion
wavelength, ε molar extinction, φ quantum yield, m monomeric, c cyanine, o oxazine, r rhodamine, (§) cell-permeable dyes
* [75, 121]; (#) spectral demixing
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can thus lead to artificial inflation of the structure [4, 5]. The
size and dipole orientation of the fluorophore and the achiev-
able labeling density directly impact the resolution attained.
High density—which requires at least an average nearest-
neighbor label distance of less than twice the sampling rate
according to the Shannon–Nyquist criterion—is necessary
Table 3 Summary of labeling strategies commonly used in super-resolution microscopy











IgG or Fab 
fragment 
[125] Up to 
20 nm
IgG: antigen-specific 
immunoglobulin G antibodies 
consisting of two identical heavy 
chains and two identical light 
chains arranged in a Y-shape.  
Fab: antigen-specific monovalent 
fragments from IgG and IgM, 
consisting of the variable regions 
of both heavy and light chains 
linked by a disulfide bond.
Classic immunofluorescence by 
primary and secondary antibody 
combination.
Requires no genetic modification of the target.
Modular, as secondary antibodies are available 
for a wide range of fluorophores.
Large tags which limit the image resolution.
Not cell-permeable, thus limiting live-cell 
staining as specialized delivery method is 
needed.
Prone to background from nonspecific labeling.
Nanobody [4, 126] ~ 3 nm Antigen-specific single variable 
domain (VHH) of single-chain 
antibody with nanomolar affinity.
Live-cell stain by recombinant 
expression of antigen-specific 
nanobody and fluorescent protein 
in living cells.
Classic immunofluorescence 
stain without the need for a
secondary antibody.
Anti-GFP nanobody is a popular stain.
Live-cell stain results in nonspecific background 
due to lack of washing.











[127] < 1 nm Not naturally occurring and 
chemically reactive cell 
component analogues, mostly 
with alkyne or azide groups for 
Huisgen cycloaddition.
Nonspecific labeling of newly 
synthesized proteins, membranes, 
nucleic acids.
Pulse labeling for a short time 
period.
Site-specific labeling of proteins 
by codon reassigment methods.
Require no genetic modification of the target for 
nonspecific incorporation.
Modular, as a large selection of fluorophores 
with reactive groups are available.
Incorporation of analogues may impact cell 
physiology.
Live-cell staining only possible for cell-













[130] < 1 nm Fluorescently labeled 
oligonucleotides
Sequence-specific 16S rRNA 
stain.
Specific gene/genetic region 
DNA stain.
RNA stain.
Highly modular: various oligonucleotides can be 
designed and coupled to a large selection of 
fluorophores.
Limited compatibility with live-cell studies due 












MitoTracker [35] < 1 nm Various small molecules that 
bind to specific targets.
Staining of fixed cells.
Live-cell staining for cell-
permeable drugs.
Large selection of drugs coupled to various 
fluorophores.
Live-cell staining only possible for cell-


















SNAP [135] ~ 3 nm Genetic fusion of ligand binding 
enzyme to protein of interest.
Stable cell line under endogenous 
promoter.
Transient plasmid with 
known/inducible expression.
Staining with ligand coupled to 
fluorophore of choice.
Large selection of ligands coupled to various 
fluorophores.
Require an additional staining step which is 
highly specific and covalent.
Genetic fusion may interfere with protein 
localization and function.
Live-cell staining only possible for cell-







[118] ~ 3 nm Genetic fusion of fluorophore to 
protein of interest.
Stable cell line under endogenous 
promoter.
Transient plasmid with 
known/inducible expression.
Live-cell imaging.
No need for staining step adding external 
fluorophores during the sample preparation.
Highly specific tag.
Genetic fusion may interfere with protein 
localization and function.
Factors like maturation time or misfolding must 
be taken into account.
Some fluorescent proteins tend to artificially 
aggregate for concentrations above a certain 
threshold.
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[124], or important sample information can be missed. Here,
we evaluate the common strategies used (see also Table 3).
Affinity-based labeling is probably the approach most
widely used across all fluorescence microscopy applications
[104, 105, 125, 139]. Antibodies can target virtually any cel-
lular component as an antigen, making the technique extreme-
ly flexible. Using combinations of primary and secondary
antibodies also makes the approach very modular.
Nevertheless, the technique suffers from several drawbacks.
First, background due to nonspecific staining is quite common
[140], and antibodies may detach from their targets when ir-
radiated with high laser intensities [141]. Second, a typical
primary and secondary antibody combination is ∼20 nm in
size, which is sufficient to cause imaging artifacts at resolu-
tions realized in super-resolution microscopy. Nanobodies [4],
∼3 nm single-variable domains of single-chain antibodies iso-
lated from cameloids, virtually eliminate this size problem.
They can also be fused to fluorescent proteins and
recombinantly expressed in live cells [126]. Aptamers—small
RNA structures that function much like antibodies and are
suitable for live-cell staining [142]—are worth mentioning,
though their use is currently limited by poor availability.
Much promise is shown by the GFP mimic family of
aptamers, which form a GFP-like chromophore when bound
to a nonfluorescent substrate [143].
Click chemistry is the term used to describe a set of reactions
that occur at high yields in aqueous environments under mild
conditions. It thus allows for effective labeling of biomolecules
based on the incorporation of unnatural analogues of amino
acids [127], nucleotides [129], or lipids [128] carrying a reactive
chemical group such as an alkyne, azide, or cyclooctene into
cellular structures. Fluorophores carrying the complementary
group can then be covalently bound via (for example) cycload-
dition [129]. Live-cell imaging is possible with some modifica-
tions [144]. This method is suitable for imaging DNA, RNA,
proteins, and membranes, and produces very low background
fluorescence but usually does not target specific biomolecules.
Genetically programmable site-specific unnatural amino acid
incorporation can be realized by codon reassignment [145, 146].
Fluorescence in situ hybridization (FISH) [130] allows
nucleic acids to be labeled by complementary oligonucleotide
probes coupled to fluorophores. The technique is often
employed with 16S rRNA complementary probes to study
microbe communities [147]. In super-resolution applications,
it is a powerful tool for studying chromatin structure and or-
ganization, gene location [148, 149], RNA localization and
quantification [148], telomere structure [150], etc. As the hy-
bridization protocols involve harsh chemical and temperature
treatments, this technique has limited live-cell compatibility.
Engineered ligand-binding enzymes which are genetically
fused to the protein of interest are the basis of protein tags such
as SNAP [135], CLIP [136], HALO [137], and eDHFR [138].
Such an enzyme label can then be stained by covalently
binding its fluorophore-bound specific ligand (benzylguanine,
benzylcytosine, chloroalkanes, and trimethoprim, respective-
ly). Such ligands can be fused to virtually any fluorophore,
which makes these tags very popular in multicolor applica-
tions [66, 95, 106].
Specific labeling options are available for several targets.
Fluorescently labeled phalloidin is a toxin commonly used as
a filamentous actin stain [87]. SiR-actin, SiR-tubulin [132], and
LifeAct [13] are live-cell cytoskeleton stains. Some fluorescent-
ly labeled lipid analogues [151] and the recently developed
mCling peptide [134] have been used as direct membrane
stains. Other target-specific drugs include organelle specific
probes such as the mitochondrion stain MitoTracker [35], the
lysosome stain LysoTracker, or the ER stain ER-Tracker [131].
All these methods require the introduction of an extrinsic
fluorophore into the cell. In fixed cells, this is usually not an
issue, and this process can be greatly facilitated by introducing
a permeabilization step in which the cell membrane or wall is
perforated. Live-cell applications necessitate the use of
membrane-permeable fluorophores such as the rhodamine
dyes SiR [101], TMR-STAR [106], and Oregon Green [66]
and, to a lesser degree, some oxazine dyes such as ATTO 655
[95]. Membrane permeability can be improved by performing
certain modifications such as fusion to a permeable peptide
[152]. Many alternative strategies for fluorophore delivery,
such as electroporation, bead loading, membrane transfer,
and micro- or nanoinjection techniques have been developed
over the years [153–157].
The discovery and subsequent cloning of green fluorescent
protein (GFP) [158] introduced the possibility of small, en-
dogenous, and inherently fluorescent labels. Fluorescent pro-
tein fusions, which require no further staining, have become a
widespread labeling strategy and are available in a variety of
colors [118]. They are highly suited to live-cell studies as long
as the cells are carefully checked for physiology after the
genetic modification. Unfortunately, they exhibit relatively
poor photostability and at best a fifth of the brightness of
organic dyes [159]. Since the resolution achievable in
SMLM increases with the square root of the amount of pho-
tons emitted by a single fluorophore, this can directly impact
the resolution of SMLM [46]. Factors such as protein folding
as well as the efficiency and velocity of chromophore matu-
ration are important and can differ depending on the environ-
ment, e.g., the presence of molecular oxygen is usually needed
for final chromophore maturation [160, 161]. Their properties
can be readily modified by changing the amino acid sequence,
and several versions have been designed to have improved
brightness and photostability [162] and switching properties
for SMLM imaging. These include photoactivatable proteins
such as paGFP [119] and PAmCherry1 [59], reversibly
switchable FPs such as Dronpa [120] and Dreiklang [163],
and photoconvertible FPs such as Kaede [164], mEos2 [77],
or Dendra2 [94]. An often overlooked factor is codon usage
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bias, and all endogenous tags, including self-labeling en-
zymes, should be codon-optimized for the organism used
[165].
Controlling the fluorescence of the sample
Robust control of the molecular states is crucial in most super-
resolution microscopy applications. Certain steps can be taken
to improve the stability, longevity, and intensity of fluores-
cence, as well as to achieve the on and off switching required
for SMLM.
Considering that most microscope cameras record with
millisecond-range exposure times, triplet-state transitions
and collisional quenching events—which occur several orders
of magnitude faster than these exposure times—are not regis-
tered as individual events but rather as a loss of signal inten-
sity. Collisional quenching is mostly avoided by imaging in
defined, impurity-free buffer solutions, though water shows
absorbance in the visible range of light due to its molecular
vibrations, as shown in Fig. 3ai. When these molecular vibra-
tions are in resonance with the emission wavelength of a
fluorophore, the fluorophore can transfer its excited-state en-
ergy to a water molecule during a collision. Heavy-water
(D2O) molecules vibrate at significantly lower frequencies
due to the presence of deuterium. Substituting water in the
imaging solution with D2O thus increases the overall photon
yield. The magnitude of fluorescence enhancement in D2O
versus H2O for a specific fluorophore thus correlates with
the spectral overlap of the light absorption of H2O with the
emission of the fluorophore, as seen for different fluorophores
in Fig. 3ai [72].
Molecular oxygen plays an important role in many of the
fluorophore’s electronic state transitions. Since the ground
state of molecular oxygen is also a triplet, it easily reacts with
a triplet-state fluorophore in an electron transfer reaction. This
can return the fluorophore to its ground state, but it also pro-
duces singlet oxygen and reactive oxygen species (ROS),
which can then cause irreversible photobleaching [86]. To
avoid the bleaching caused by a buildup of ROS, oxygen
can be removed from the imaging solution by adding enzy-
matic systems such as a combination of glucose oxidase, glu-
cose, and catalase (GLOX) [166], a mix of protocatechuate
dioxygenase and protocatechuic acid (PCA/PCD) [167], or a
system containing pyranose oxidase, glucose, and catalase
[168], as summarized in Table 4. It is worth mentioning that
it has recently been reported that most commercial glucose
oxidase preparations used in the popular GLOX system suffer
from nuclease contamination. Such contamination can cause
fluorescent background and introduce artifacts into nucleic
acid studies. Furthermore, the GLOX reaction lowers the pH
of the solution over time, while other systems do not [177].
Fast, efficient chemical oxygen removal has also been
reported to be achieved with methylene blue (MB) and
mercaptoethylamine (MEA) [170].
However, since oxygen is such an efficient triplet-state
quencher, its depletion can result in a high fraction of
fluorophores populating the triplet state, significantly
impairing the photon yield. There are several strategies that
enable us to circumvent this problem while still removing the
risk of bleaching by ROS. The first is to add the chemical
cyclooctatetraene (COT), which, much like oxygen, directly
returns triplet-state fluorophores to their ground states. As this
process significantly shortens the residence time of the
fluorophore in the triplet state, the overall fluorescence is
stabilized and intensity fluctuations are reduced, as shown in
Fig. 3aii [73, 176].
The second approach is to quench the triplet state by col-
liding the fluorophore with certain reducing agents, thus
converting it into the dark, nonfluorescent, anionic radical
form F●−, as shown in Fig. 3aiii. To do this, chemicals such
a s me rcap toe thy l amine (MEA) [176 , 178 ] , β -
mercaptoethanol (BME) [166], dithiothreitol (DTT) [111],
g l u t a t h i o n e (GSH) [ 111 ] , 6 - hyd r oxy - 2 , 5 , 7 , 8 -
tetramethylchroman-2-carboxylic acid (Trolox) [174, 179],
ascorbic acid (AA) [74], and potassium iodide (KI) [180]
can be added to the imaging buffer. However, to return to
the ground state, the F●− fluorophore must be oxidized, a task
in which oxygen again plays a crucial role. Removing oxygen
can thus lead to very long F●− dark states, a property exploited
in SMLM. Using high excitation light intensities ensures that
the fluorophores are quickly cycled into the triplet state, from
where they are promptly reduced to the dark radical state.
Cyanine fluorophores such as Alexa Fluor 647 require a pri-
mary thiol (e.g., BME, MEA, GSH, or DTT) in the switching
buffer, and undergo a thiol group addition reaction at one of
the C atoms in the π-system (Fig. 3cv) [80]. A similar effect
can be observed with a phosphine group upon the addition of
tris(2-carboxyethyl)phosphine (TCEP) [172]. Since complete
oxygen removal is impossible, the few residual oxygen mol-
ecules can stochastically oxidize individual fluorophores into
the ground state, causing the on and off fluorescence
Bblinking^ desired in SMLM. Many fluorophores develop a
distinct absorption peak at shorter wavelengths in their radical
state, likely due to disruption of the π-system. Indeed, in cy-
anine dyes, this system is thought to be practically split in two
[80]. Irradiation by UV light thus expedites the return of F●−
fluorophores to the ground state [75], as depicted in Fig. 3aiv.
Embedding samples in resin greatly suppresses collisional in-
teractions, meaning that reactivation by UV is the only means
of returning to the ground state [64], making the method via-
ble for correlative light electron microscopy [181].
Oxygen in the solution can also be replaced with an alter-
native oxidizer such as methylviologen (MV) [74] or Trolox,
which can be converted into an oxidizing quinone form upon
UV irradiation [174]. The blinking rate can be adjusted by
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fine-tuning the ratios of these compounds while keeping the
reducer at a high concentration and the oxidizer at a low con-
centration [171]. The exact concentrations heavily depend on
the redox potentials of the fluorophore–reducer/oxidizer pairs.
Since the reduction potential of the F●− state varies with the
fluorophore considered, different fluorophores can exhibit dif-
ferent blinking behaviors in the same buffer. The pH influ-
ences the redox potentials of the compounds in the solution,
so changing the pH provides yet another way of adjusting
blinking rates [111]. For some fluorophores, the reducing en-
vironment inside living cells is sufficient to induce long dark
states [106]. In some cases, oxygen removal can be omitted
and the addition of a reducer is sufficient [169].
In the cases of STED and SIM, the same strategy can be
used to stabilize the fluorescence. Provided the concentrations
of both the reducer and the oxidizer are high enough (usually
in the millimolar range), the triplet state is efficiently reduced
to a radical state that is rapidly oxidized back to the ground
state upon formation. The rapidity of this process of reduction
and oxidation significantly shortens the overall time the
fluorophore spends in nonfluorescing states. The stabilizing
effects of a reducing and oxidizing system (ROXS) such as
Table 4 Summary of labeling strategies commonly used in super-resolution microscopy













pH 7.4 - 9 
- O2
10 - 100 mM MEA AF 750 [96], CF 680 [63], CF 647 [63], AF 647 and Cy5 [10], CF 568 [63], AF 532 [106], ATTO 520 [103] [10]  
0.5 - 1% BME AF 750 [112], CF 680 [98], Cy5 readout pairs [9, 58], AF 647 [92] [58] 
10 - 100 mM GSH AF 647 [106], TMR [106] [106] 
Reducer only 
PBS/TRIS 
pH 7.4 - 9 
10 - 100 mM MEA AF 647 [54], ATTO 655 [100], AF 568 [54], ATTO 520 [111], AF 532 [105], AF 488 [111] [52, 111] 
0.5 - 1% BME ATTO 655 [100] [100] 
]961[556OTTAAAMµ05 [169] 
10 - 100 mM GSH ATTO 655 [52], ATTO 520 [52]  [52, 111] 
















pH 7.4 - 9 
- O2
500 µM AA + 25 µM MV ATTO 655 [171] [171] 
1 mM AA + 1 mM MV + 
25  mM TCEP, pH 9 




20% Vectashield + 80% (95% 
glycerol 50 mM TRIS) 
AF 647 [110], CF 647 [110]  [110] 
Mowiol 0.5% Mowiol + 50 mM DTT SiR [101] [101] 
Resin 
100% dehydration + EM resin 
gniddebme
[173] 
PVA 1% in PBS, spin coat Oregon Green [41], AF 488 [41] [41] 
Live-cell 
media 
DMEM, modified to 
not contain phenol red 
]201,55[RMT,]201[RiSenoN [55] 
100 mM GSH + GLOX AF 647 [106], TMR [106]  [106] 

















pH 7.4 - 9 
-O2
1 mM AA + 1 mM MV Triplet-state quenching and fluorescence stabilizer. [74] 




Sample mounting media that retard photobleaching, stabilize fluorescence, and can be used for longer-term 














Cyclooctatetraene 2 mM COT Direct triplet-state quenching by energy transfer. [73, 176] 
Nitrobenzyl alcohol 2 mM NBA Fluorescence enhancer and stabilizer, redox triplet quencher. [73] 
Antifading 
agents 
n-Propyl gallate 10 - 100 µM NPG Antioxidant fluorescence protectant. [176] 
1,4-Diazabicyclo 
[2.2.2]octane 
10 mM - 1 M Antifading agent. [167] 
The switching buffers section of the table includes a list of working dye/buffer combinations. Example buffer compilation: decide on buffer class (e.g.,
BReducer with –O2^), and then decide on the buffer base, the pH, oxygen removal (−O2), and the final compounds based on the fluorophore used (e.g.,
CF 680 with 10–100 mM MEA [63])
AFAlexa Fluor, –O2 oxygen removal, for the abbreviations of the chemicals, see the text or the corresponding references
* For the exact formulations of GLOX, PCD/PCA, and PCO, see the corresponding references
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that shown in Fig. 3aiii were reported before the development
of SMLM [74].
Fluorophores can also be protected from bleaching by the
addition of antioxidants such as n-propyl gallate (nPG) [176]
or antifading reagents such as nitrobenzyl alcohol (NBA),
paraphenylenediamine (PPD), 1,4-diazabicyclo[2.2.2]octane
(DABCO), and commercial products such as Vectashield,
Fluor-stop, Mowiol, or SlowFade [175, 182]. Vectashield
has also been reported to be an effective and very simple
SMLM switching medium for several dyes, acting through
an unspecified mechanism [110]. COT, NBA, and Trolox
have also been (covalently) linked to fluorophores, introduc-
ing the concept of Bself-healing^ dyes [183]. All of these
components as well as some popular SMLM buffer formula-
tions that facilitate photoswitching of common fluorophores
are summarized in Table 4.
In addition to electronic state transitions, switching is
also caused by conformational changes in the chromophore
or its surrounding environment. Three main conformation-
al blinking mechanisms exist in fluorescent proteins:
photoactivation, photoconversion, and photoswitching
[184]. In photoactivatable fluorescent proteins such as
paGFP, interactions between the chromophore and a side
chain in the beta-barrel stabilize the conjugated π-system
in a neutral nonfluorescent state. Irradiation with UV de-
carboxylates the side chain, shifting the equilibrium of the
chromophore towards its anionic state, thus making
the protein fluorescent (Fig. 3ci) [76]. Similarly,
photoconvertible fluorescent proteins such as mEos2 [77]
undergo a fluorescence wavelength shift from green to or-
ange when a peptide bond in the chromophore is cleaved
by UV irradiation, causing an extension of the π-system, as
seen in Fig. 3cii [185]. Finally, photoswitchable fluores-
cent proteins undergo reversible on and off switching as a
result of UV-induced cis/trans isomerization like that
shown for the fluorescent protein Dronpa in Fig. 3ciii.
The isomerization causes protonation changes similar to
those that occur in photoactivatable proteins, but which
result in the reversible formation of a nonfluorescent form
of the fluorophore [78]. Switching properties of fluorescent
proteins can be adjusted by modifying the amino acid se-
quence. Two interesting examples of this are IrisFP
and NijiFP [116], which can both be irreversibly
photoconverted by UV light from their initial green fluorescing
form into an orange fluorescing form, as well as reversibly
photoswitched between their fluorescing and dark state (in both
the green and the orange fluorescent forms).
Organic dyes can also be made nonfluorescent by inducing
reversible changes to the molecule through either cis/trans
isomerization [186] and the addition of certain chemical
groups [187] or reduction by NaBH4 [188] in a process called
photocaging, as seen in Fig. 3civ for a rhodamine dye [189].
Irradiation with the correct wavelength returns the molecule to
its fluorescent state [79, 189, 190]. Slow stochastic activation
followed by prompt bleaching enables the use of such dyes in
SMLM [79, 190].
The novel dye HMSiR represents a class all of its own. This
silicon-rhodamine-derived dye naturally resides in a nonfluo-
rescent cyclized form (Fig. 3cvi). It very rarely undergoes a
spontaneous change in conformation and becomes fluorescent
for a short time. Since this blinking does not require a special-
ized and probably live-cell-incompatible buffer and is inde-
pendent of the excitation light intensity, it is very suitable for
live-cell imaging [81].
The photochemical properties of individual fluorophores
are especially important when designing multicolor experi-
ments. Some fluorescent proteins need specific conditions
for proper folding or switching. PAmCherry, for example,
requires oxygen for activation, so it cannot be used in
oxygen-free buffers [53, 161]. Further, the optimal imaging
conditions of a fluorophore partially depend on its redox po-
tential; a buffer that induces blinking in one fluorophore may
stabilize another. Table 2 covers most of the working dual- and
triple-fluorophore combinations used in SMLM to date.
Super-resolved cell biology
Direct observations of the molecular processes that take
place in cells can help to advance our understanding of
life and how the complex interdependencies of single
molecules enable it. Using super-resolution microscopy,
we can follow these molecules, measure diffusion and
progress in assembly processes, and quantify the mole-
cules in subcellular structures at unrivaled spatiotemporal
resolution. Over the past decade, rapid developments in
these techniques have created a wide spectrum of ad-
vanced experimental settings that have already unraveled
several mysteries associated with cells, some of which are
depicted in Fig. 4 and are briefly summarized below.
Molecular counting and spatial organization
SMLM data is built on individual single-molecule localiza-
tions, and thus allows the absolute stoichiometry of molecules
in subcellular structures to be determined.
Here, several effects which compromise this straight-
forward strategy must be considered. First, undercounting
of molecules occurs when some molecules are not count-
ed during the experiment due to, for example, incomplete
labeling by the fluorophore, immature or misfolded genet-
ic fluorescent tags, limited photoactivation or switching
efficiencies, or insufficient algorithmic registration. The
latter problem can be resolved to some degree by using
multiemitter fitting algorithms or fluorophore density es-
timators when there are high fluorescent spot densities,
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thus decreasing the number of missed localizations [43].
Second, overcounting effects can occur when localized
local background fluctuations lead to falsely included po-
sitions, during multiple target counting by multiple
antibodies or multiple fluorescent labels, or due to multi-
ple localizations per fluorophore caused by blinking be-
havior. Uncorrected SMLM data can thus result in appar-
ent self-clustering of localizations, which tends to be
Fig. 4a–b Quantitative super-resolution microscopy. a SMLM allows
the stoichiometry of a molecule to be determined, with several over- or
undercounting effects taken into account. (i) The photochemical proper-
ties of fluorescent proteins lead to specific blinking and bleaching behav-
iors. The high-blinking and fast-bleaching behaviors shown by mEos2
(left) and Dendra2 (right), respectively, are largely determined by the
orientation of the single residue arginine 66. Reprinted with permission
from [191]. (ii) Fluorophore blinking behavior can be corrected for using
kinetic fluorophore schemes. In this strategy, the number of FliM proteins
per flagellar motor is counted in vivo. Reprinted from [192]. (iii) Spatial
organization of E. coli RNA polymerases under minimal as well as rich
growth conditions. Reprinted with permission from [193]. (iv) Maturation
of endocytic vesicles into late endosomes. Reprinted from [194]. (b)
Structural super-resolution microscopy reveals the molecular architecture
of cellular multicomponent complexes. (i) Mutual organization of various
pre- and postsynaptic proteins in relation to the proteins Bassoon and
Homer1. Reprinted with permission from [139]. (ii) Combining data from
identical particles yields a high-resolution average. Systematic SMLM
imaging of the Y-shaped subunit of the nuclear pore complex allows it
to be aligned onto the electron density of the nuclear pore (bottom).
Reprinted with permission from [104]. (iii) Aligning different pairs of
synaptonemal proteins onto a helical template yields the three-
dimensional model of the synaptonemal complex with isotropic resolu-
tion. Reprinted from [105]. Scale bars: aii and aiii 500 nm; aiv 100 nm; bi
200 nm; biii 2 μm
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misinterpreted as clustered organization of the target mole-
cule. These effects can be reduced by, for example, using a
fast-maturing one-to-one endogenous fluorescent protein fu-
sion with (engineered) low-blinking behavior. Recently, a
mechanistic study revealed that the side-chain conformation
of arginine 66 seen in Fig. 4ai is sufficient to cause the popular
fluorophores mEos2 (left) and Dendra2 (right) to either blink
or bleach, respectively. Consequently, the engineered single
mutants mEos2-A69T and Dendra2-T69A show completely
swapped behaviors [191].
To further account for miscounting effects, SMLM lo-
calizations can be tracked for fluorescent emissions span-
ning several imaging frames, weighted by known
fluorophore detection efficiencies, and statistically
corrected for fluorophore blinking [192, 194–196]. For
example, as seen in Fig. 4aii, Lee et al. introduced kinetic
fluorophore models and accessed the blinking probability
of the fluorescent protein tag in order to then count 33
molecules of FliM protein per bacterial flagellar motor
in vivo [192]. Further, the varying spatial organization of
DNA transcribing E. coli RNA polymerase for different
metabolic conditions (Fig. 4aiii) as well as the maturation
pathway of small endocytic vesicles which form at the
membrane and then develop into late endosomes in yeast
(Fig. 4aiv) have been revealed.
Cellular multicomponent structures
Using super-resolution methods, not only can individual mol-
ecules be precisely localized, but the large molecular architec-
ture of multiprotein complexes and whole organelles as well
as the organization of the genome or membrane can be
targeted in the native cellular environment. This yields de-
tailed quantitative molecular maps that capture these large
assemblies and place hundreds of different molecules into
assembled three-dimensional structures while maintaining
the high spatiotemporal resolution of the method. These struc-
tures, such as the synapse depicted in Fig. 4bi, can allow us to
advance our molecular understanding of their functions and
reveal large-scale cellular organization. In the study shown in
Fig. 4bi, various pre- and postsynaptic proteins were imaged
in relation to the N-terminal localization of the protein
Bassoon and the C-terminus of Homer1 by triple-color
SMLM, which elucidated their mutual organization in prox-
imity to the synaptic cleft. Indeed, the macromolecular assem-
blies studied so far using super-resolution techniques com-
prise an impressive list, including the nuclear pore complex,
the ESCRT transport machinery, the neuronal architecture,
focal adhesions, the centrosome and cellular division, the en-
docytosis pathway, as well as the organization of chromatin
and membrane lipid domains (see the detailed review in
[197]).
Averaging the data for super-resolved identical particles
involves combining the individual copies of the same
structure into a high-resolution average that complements
the single images. This is useful because a single image
may have some information missing due to absent affinity
labels, imperfect photoswitching of the fluorophores, or
nonisotropic resolution. Such a particle averaging strategy
can help to elucidate the compositions and organization of
macromolecular structures; for instance, the organization of
the Y-shaped nuclear pore complex (NPC) subunit
Nup107-160 was retrieved and matched with the electron
density of the cytoplasmic ring of the nuclear pore via
systematic two-dimensional SMLM imaging (Fig. 4bii)
[104]. Aligning two-color and two-dimensional SMLM
data from different pairs of synaptonemal proteins onto a
helical template yielded a three-dimensional model of the
synaptonemal complex with isotropic resolution (Fig. 4biii)
[105]. The centrosomes of Drosophila [198], yeast [199],
and humans [200] were studied by combining three-
dimensional SIM images. Thus, super-resolution microsco-
py combined with particle averaging complements current
structural biology studies, as it can target structures that
are too large for cryoelectron microscopy or when prepa-
ration for X-ray crystallography fails. In this context, tech-
niques like subtomogram averaging [201] adapted for
three-dimensional super-resolution microscopy could allow
us to resolve even more structures at higher in situ reso-
lution, and correlative interaction networks combining
super-resolved data with other (e.g., biochemical or genetic)
analyzes could lead to large systems biology approaches,
which could further refine current studies.
Live-cell imaging
Fluorescence microscopy plays a key role in revealing the
structures and functions of living cells in a minimally invasive
manner through the use of genetic tags, and thus profits great-
ly from efficient genome engineering, such as the developing
CRISPR-Cas technique [202]. For example, by applying
STED microscopy to the visual cortex of YFP-transgenic
and anesthetized (but live) mice, it has been possible to ob-
serve fine details and measure the dynamics of the tiny den-
dritic spines in vivo (Fig. 5ai) [203]. In order to improve live-
cell super-resolution microscopy strategies, new designs are
mainly focusing on three goals: accelerating the imaging
speed, lowering the phototoxicity, and expanding the field of
view in the lateral as well as vertical directions, all without
compromising the resolution. The most critical issues to ad-
dress are the laser intensities and imaging times used, which,
depending on the wavelength of the laser and the irradiation
dose, can compromise the health of the cells being studied
[141, 207, 208]. Possible solutions involve developing new
fast switching fluorophores that can be applied at lower laser
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irradiations; fluorescent proteins that are usable in the longer
(less toxic) near-infrared wavelength range, thus permitting
deep-tissue imaging; as well as protected dyes that are
shielded from the environment, similar to a fluorescent protein
barrel. Such a protective structure could then also shield the
cell from ROS and free radicals originating from photochem-
ical reactions in the proximity of the chromophore during
excitational or switching processes. New technical
implementations which optimize the use of the limited photon
budget per fluorophore as well as the imaging speed are
Fig. 5a–c Advanced dynamic and correlative super-resolution micros-
copy approaches. a Live imaging has been successfully performed on
living cells and mammals. (i) STED microscopy of the dynamics of
dendritic spines (arrows) in the visual cortex of living, YFP-transgenic,
anesthetized mouse. Reprinted with permission from [203]. (ii)
Mitochondrial fusion and fission dynamics imaged over a period of sev-
eral tens of minutes by nonlinear SIM in lattice light sheet configuration.
Reprinted with permission from [13]. b Single-particle tracking schemes
elucidate molecular diffusional dynamics. (i) High-density tracking of
AMPA receptors reveals confined nanodomains in the postsynaptic re-
gions. Reprinted with permission from [204]. (ii) In contrast, membrane-
bound GPI demonstrates a more homogeneous diffusion. Reprinted with
permission from [4]. (iii) Bayesian hidden Markov model assessment of
Hfq protein dynamics inE. coli cells.WhenmRNA synthesis is inhibited,
the fraction of Hfq-bindingmRNA (state of slowest diffusion) disappears.
Reprinted with permission from [205]. c Correlative microscopy allows
diverse features of a sample to be measured. (i) STED microscopy com-
bined with atomic force microscopy (AFM) visualizes the response of the
cytoskeleton upon nanomanipulation by the AFM tip. Reprinted with
permission from [206]. (ii) Correlative PALM and electron microscopy
of the mitochondrially targeted fluorescent protein mEos4 verifies its
intact photoconversion and fluorescence under heavy osmium tetroxide
fixation. Reprinted by permission from [114]. Scales: ai 1 μm; aii 5 μm
(left) and 1 μm (right); bi 800 nm; bii 2 μm; biii 500 nm; ci 2 μm, cii
1 μm
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favored, such as methods which confine but also parallelize
the imaging bymultifocal or lattice-like excitation or allow for
multifocal detection [209–212]. New rapid and large sCMOS
detectors increase the observation volume and allow for faster
SMLM switching [3].
During the last few years it has therefore become possible
to image whole living cells and organisms over longer time-
scales. One recent implementation of various types of SIM
designs is a three-dimensional nonlinear SIM developed by
Li et al. that uses photoswitchable fluorophores combined
with lattice-lightsheet microscopy to show endocytic and cy-
toskeletal dynamics as well as the fission and fusion of mito-
chondria of whole live cells by labeling their membranes.
They resolved the intracellular dynamics at individual mito-
chondrial constrictions over a period of several tens of minutes
at a resolution of about 45 nm laterally and 170 nm vertically
(Fig. 5aii) [13].
Another technical advance that is currently being explored
is the implementation of adaptive optics to correct for aberra-
tions in large sample volumes, e.g., multicellular organisms
[213]. All three-dimensional localization microscopy algo-
rithms have been challenged to participate in a large assess-
ment, in order to evaluate their performance and identify com-
mon limitations on them. The results should ultimately guide
development work aimed at optimizing three-dimensional
SMLM resolution when studying protein ultrastructure
in vivo [214].
Following molecule diffusion dynamics
Single-particle tracking schemes directly monitor the
kinetics of intracellular processes. In combination with
photoactivatable fluorescent proteins in sptPALM, it is pos-
sible to follow the diffusion of individual proteins on cell
membranes as well as in the cytoplasm of living cells, and to
measure thousands of short single-molecule trajectories by
sequential photoactivation. High-density tracking of the
GluA1 subunits of AMPA receptors in the membranes of
dendritic spines of live hippocampal neurons has revealed
their discrete organization in 70–100 nm diameter
nanodomains, and has shown that the receptors are mainly
immobilized in the postsynapse (Fig. 5bi) [204], in contrast
to the membrane-anchored glycosylphosphatidylinositol-
GFP (Fig. 5bii). It is also possible to classify individual
trajectories by their apparent diffusion constant into distinct
states of diffusion, corresponding, for example, to different
states of binding. This allows spatial and temporal heteroge-
neities in protein properties to be resolved. These are nor-
mally hidden in ensemble averages but are highly valuable
when used in mathematical models for systems biology: by
performing Bayesian assessments of hidden Markov models
that combine the information from all short trajectories, it
has recently been shown that the diffusion constants and
state transition rates as well as the number of states in the
model can be extracted [205]. This approach has been tested
for the protein Hfq in E. coli, which mediates post-
transcriptional gene regulation by facilitating interactions
between mRNA and noncoding small RNA. The Hfq
dynamics are highly altered when transcription is blocked
using the drug rifampicin, as this decreases the mRNA level
in the cell. The state with the slowest diffusion—most likely
Hfq binding to the mRNA being transcribed—disappears,
and the fraction occupying the intermediate state decreases
substantially (Fig. 5biii).
Correlative microscopy
Correlative microscopy combines the advantages of and op-
portunities provided by different methods, and thus allows
different features of the exact same sample to be measured.
For instance, a correlative approach can combine dynamic
tracking studies with structural imaging when mapping intra-
cellular vesicle transport on the cytoskeleton [71]. Also pos-
sible is the real-time visualization of the fast responses of the
cytoskeleton of HeLa cells upon physical nanomanipulation
by an atomic force microscopy tip in correlative STED mi-
croscopy (Fig. 5ci) [206]. Another direction in correlative im-
aging is to combine the high ultrastructural resolution and
cellular context information of electron microscopy with the
specific localization of molecules in super-resolution micros-
copy (Fig. 5cii) [215]. Unfortunately, most current correlative
schemes still suffer from complex and tedious fixation proto-
cols as well as limited labeling and imaging strategies, i.e., the
cryo- or resin-covered environments used for electron micros-
copy impair the photophysics of most standard fluorophores.
However, technical implementations develop rapidly; for in-
stance, a correlative fluorescent protein tag, mEos4, which
fluoresces and photoconverts normally under heavy osmium
tetroxide fixation has recently been developed (Fig. 5c, ii)
[114], and the dye TMR has been shown to not only preserve
its fluorescence during high-pressure freezing and freeze sub-
stitution preparations, but to be able to photooxidize diamino-
benzidine (DAB) too, which then yields high electron-
microscopic contrast [173, 216].
In an optimistic but still realistic future, super-
resolution microscopy will push beyond its current limits
of routinely achieving experimental resolutions of tens of
nanometers to approach the distances of typical single-
molecule FRET measurements (2–10 nm) as well as the
structural resolution of cryoelectron microscopy and X-
ray crystallography (about 2–3 Å), which will allow us
to more directly combine the heterogeneity and dynamics
of protein complexes measured in vivo with the precise
structural information available from purified protein
complexes.
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Outlook
Over the last few decades, super-resolution microscopy has
proven its value in the life sciences, and a myriad of biological
applications of super-resolution microscopy have emerged. The
super-resolution toolbox currently consists of many diverse
methods and application strategies that complement traditional
cell biology studies as well as techniques from molecular biol-
ogy or biochemistry. Super-resolution microscopy is on its way
to becoming a standard research tool, which is leading to a huge
demand for computer-based data processing and openly avail-
able analysis software for (advanced) data evaluation, visuali-
zation, and comparison, as well as accessible, affordable, and
simple-to-use hardware implementations. Also, super-
resolution microscopy traditionally yields large volumes of mi-
croscopic data, which would ideally be stored and handled in
open-access public platforms. Whether this vision comes to
pass largely depends on the development of new algorithms
as well as open-source software and strategies for efficient
large-scale data handling.
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5 | Novel Tool for High Resolu-
tion STORM Imaging
5.1 A peptide tag-specific nanobody enables high-quality
labeling for dSTORM imaging
A peptide tag-specific nanobody enables
high-quality labeling for dSTORM
imaging
David Virant, Bjoern Traenkle,Julia Maier, Philipp D.
Kaiser, Mona Bodenhöfer, Christian Schmees, Ilijana
Vojnovic, Borbála Pisak-Lukáts, Ulrike Endesfelder and
Ulrich Rothbauer
This part of the thesis is written in the style of a manuscript and was published in Nature
Communications. I contributed to this work by designing and executing experiments, analyzing
data and writing part of the text. It presents a novel nanobody-based fluorescent labelling
system and is the first SRM tool I helped to develop. The system was effective for structural
imaging of large multi-protein assemblies such as the cytoskeleton, tracking of mobile membrane
proteins, and even quantitative measurements of bacterial ferritin complexes. It proved to be
transferable to all chosen targets. [2]
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Dense fluorophore labeling without compromising the biological target is crucial for genuine
super-resolution microscopy. Here we introduce a broadly applicable labeling strategy for
fixed and living cells utilizing a short peptide tag-specific nanobody (BC2-tag/bivBC2-Nb).
BC2-tagging of ectopically introduced or endogenous proteins does not interfere with the
examined structures and bivBC2-Nb staining results in a close-grained fluorophore labeling
with minimal linkage errors. This allowed us to perform high-quality dSTORM imaging of
various targets in mammalian and yeast cells. We expect that this versatile strategy will
render many more demanding cellular targets amenable to dSTORM imaging.
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F luorescence-based super-resolution microscopy (SRM) isbecoming increasingly applied in cell biology. Single-molecule localization microscopy (SMLM) techniques,
such as (direct) stochastic optical reconstruction microscopy ((d)
STORM) provide outstanding spatial resolutions and have
enabled unprecedented insights into the organization of sub-
cellular components1–3. However, the quality and value of SMLM
imaging can be limited due to poor photon emission or detection
efficiency, low fluorophore labeling densities, linkage errors or
steric hindrances4–6. Most current SMLM labeling approaches
employ antibodies or recombinant proteins either fused to pho-
toactivatable fluorescent proteins (FPs) or fluorogen-labeling
enzymes, such as the Halo-, CLIP-, or SNAP-tag7–10. While
conventional antibodies introduce significant linkage errors by
displacing the fluorophore from the target, large protein/enzyme
tags can affect expression, cellular localization, folding and/or
function of the respective fusion protein11–13. Although small
peptide tags, such as FLAG-, HA-, or Myc-tag14–16 are available,
those epitopes often have to be arranged in multiple arrays to
recruit medium-affine binding antibodies17 and thus do not
provide dense labeling sufficient for high-quality SRM.
Instead of using antibodies, a 15-amino-acid peptide-tag can be
visualized by high-affinity fluorescently labeled monomeric
streptavidin18, which, however, can be affected by the binding of
endogenously biotinylated proteins. Alternatively, reversibly on-
and off-binding labels in point accumulation for imaging of
nanoscale topography (PAINT) microscopy allow for a con-
tinuous and therefore ultra-high density readout as they are not
limited by a predefined fluorophore tagging pattern19. Yet, this
approach can only be used for distinguishable structures like
membranes or DNA combined with illumination-confined
arrangements, such as in surface-near or lightsheet illumina-
tions20. The visualization of other structures by PAINT approa-
ches relies on a specific labeling commonly achieved by DNA-
PAINT21, 22.
As a promising substitute for conventional antibodies, small-
sized nanobodies (antibody fragments derived from heavy-chain-
only camelid antibodies) coupled to organic dyes were recently
introduced for SRM. Nanobodies targeting native proteins, such
as components of the nuclear pore complex, tubulin, or vimentin
were described for dSTORM imaging23–25. Despite their cap-
ability to directly probe endogenous antigens, the de novo gen-
eration of gene-specific nanobodies and their validation for SRM
imaging purposes is cumbersome and time-consuming26, 27,
which is reflected by the fact that only a very limited number of
SRM-compatible nanobodies are available by now25. Due to their
applicability for nanoscopy of widely used FP-fusions, GFP-, and
RFP-nanobodies became very popular tools for SMLM28, 29.
However, this strategy relies on the correct expression of FP-
fusions and does not cope with problems arising from mis-
localization or dysfunction12, 13, 30. Thus, nanobodies directed
against short and inert tags might prove advantageous for SRM.
Here we introduce a versatile labeling and detection strategy
comprised the short and inert BC2 peptide-tag
(PDRKAAVSHWQQ) and a corresponding high-affinity biva-
lent nanobody (bivBC2-Nb) for high-quality dSTORM imaging.
We demonstrate the benefits of our approach for close-grained
fluorophore labeling with minimal linkage error of various
ectopically introduced and endogenous targets in fixed and living
cells.
Results
Development of a dSTORM suitable BC2-tag/bivBC2-Nb sys-
tem. As originally described, we first labeled the BC2-Nb at
accessible lysine residues by N-hydroxysuccinimide (NHS) ester
fluorophores, such as Alexa Fluor 647 (AF647)31. While BC2-
NbAF647 (NHS) is sufficient for wide-field microscopy (Fig. 1a, left
panel, Supplementary Fig. 1a, b), dSTORM imaging of BC2-
tagged proteins revealed a rather low-staining efficiency resulting
in inferior structural labeling coverage (Fig. 1b, left panel). Thus,
we analyzed the binding properties of a bivalent format of the
BC2-Nb (bivBC2-Nb) (Fig. 1a, right panel). We assessed its
binding kinetics by biolayer interferometry (BLI) and observed a
considerably reduced dissociation rate compared to monovalent
BC2-Nb (Supplementary Fig. 1c). Notably, this decrease in dis-
sociation rate is not caused by simultaneous binding of the
bivBC2-Nb to two BC2 epitopes as confirmed by a BLI assay
using a tandem-BC2-tag of two consecutively linked BC2 epitopes
(BC2-BC2-tag) (Supplementary Fig. 1d).
Nevertheless, antigen labeling using the bivBC2-Nb conjugated
to NHS-ester fluorophores (bivBC2-NbAF647 (NHS)) did not yield
the expected visual improvement of staining specificity (Fig. 1a,
right panel). Considering the crystal structure31, we designed a
site-directed, enzymatic coupling strategy, which should not
affect the paratope and binding properties of bivBC2-Nb. Using
the Sortase A system, we linked peptides conjugated to a single-
AF647 fluorophore in a defined 1:1 ratio to the C-terminus of
bivBC2-Nb (bivBC2-NbAF647 (sort))32, 33. This approach signifi-
cantly improved the staining specificity by a factor of two
compared to bivBC2-NbAF647 (NHS) (Fig. 1a, right panel, Fig. 1c
and Supplementary Fig. 1a, b, e). An exemplary dSTORM image
of a HeLa cell transiently expressing vimentinBC2T and stained
with the bivBC2-NbAF647 (sort) illustrates the remarkable quality of
the BC2-tag/bivBC2-Nb labeling strategy (Fig. 1b, right panel).
For a better understanding bivBC2-NbAF647 (sort) is referred to
bivBC2-NbAF647 in the following.
Since the BC2-Nb was originally developed against β-catenin34,
we assessed the influence of the background staining of
endogenous β-catenin on the labeling quality. To distinguish
background due to general unspecific staining from additional
β-catenin staining, we compared HeLa cells (not expressing any
GFP epitope) stained with a GFP-targeting nanobody (GFP-
NbAF647) to HeLa cells stained with bivBC2-NbAF647. Further, we
performed bivBC2-NbAF647 staining in HeLa cells transiently
expressing the non-structural, autophagosomal marker protein
LC3B fused to the BC2-tag (BC2TLC3B), which is - in the absence
of autophagy- homogeneously distributed throughout the cyto-
plasm. By analyzing the dSTORM data using DBSCAN cluster-
ing35, we measured a slightly increased level of 1.7 (±0.3 S.D.)
nanobodies per square micrometer for bivBC2-NbAF647 com-
pared to the unspecific background staining of 0.61 (±0.03 S.D.)
GFP-NbAF647 per µm2. However, this level is considerably lower
compared to 7.2 (±1.3 S.D.) bivBC2-NbAF647 per µm2 which we
obtained for the staining of BC2TLC3B expressing cells (Fig. 1d,
Supplementary Fig. 2a). We then compared signal intensities
derived from bivBC2-NbAF647-stained HeLa cells, which were
either left untreated or incubated with CHIR99021 (CHIR) to
accumulate endogenous β-catenin34. While immunolabeling with
a β-catenin-specific antibody showed a strong enrichment in
CHIR-treated cells (Supplementary Fig. 2b), dSTORM imaging
revealed only a minor increase of bivBC2-NbAF647 localizations
(Supplementary Fig. 2c, left panel). Moreover, in CHIR-treated
HeLa cells transiently expressing vimentinBC2T, the nanobody
signal was almost exclusively detectable at vimentin fibers
(Supplementary Fig. 2c, right panel). Overall, bivBC2-NbAF647
staining resulted in 36 (±2 S.D.) localizations per µm2 for
untreated HeLa cells, 133 (±5 S.D.) localizations per µm2 for
CHIR-treated HeLa cells, 2493 (±285 S.D.) localizations per µm2
for HeLa-vimentinBC2T cells and 2490 (±456 S.D.) localizations
per µm2 for CHIR-treated HeLa-vimentinBC2T cells (Supplemen-
tary Fig. 2d). From this we conclude that even if present at high
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levels, the BC2-epitope of β-catenin has a negligible impact on
staining of ectopically introduced antigens.
For a stoichiometric quantification of the labeling quality of the
BC2-tag/bivBC2-Nb detection system, we utilized the Escherichia
coli protein ferritin (FtnA) recently described as a homo-
oligomeric protein standard of 24 subunits36. We expressed
BC2-tagged, as well as SNAP-tagged FtnA-24mers in U2OS cells
and performed dSTORM imaging on cell lysates immobilized on
coverslips36. By measuring single-AF647 blinking events, we
obtained the parameters of the corresponding log-normal
distribution (µ= 5.68, σ= 0.4), which describes the probability
distribution of single-molecule fluorescence intensities (Supple-
mentary Fig. 3a). We then measured the fluorescence intensities
of immobilized FtnA oligomers labeled with the BC2-tag/bivBC2-
Nb or SNAP-tag system. We compared these distributions to the
expected fluorescence intensity distributions of fully labeled
FtnA-24mers, calculated from the single-molecule fluorescence
intensity distribution and the degree of labeling of each
component (Methods section). As a result, the BC2-tag/bivBC2-
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61.4% which competes with the covalent SNAP-tag FtnA-staining
efficiency of 64.7% (Fig. 1e, Supplementary Fig. 3b) and
outcompetes photoactivation/photoconversion efficiencies of
fluorescent proteins37. Notably, our observation of a rather low
efficiency of about 65% for the SNAP-tag labeling is in agreement
with reported assessments36, 38, and conference presentations by
K. Yserentant (2017).
Comparison of different labeling strategies for SMLM. As
genetic tagging of structural proteins like vimentin often impairs
their structure and function39, 40, we evaluated the influence of
the short BC2-tag on vimentin structure formation and com-
pared the BC2-tag/bivBC2-Nb detection system with established
strategies focusing on image quality and apparent organization
of the vimentin network. We performed SMLM on native
vimentin in comparison to vimentin fused to photoactivatable
mCherry (PAmCherry-vimentin), eGFP (GFP-vimentin), or the
BC2-tag (Fig. 2a, b). For our studies, we transiently expressed
the corresponding proteins for 24 h in HeLa cells followed by
chemical fixation of the cells. Native vimentin was visualized
with the recently described vimentin-specific nanobody bivVB6-
NbAF64725, 41, while PAmCherry-vimentin was mapped directly.
The other constructs were labeled with the nanobodies GFP-
NbAF647 or bivBC2-NbAF647, respectively. Image analysis of the
vimentin network visualized by the different labeling strategies
revealed considerable phenotypic differences (Fig. 2b, c; images
of all cells quantitatively analyzed Supplementary Fig. 4a–d;
analysis routine Supplementary Fig. 4e and Methods section).
94% of native vimentin fibers labeled with the bivVB6-NbAF647
showed widths lower than 150 nm. In contrast, cells with
incorporated PAmCherry-vimentin were smaller and showed a
high percentage (20%) of thick vimentin bundles above 150 nm
width, while in GFP-vimentin expressing cells more than 96% of
all detectable vimentin fibers had widths below 75 nm (Fig. 2c).
Compared to the N-terminally labeled counterparts, cells
expressing vimentin-PAmCherry displayed a highly similar
phenotype whereas cells expressing vimentin C-terminally fused
to GFP (vimentin-GFP) showed an even more severely frag-
mented vimentin network (Supplementary Fig. 5). Obviously,
both type and position of the FP affects the formation of the
vimentin network and induce altered cellular phenotypes. The
various observed morphological alterations are likely caused by
several mislocalization and self-oligomerization artifacts
induced by the different FP moieties derived either from jelly
fish (GFP) or red corals (DsRed)40, 42. Notably, no phenotypic
changes or significant differences in the abundance of fiber
widths were detected between native and BC2-tagged vimentin
(96% of all fibers below 150 nm, 4% above 150 nm; Fig. 2b, c and
Methods section).
We then assessed the SMLM image quality achievable by the
different labeling approaches. The quality is dependent on two
main factors; (i) the optical resolution dictated by the precision
with which fluorescent spots can be localized, and (ii) the
structural resolution determined by the labeling density
(coverage) and the physical distance between fluorophore
and target (linkage error). We assessed these parameters for
each analyzed fiber individually. The localization precision was
calculated by a Nearest Neighbor based Analysis (NeNA)43, the
labeling density was determined by the lengthwise fluorescent
signal coverage along each fiber, and the linkage error by
quantifying the apparent width of fibers of the smallest fiber
category. For further comparison, we calculated the Fourier
Image REsolution (FIRE) values44 (see Supplementary Note 1).
Since the readout of all three nanobody labeling strategies
relies on the same bright fluorophore (AF647), NeNA yielded
the same optical resolution statistics with a mean NeNA
localization precision of about 9–12 nm. The fluorescent-
protein PAmCherry has a lower photon yield and achieves an
average NeNA value of 17 nm (Supplementary Fig. 6). The
structural resolution as assessed by the different labeling
coverage statistics revealed significant differences (Fig. 2c,
Supplementary Fig. 6 and Methods section). For PAmCherry-
vimentin, we observed the lowest coverage among all labeling
strategies for thin fibers, and a maximum coverage of ~75% for
thick fibers, which is likely due to inefficient chromophore
formation and photoactivation. The low coverage of ~50% for
the GFP-Nb is more likely explained by a steric hindrance in
incorporating GFP-tagged molecules into the native vimentin
network, which is in line with our observation of only thin
fibers. The highest labeling coverage was observed for bivBC2-
Nb with a coverage of ~80% for fibers below 75 nm width, and
nearly full coverage of fibers exceeding a width of 150 nm. For
thin fibers it exceeds the coverage obtained with the bivVB6-
Nb for native vimentin, which might be due to a reduced
accessibility of the native epitope within assembled vimentin
filaments. To assess the impact of the size of the labeling probe
on the structural resolution, we compared our bivBC2-Nb-
based approach with conventional, monoclonal antibody
staining (Supplementary Fig. 7a). Antibody labeling resulted
in nearly complete coverage of thin vimentin fibers (>75 nm)
(Supplementary Fig. 7b), and the AF647-based readout
resulted in the same localization precision and optical
Fig. 1 Comparison and characterization of BC2-nanobody (BC2-Nb) formats for wide-field and dSTORM imaging. a Schematic illustration of the BC2-Nb
dye-conjugation strategies. Monovalent and bivalent BC2-Nbs were either conjugated with Alexa Fluor 647 (AF647) via N-hydroxysuccinimide (NHS)
ester (left panel) or linked to AF647 by enzymatic sortase coupling (right panel). Wide-field imaging of chemically fixed HeLa cells expressing mCherry-
vimentinBC2T (mCherry-VIMBC2T) stained with modified BC2-Nbs. Monovalent versions of the BC2-Nbs (NHS- and sortase-coupled) are depicted on the
left panel, corresponding bivBC2-Nbs are displayed on the right side. Stainings with NHS-conjugated nanobodies are shown in two different image
contrasts, the upper half in the same brightness and contrast as the sortase-coupled nanobodies; in the lower half with an adjusted contrast. Scale bars, 25
µm. b Representative dSTORM images of chemically fixed HeLa cells expressing vimentinBC2T, stained with the monomeric NHS-conjugated BC2-NbAF647
(NHS) (left) and the sortase-coupled bivBC2-NbAF647 (sort) (right). Scale bars, images 5 µm, insets 1 µm. Image reconstruction details are given in Methods
section. c Assessment of staining quality in wide-field fluorescence imaging. Labeling of the different nanobody formats was quantified by calculating the
ratio of the signal intensity of mCherry-VIMBC2T expressing cells to non-transfected cells (background), (BC2-NbAF647 (NHS): n= 115; bivBC2-NbAF647 (NHS):
n= 134; BC2-NbAF647 (sort): n= 150; bivBC2-NbAF647 (sort): n= 195) (Methods section, Supplementary Fig. 1). d Assessment of bivBC2-NbAF647 staining of
endogenous β-catenin. Bar chart summarizes measured nanobody per µm2 values for untransfected chemically fixed HeLa cells stained with GFP-NbAF647
or bivBC2-NbAF647 in comparison to chemically fixed HeLa cells transiently expressing BC2TLC3B stained with bivBC2-NbAF647, errors given as standard
deviation (S.D.), N= 3 cells for each condition (Methods section, Supplementary Fig. 2). e Quantification of completeness of labeling for the bivBC2-Nb
and SNAP-tag labeling systems using FtnA-oligomers of 24 subunits. Bar chart summarizes median values of FtnA-24mer fluorescence intensities as
percentage of theoretical maxima (Methods section, Supplementary Fig. 3)
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resolution statistics (Supplementary Fig. 7c). Despite the high-
labeling coverage, the antibody-mediated displacement of the
fluorophore led to an increased linkage error. Accordingly, we
measured an average width of ~55 nm for thin vimentin fibers
probed with the antibody, whereas a smaller apparent width of
~40 nm was observed with bivBC2-Nb (Supplementary
Fig. 7c).
Detection of various cellular targets with the bivBC2-Nb. Next
we analyzed whether the BC2-tag/bivBC2-Nb detection system is
transferable to other structural proteins. To test whether orien-
tation of the BC2-tag affects the incorporation of the recombinant
protein into endogenous structures, we transiently expressed
cDNAs of mouse TUBA1B, human LMNB1, or ACTB either
comprising the BC2-tag on the N- or the C-terminus in different
cell lines followed by detection with bivBC2-NbAF647. As exem-
plarily shown for tubulin alpha-1B, C-terminal addition of the
BC2-tag yielded more distinct microtubule structures compared
to the N-terminally tagged version (Supplementary Fig. 8). For
lamin B1, we observed no differences regarding the tag position
whereas ectopically expressed β-actin is only incorporated into
the actin cytoskeleton when the BC2-tag is located at the N-
terminus, which is in accordance to previously tested tagging
approaches45. dSTORM imaging of HeLa cells expressing either
laminBC2T or BC2Tactin, as well as U2OS cells transiently
expressing tubulinBC2T revealed that BC2-tagged proteins are
efficiently incorporated in the corresponding structures and could
be imaged at high-resolution reaching localization precisions of
9–12 nm as previously shown for vimentinBC2T (Fig. 3a–c, Sup-
plementary Fig. 9). As individual microtubules have a defined
diameter of 25 nm these structures serve as an experimental
benchmark for SRM24, 28, 46. Simulations on nanobody labeling of
microtubules using a maximal probe displacement of 5 nm and a
localization precision cutoff of 10 nm have yielded an apparent
fiber width of about 40 nm24, which is in perfect agreement to our
measured fiber width of 38.2 ± 9.2 nm (Supplementary Fig. 9a).
Moreover, a detailed analysis of individual actin fibers comprising
transiently expressed BC2Tactin showed comparable labeling
densities as previously obtained for vimentinBC2T (Supplementary
Fig. 9b-d).
Additionally, we used our approach to visualize non-structural
proteins, namely the autophagosomal marker protein LC3B and
the extracellular membrane marker GFP-GPI47, 48. To monitor
induction of autophagy, we co-expressed BC2TLC3B and GFP-
LC3B in HeLa or A549 cells followed by incubation with DMSO
or rapamycin to induce autophagosome formation. Wide-field
imaging of chemically fixed cells, stained with bivBC2-NbAF647,
showed a clear co-localization of GFP and nanobody signals at
defined spots in rapamycin-treated cells, indicating correct
localization of BC2-tagged LC3B at autophagosomes47, 49
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Fig. 2 Super-resolution imaging and analysis of differently labeled vimentin constructs. a Schematic illustration of labeling strategies used for comparative
SRM imaging of native or ectopically expressed vimentin. b Representative PALM/dSTORM images of chemically fixed Hela cells expressing the
corresponding constructs outlined in a or native vimentin (left panel). Insets show magnifications of representative vimentin filaments of varying thickness
(1—thick, 2—medium, 3—thin, peripheral). Scale bars, 5 µm in main images, 1 µm in insets. c Filament widths as histograms (left) with a bin size of 75 nm
(x-axis) plotted against relative fraction (y-axis). Full data are represented underneath the histograms as box+ scatter plots with the same x-axis. The box
marks the three quartiles and the whiskers mark 95% of all the data. The average lengthwise fluorophore coverage was calculated for each bin and plotted
(right) as mean filament width (black line) and standard deviation (colored area) against relative fraction covered by fluorophores (y-axis). Width and
lengthwise fluorophore coverage were analyzed for a total of 676 (bivVB6-NbAF647), 295 (PAmCherry), 724 (GFP-NbAF647), and 620 (bivBC2-NbAF647)
filaments, N= 5 cells for each condition, cells, and selected filaments are shown in Supplementary Fig. 4. Image reconstruction details are given in Methods
section
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(Supplementary Fig. 10a). Further, dSTORM imaging and
subsequent DBSCAN cluster analysis of newly formed autopha-
gosomes in BC2TLC3B expressing cells after incubation with
rapamycin revealed diameters of ~0.3–1.0 µm for these foci
(Fig. 3d, Supplementary Fig. 11, Methods section), which is in
accordance to previous findings50, 51. For BC2-tagged GFP-GPI
(BC2TGFP-GPI), we observed a clear co-localization of the
nanobody and the GFP signal at the plasma membrane in
chemically fixed HeLa cells (Supplementary Fig. 10b). Notably,
with dSTORM, we detected a defined spatial organization of
BC2TGFP-GPI, e.g., the formation of small clusters and enrich-
ment of BC2TGFP-GPI molecules at cell–cell contacts, compared
to a diffraction-limited, homogenous distribution observable by
wide-field microscopy (Fig. 3e, Supplementary Fig. 10b).
Visualization of endogenous proteins with the bivBC2-Nb. To
utilize the BC2-tag as an endogenous marker under native pro-
motor expression, we first replaced the gene coding for the
nuclear DNA-binding protein cbp1 at its endogenous loci in the
fission yeast Schizosaccharomyces pombe (S. pombe) by a
C-terminally BC2-tagged version (cbp1BC2T). Cells expressing
cbp1BC2T show growth rates comparable to wild type (wt) and
exhibit no morphological changes (Supplementary Fig. 12a, b). As
S. pombe possesses a thick cell wall and a highly packed cellular
environment, any immunofluorescence-based SRM approach
suffers from high-unspecific background and low-staining qual-
ity. Notably, by staining endogenously expressed cbp1BC2T uti-
lizing the bivBC2-NbAF647 we were now able to visualize an
endogenous nuclear protein in S. pombe by dSTORM imaging
(Supplementary Fig. 12a). Second, we stably introduced the
coding sequence of the BC2-tag under the native β-actin pro-
motor at the 5′-end of the first exon of endogenous β-actin in
HeLa and A549 cells using the CRISPR/Cas9 technology. After
monoclonal selection of cells exhibiting a heterozygous integra-
tion of BC2Tactin (HeLa-BC2TACTB; A549-BC2TACTB, Methods





















































































Fig. 3 Super-resolution imaging of transiently expressed BC2-tagged proteins in chemically fixed cells. Representative dSTORM images of a a HeLa cell
expressing BC2Tlamin, b U2OS cell expressing tubulinBC2T (filament width statistics in Supplementary Fig. 9a), c HeLa cell expressing BC2Tactin (coverage
statistics in Supplementary Fig. 9b), d HeLa cells expressing BC2TLC3B either left untreated or treated with rapamycin. Bar charts represent the degree of
clustering, given as a relative fraction of cluster points versus noise points, errors given as standard deviation (S.D.). Histograms represent cluster
diameters as determined by DBSCAN analysis with a bin size of 100 nm (x-axis) plotted against relative fraction (y-axis). Full data are represented
underneath the histograms as box+ scatter plots with the same x-axis. The box marks the three quartiles and the whiskers mark 95% of all the data. Total
number of clusters n= 342 in non-treated cells, n= 405 in treated cells, N= 3 cells for untreated cells and N= 4 cells for rapamycin-treated cells
(Supplementary Fig. 11), and e HeLa cells expressing BC2TGFP-GPI. All cells were stained with bivBC2-NbAF647 (Methods section). Scale bars, images 5 µm,
insets 1 µm. Crossed out rectangles mark the position of fiducial markers used for drift correction. Image reconstruction details are given in Methods
section
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factor β (TGFβ) and monitored the induction of actin stress fibers
by co-staining with bivBC2-NbAF647 and phalloidinAF555. As
expected, we detected the formation of stress fibers only in A549
wt and A549-BC2TACTB cells, which are described to respond to
TGFβ52 (Fig. 4a). dSTORM imaging further allowed a detailed
insight into the non-disturbed actin network (Fig. 4b). These
findings indicate that BC2-tagging of endogenous proteins is a
viable approach for SRM studies to visualize cellular targets at
endogenous levels and with minimal functional interference.
bivBC2-Nb visualizes its target proteins in living cells. To
realize the advantages of the BC2-tag/bivBC2-Nb system also for
live-cell applications, we first performed time-lapse imaging of
HeLa cells transiently expressing BC2TGFP-GPI. After addition of
bivBC2-NbAF647 to the imaging medium, we observed a fast
recruitment of the nanobody to its membrane-located antigen
(Supplementary Fig. 13a), with a saturation of the nanobody
signal within 20–30 min (Supplementary Fig. 13b). Single-particle

























Fig. 4 Visualization of endogenously expressed BC2-tagged actin labeled with bivBC2-NbAF647. a Wide-field images of chemically fixed wild-type A549
and HeLa (-wt; left panel), as well as chemically fixed A549-BC2TACTB and HeLa-BC2TACTB cells (right panel). Cells were either left untreated (0 h) or
stimulated for 48 h with TGFβ (5 ng ml−1) followed by staining with phalloidinAF555 and bivBC2-NbAF647. Scale bars, 25 µm. b dSTORM image of a
representative HeLa-BC2TACTB cell. Scale bars, image 5 µm, insets 1 µm. Image reconstruction details are given in Methods section. Imaging sequence
taken from raw data acquisition can be found in Supplementary Movie 5, assessment of AF647 photophysics under dSTORM imaging conditions can be
found in Supplementary Fig. 15
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dynamic movements of thousands of BC2TGFP-GPI molecules
along the plasma membrane in high spatial and temporal reso-
lution, e.g., the increased dynamics at cell-to-cell contact areas
(Fig. 5a, Supplementary Movies 1–4). Second, for bivBC2-Nb
staining of intracellular targets in living cells, we adapted a lipid-
based protein transfection protocol53, 54 and introduced bivBC2-
Nb conjugated to different dyes into our cell lines
HeLa-BC2TACTB and A549-BC2TACTB. Within 2 h, we observed
cellular uptake of nanobody and its accumulation at the actin
cytoskeleton irrespective of the attached fluorophore (Supple-
mentary Fig. 14a). Prolonged time-lapse imaging of live
HeLa-BC2TACTB cells for 5 h revealed a stable staining of the
cytoskeleton (Supplementary Fig. 14b). Finally, we performed
live-cell dSTORM imaging replacing AF647 with the fluorophore
ATTO655 which is currently one of the few organic dyes exhi-
biting sufficient photoswitching under physiological intracellular
conditions8. Two hours after nanobody transduction, dSTORM
imaging of the bivBC2-NbATTO655 staining revealed the intra-
cellular actin network of HeLa-BC2TACTB cells (Fig. 5b) with sub-
diffraction details as previously seen for chemically fixed
HeLa-BC2TACTB cells (Fig. 4b). We further documented the
photophysical differences in performance of the ATTO655
fluorophore, which is outcompeted by AF647 both in blinking
statistics and brightness (Supplementary Fig. 15, Supplementary
Movies 5 and 6). In summary, these data demonstrate that the
bivBC2-Nb is functional within living cells where it retains its
outstanding binding capacities allowing for live-cell dSTORM
imaging. Other recently reported protein transduction approa-
ches offer numerous alternatives to introduce the bivBC2-Nb in
various cell types for live-cell imaging of BC2-tagged
proteins41, 55–61.
Discussion
In this study, we developed and extensively characterized a
broadly applicable and transferable labeling strategy based on a
structurally minimal tag in combination with the first peptide-
specific nanobody suitable for SRM. In contrast to the widely
established GFP/GFP-Nb system28, 62 for dSTORM imaging of
fusion proteins comprising a large fluorescent moiety, the short
and inert BC2-tag allows an efficient and dense incorporation of
ectopically and endogenously expressed proteins into higher-
ordered cellular structures in mammalian and yeast cells. In
particular, it does not interfere with the native organization of
structural proteins, such as vimentin, lamin, actin, and tubulin
known to be easily compromised by large protein tags. We
demonstrated that all tested BC2-tagged proteins are efficiently
detected with a high affinity, bivalent nanobody format, robustly
labeled in a one-to-one nanobody to fluorophore ratio exhibiting
a high-labeling efficiency competing with covalent detection
systems. Together, this enables high-labeling coverage with
minimal linkage error and thus allows for genuine SRM studies of
physiologically undisturbed cellular structures. Moreover, the
bivBC2-Nb is functional in living cells where it retains its binding
capacity and labels its target structures over extended time peri-
ods, which renders the BC2-tag/bivBC2-Nb labeling system into a




















Fig. 5 Super-resolution imaging and single-particle tracking in live HeLa cells. a dSTORM image of live BC2TGFP-GPI expressing HeLa cells stained with
bivBC2-NbAF647 and insets in gray scale overlaid with single-particle trajectories of immobile (diffusion coefficient below 0.02 µm2 s−1, left) and mobile
(diffusion coefficient above 0.02 µm2 s−1, right). Color scale of diffusion coefficients is given under insets. Scale bars 10 µm in images, 2 µm in insets.
Supplementary Movies 1–4 show the recorded live BC2TGFP-GPI dynamics of the whole cell and the corresponding insets. b Live-cell dSTORM images of
two HeLa-BC2TACTB cells stained with bivBC2-NbATTO655. Wide-field fluorescence images in upper left corners. Scale bars in 10 µm, 2 µm in insets. Image
reconstruction details are given in Methods section. Imaging sequence taken from raw data acquisition can be found in Supplementary Movie 6,
assessment of ATTO655 photophysics under live cell dSTORM imaging conditions can be found in Supplementary Fig. 15
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Methods
Expression constructs. All primer sequences used for cloning are listed in a
Supplementary Table 1. The expression construct coding for vimentin N-
terminally fused to eGFP (GFP-vimentin) was previously described41. For gen-
eration of a photoactivatable (PA) mCherry (PAmCherry) fusion construct of
vimentin (PAmCherry-vimentin) the coding sequence of PAmCherry was PCR-
amplified from the pBAD/HisB-PAmCherry1 vector using the following primer
set: PAmCherry-F and PAmCherry-R. The PCR product was purified, digested
with the restriction enzymes AgeI and BglII and ligated in the AgeI/BglII sites of a
vector coding for mCherry-vimentin thereby replacing mCherry with PAmCherry.
An expression construct coding for vimentin with a C-terminal BC2-tag (vimen-
tinBC2T) was generated by the replacement of the mCherry sequence from a
mCherry-Vimentin-BC2T (mCherry-vimentinBC2T) fusion construct previously
described31. Thus, vimentinBC2T cDNA was PCR-amplified using the primer VIM-
BC2T-for and ligated into NheI and BamHI restriction sites of the template con-
struct. Constructs coding for vimentin C-terminally fused to PAmCherry
(vimentin-PAmCherry) and vimentin C-terminally fused to eGFP (vimentin-GFP)
were generated by Gibson assembly of the three following fragments: fragment 1-
pEGFP-N1 vector backbone digested with NheI and BsrGI, fragment 2- vimentin
amplified from vimentinBC2T with the primer set VIM-for and VIM-rev, fragment
3- PAmCherry amplified from PAmCherry-vimentin or eGFP amplified from
GFP-vimentin using the primer set PAmCherry/eGFP-for and PAmCherry/eGFP-
rev. Fragments were assembled using the Gibson-Assembly Master Mix (New
England Biolabs, cat. #E2611) according to the manufacturer’s protocol. An
expression construct coding for BC2-tagged β-actin (BC2Tactin) was generated by
the combination of two PCR fragments derived from an eGFP-actin construct
previously described in ref. 62. The first PCR fragment was generated using primer
BC2TActb(1)-for and BC2TActb(1)-rev. The second PCR fragment was generated
using primer BC2TActb(2)-for and BC2TActb(2)-rev. Both DNA fragments were
purified and ligated by compatible sticky ends generated by BssHII and SexAI
restriction enzymes. To generate a BC2-tagged laminB1 (BC2Tlamin) expression
construct the lamin B1 cDNA was PCR-amplified from a GFP-Lamin B1 DNA
template62 by PCR using primer BC2TLamin-for and BC2TLamin-rev and cloned
into XhoI and NheI restriction sites of pEGFP-N1 vector thus introducing the BC2-
tag sequence. The expression construct coding for C-terminally BC2-tagged lamin
(laminBC2T) was generated by the replacement of the vimentin cDNA of the above
described vimentinBC2T by lamin cDNA PCR-amplified from GFP-Lamin B1 using
the primer laminBC2T-for and laminBC2T-rev. DNA fragments were purified and
ligated by compatible sticky ends generated by NheI and BssHII restriction
enzymes. The expression construct coding for C-terminally BC2-tagged tubulin
(tubulinBC2T) was generated by substituting vimentin cDNA of the above described
vimentinBC2T with the tubulin cDNA PCR-amplified from pPAmCherry-tubulin
(addgene 31930) with primers tubulinBC2T-for and tubulinBC2T-rev using
restriction enzymes NheI and BssHII.
The expression construct coding for N-terminally BC2-tagged tubulin
(BC2Ttubulin) was generated by substituting actin cDNA of the above described
BC2Tactin with the tubulin cDNA PCR-amplified from pPAmCherry-tubulin
(addgene 31930) with primers BC2Ttubulin-for and BC2Ttubulin-rev using
restriction enzymes BssHII and BamHI. Mammalian expression construct coding
for GFP-LC3B fusion protein, was generated by insertion of LC3B cDNA into BglII
and EcoRI restriction sites of pEGFP-C1 expression vector. The expression
construct coding for N-terminally BC2-tagged LC3B (BC2TLC3B) was generated by
substituting actin cDNA of the above described BC2Tactin with the LC3B cDNA
PCR-amplified from GFP-LC3B using primers BC2TLC3B-for and BC2TLC3B-rev
using restriction enzymes BssHII and BamHI. BC2T-tagged GFP-GPI construct for
mammalian expression was generated by insertion of synthetic DNA fragment with
an ORF coding for signal peptide of human CD59 (aa 1–25), BC2-Tag, eGFP and
amino acids 92–128 of huCD59, which contains the GPI attachment site at aa 102
into BglII and NotI restriction sites of pEGFP-N2 vector DNA. Plasmids coding for
Ypet-FtnA and SNAP-FtnA were purchased from addgene (cat. #98280 and
98282). To generate the expression construct coding for BC2TYpet-FtnA, BC2T was
inserted to the N-terminus of Ypet-FtnA by PCR amplification of the complete
Ypet-FtnA plasmid using BC2TYpet-for and BC2TYpet-rev. Subsequent
recircularization of the amplified plasmid was performed using BssHII restriction
sites.
All generated expression constructs were confirmed by sequencing and SDS-
PAGE followed by western blot analysis using antibodies directed against eGFP
(ChromoTek, cat. #3H9, dilution 1:1000), mCherry (ChromoTek, cat. #6G6,
dilution 1:4000) or a BC2-Nb coupled to Alexa Fluor 647 (Thermo Fisher
Scientific, cat. #A20006) (BC2-NbAF647, dilution 1:200) as previously described31.
Bacterial expression vectors coding for the GFP-nanobody (GFP-Nb), the BC2-
nanobody (BC2-Nb), and the bivalent BC2 nanobody (bivBC2-Nb) were provided
by ChromoTek with a corresponding material transfer agreement. The bacterial
expression construct of the bivalent VB6 nanobody (bivVB6-Nb) was previously
described41. For all three constructs the original tag was replaced by a Sortase-tag
(GSLPETG) upon PCR amplification of the full plasmid using the forward primer
SorTag-Ins_for and SorTag-Ins_rev and subsequent recircularization using
terminal AgeI restriction sites. The resulting expression constructs were confirmed
by sequencing and bacterial expression followed by SDS-PAGE and immunoblot
analysis using a C-terminal anti-His antibody (ThermoFisher Scientific, cat. #R930-
25, dilution 1:1000). An expression vector coding for SortaseΔ59 (pET28a-
SrtAdelta59) was a gift from Hidde Ploegh (Addgene plasmid #51138)63.
Recombinant protein production and nanobody labeling. GFP-Nb, bivVB6-Nb,
BC2-Nb, and bivBC2-Nb all comprising a C-terminal Sortase-tag were expressed
and purified as previously described41, 64 and stored at −80 °C or immediately used
for labeling. SortaseΔ59 was expressed and purified as described63. Alexa Fluor 647
(AF647)-coupled peptide H-Gly-Gly-Gly-Doa-Lys-NH2 (sortase substrate) was
purchased from Intavis AG. Chemical dye conjugation of BC2-Nb or bivBC2-Nb
was carried out as described previously31. Briefly, purified nanobody was labeled
with the N-hydroxysuccinimide (NHS) ester activated AF647 (ThermoFisher Sci-
entific, cat. #A20006) according to manufacturer’s guidelines. After coupling,
unbound dye was removed by separation on Zeba Spin Desalting Columns
(ThermoFisher Scientific, cat. #89890). For analysis, 0.1 µg of nanobodies were
subjected to SDS-PAGE and analyzed on a Typhoon Trio (GE-Healthcare, exci-
tation 633 nm, emission filter settings 670 nm BP 30) and subsequent Coomassie
staining.
Degree of labeling (DOL, dye-to-protein ratio) was determined by absorption
spectroscopy according to the instructions provided by ThermoFisher Scientific
(stated for cat. #A20173). For BC2-Nb and bivBC2-Nb NHS-conjugated
nanobodies DOLs of 1.8 ± 0.5 and 2.1 ± 0.7 were determined.
Sortase coupling of nanobodies was performed as previously described33.
Briefly, 25 µM nanobody, 75 µM dye-labeled peptide dissolved in sortase buffer (50
mM Tris, pH 7.5, and 150 mM NaCl) and 100 µM sortase were mixed in coupling
buffer (50 mM Tris, pH 7.5, 150 mM NaCl, and 10 mM CaCl2) and incubated for 5
h at 25 °C. Uncoupled nanobody and sortase were depleted using Ni-NTA resin
(Biorad, cat. #1560131). Unbound dye was removed using Zeba Spin Desalting
Columns (ThermoFisher Scientific, cat. #89890). The dye-labeled protein fraction
was analyzed by SDS-PAGE followed by fluorescent scanning on a Typhoon Trio
(GE-Healthcare, excitation 633 nm, emission filter settings 670 nm BP 30) and
subsequent Coomassie staining. For all sortase-coupled nanobodies DOLs of 0.7 ±
0.15 were determined.
Bio-layer interferometry (BLI). The dissociation constants of BC2-Nb and
bivBC2-Nb were determined on BLItz system (Pall ForteBio). Synthetic BC2 and
BC2-BC2 (with (GGGGS)2 linker) peptides with an N-terminal biotin-DoA-DoA-
linker (Intavis AG) were immobilized on Streptavidin (SA) dip and read biosensors
(Pall ForteBio, cat. #18-5020) using a concentration of 50 µM. For kinetic mea-
surements of BC2- or bivBC2-Nbs three concentrations (120 nM, 240 nM, and 480
nM) of the Nbs in diluent buffer (1× PBS, 0.1% (w/V) BSA (Carl Roth, cat. #8076),
0.1 % (w/V) Triton X-100 (Sigma-Aldrich, cat. #T8787)) were used. Each mea-
surement was done in duplicates with an association time of 180 s followed by 240 s
dissociation in diluent buffer. Kinetic constants were determined using BLItz
software (BLItz Pro 1.2, Pall ForteBio) according to global fitting of data sets.
Cell culture and transfection. The HeLa Kyoto cell line (Cellosaurus no.
CVCL_1922) was obtained from S. Narumiya (Kyoto University, Japan), and the
A549, U2OS and COS-7 cell lines were obtained from ATCC (CCL-185, HTB-96,
CRL-1651). All cell lines were tested negative for mycoplasma using the PCR
mycoplasma kit Venor GeM Classic (Minerva Biolabs, cat. #11-1025) and the Taq
DNA Polymerase (Minerva Biolabs, cat. #53-0100). Since this study does not
include cell line specific analysis, all cell lines were used without additional
authentication. HeLa Kyoto, U2OS and COS-7 cells were cultured in DMEM
+GlutaMAX (Life Technologies, cat. #31966-021) supplemented with 10% FCS
(Life Technologies, cat. #10270-106) and 1 unit ml−1 pen/strep (Life Technologies,
cat. #15140-122). A549 cells were cultured in DMEM/F-12 (1:1) (Life Technologies,
cat. #21331-020) supplemented with 10% FCS (Life Technologies, cat. 10270-106),
1 unit ml−1 pen/strep (Life Technologies, cat. #15140-122) and 2 mM L-glutamine
(Life Technologies, cat. #25030-024). Cells were trypsinized for passaging and
cultivated at 37 °C in a humidified chamber with a 5% CO2 atmosphere. Transient
transfection of HeLa Kyoto, U2OS, and COS-7 cells with Lipofectamine 2000
(ThermoFisher Scientific, cat. #11668019) and transfection of A549 cells with
Lipofectamine LTX (ThermoFisher Scientific, cat. #15338100) was carried out
according to manufactures instruction.
S. pombe strain construction. The cloning strategy for BC2-tagging of the CBP1
gene at the C-terminus was adapted from65. The Saccharomyces cerevisiae ADH1
terminator and kanamycin resistance gene were amplified from the PAW8 plas-
mid66 using the following primer pair F_KanR_BC2 and R_KanR. ~250 bp
sequences up- and down-stream of the cbp1 gene were amplified from purified S.
pombe DNA, with the primer pairs F1_cbp1, cbp1_BC2_R1, and F2_cbp1,
R2_cbp1. Primers were designed to generate PCR products with overlapping
regions of at least 20 bp. DNA fragments were assembled with overlap-extension
PCR67, using melting temperatures of the overlapping regions as the annealing
temperature. All PCRs were performed with Q5 High-Fidelity DNA polymerase
(New England Biolabs, cat. #M0491L). Volume of 10 μl of the PCR product was
transformed into wild-type S.pombe using the Frozen-EZ Yeast Transformation II
Kit (Zymo Research, cat. #T2001), plated onto YES agar plates and incubated
overnight at 30 °C, then replica plated onto 200 μg ml−1 G418 (Thermo Fisher
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Scientific,) YES agar plates and incubated at 30 °C until single colonies were visible.
Genomic integration was confirmed by colony PCR and DNA sequencing
(Eurofins).
S. pombe cell culture. S.pombe was grown in YES medium (5 g yeast extract, 30 g
glucose, 225 mg of each l-adenine, histidine, leucine, uracil, lysine hydrochloride in
1 l of Milli-Q water) at 30 °C overnight, then inoculated into fresh YES to a starting
OD600 of 0.1, grown to an OD600 of 0.4 and collected by centrifugation. Pellets
were washed once with PEM buffer (100 mM Pipes, 1 mM EGTA, 1 mM MgSO4,
pH 6.9), then fixed for 15 min in 3.7% paraformaldehyde (PFA, Sigma-Aldrich, cat.
#F8775) in PEM, washed 3 × 10min with PEM containing 100 mM NH4Cl to
quench the fixation, then permeabilized with a 1:1 mixture of methanol and
acetone at −20 °C for 10 min. Fixed and permeabilized cells were then washed 3 ×
with PEMBAL buffer (PEM+ 1% BSA, 0.1% NaN3, 100 mM lysine hydrochloride)
and incubated in PEMBAL overnight. Before staining, cells were blocked with
Image-iT FX signal enhancer (ThermoFisher Scientific, cat. #I36933) for 1 h, then
stained for 48 h at 4 °C in PEMBAL containing ~0.5 µg ml−1 of bivBC2–NbAF647
and 0.1% Triton X-100 (Sigma-Aldrich, cat. #T8787). Finally, cells were washed 2×
with PEM containing 0.1% Tween-20 (Sigma-Aldrich, cat. #P7949), post-fixed with
4% PFA (Sigma-Aldrich, F8775) and 0.25% (w/V) glutaraldehyde (Sigma-Aldrich,
cat. #G5882) in PEM for 10 min, then washed 2× with PEM and immobilized on
poly-L-lysine coated Ibidi 8-well glass bottom slides (Ibidi GmbH, cat. #80826),
previously cleaned with a 2% solution of Hellmanex III (Helma Analytics).
CRISPR/Cas9D10A expression vector construct and HDR template. Paired
sgRNAs were designed for the ACTB (actin beta, Homo sapiens; PubMed Gene ID:
60) target gene locus using an online CRISPR gRNA design tool68, 69 and syn-
thesized as Ultramer DNA Oligonucleotides (Integrated DNA Technologies),
ACTB_sgRNA and ACTB_HDR (Supplementary Table 1).
Next, paired sgRNAs were cloned according to a previously described
procedure into a plasmid harboring Cas9D10A and a puromycin resistance
cassette70. Briefly, the sgRNA fragment were PCR amplified using sgRNA_fw and
sgRNA_rev primer thereby adding 3′ and 5′ domains homologous to plasmid
encoded hU6 promotor and gRNA scaffold sequences, respectively. The 148 bp
PCR amplicon was gel-purified and ligated at a 3:1 ratio to the 415 bp fragment
generated by BbsI digest of the pDonor_U6 plasmid (a gift from Andrea Ventura,
Addgene plasmid #69312)70 using the NEBuilder Cloning Kit (New England
Biolabs, cat. #E5520S). After treatment with Exonuclease RecBCD (New England
Biolabs, cat. # M0345L) the column purified DNA plasmid was digested over night
at 37 °C with BbsI. The linearized plasmid was then ligated into the BbsI-digested
and dephosphorylated pSpCas9n(BB)-2A-Puro plasmid (a gift from Feng Zhang,
Addgene plasmid #62987)71 using T4 DNA ligase (NEB). Single-clone derived
DNA plasmids were purified using QIAGEN Plasmid Midi Kit (Qiagen, cat.
#12145) and verified by sequencing. The homology directed repair (HDR) template
ACTB_HDR was synthesized as Ultramer DNA Oligonucleotides (IDT). HDR
templates encoded for the HDR insert carrying the intended BC2-tag knock-in
mutation flanked by left and right homology arms (each 50 bp) homologous to the
ACTB target gene locus.
Generation of BC2-tag knock-in cell lines. 1 × 106 Hela Kyoto and A549 cells,
respectively, were co-transfected at 50% confluency with 6.5 µg ACTB_HDR
template oligonucleotide and 5.5 µg cloned Cas9N_Puro_ACTB_sgRNA expression
vector construct or pEGFP plasmid (to control for transfection efficiency),
respectively. For transfection of Hela cells Lipofectamine 2000 (ThermoFisher
Scientific, cat. #11668019) and for A549 cells Lipofectamine LTX reagent (Thermo
Fisher Scientific, cat. #15338100) was used. After 24 h, cells were trypsinized and
re-plated in culture medium containing 1 µg ml−1 puromycin dihydrochloride
(Sigma-Aldrich, cat. #P8833). Forty-eight hours later mock-transfected control
cells were completely killed by the antibiotic. Puromycin-resistant cell pools were
expanded for 1 week and subsequently used for detection of CRISPR/Cas9D10A-
induced BC2-tag knock-in by immunofluorescence staining using the bivBC2-
NbAF647 and genomic PCR. Monoclonal knock-in cell lines were derived from cell
pools showing successful BC2-tag knock-in by limiting dilution.
Genomic PCR of BC2-tag knock-in cells. Genomic DNA was isolated from
puromycin-resistant cells using the QIAamp DNA Mini Kit (Qiagen, cat. #12125)
according to manufacturer’s instructions. Quantity 500 ng of purified genomic
DNA was used for PCR amplification of the integrated BC2-tag sequence from the
ACTB target gene locus using the primer ACTB_fw and BC2_rev. PCR products
were separated on 1.5% agarose gels and visualized using ethidium bromide
staining.
Immunofluorescence staining for wide-field microscopy. For immuno-
fluorescence staining ~1.5 × 104 HeLa Kyoto, U2OS cells, COS-7, or A549 cells per
well of an 8-well µ-slide (Ibidi GmbH, cat. #80826) were plated. Next day, cells
were transfected with plasmids coding for GFP-vimentin, mCherry-vimentinBC2T,
PAmCherry-vimentin, vimentin-GFP, vimentin-PAmCherry, vimentinBC2T,
BC2Tactin, BC2Tlamin, laminBC2T, BC2Ttubulin, tubulinBC2T, GFP-LC3B, BC2TLC3B,
BC2TGFP-GPI, and Ypet-FtnA or BC2TYpet-FtnA.
Twenty-four hours after transfection or in case of U2OS cells expressing
BC2Ttubulin, tubulinBC2T, Ypet-FtnA, or BC2TYpet-FtnA cells 72 h after transfection,
cells were washed twice with PBS and fixed with 3.7% w/V paraformaldehyde
(PFA) in PBS for 10 min at RT. Fixed cells were washed three times with PBS and
permeabilized with a 1:1 mixture of methanol/acetone for 5 min at −20 °C. After
three washing steps with PBS, cells were blocked with Image-iT FX signal enhancer
(Thermo Fisher Scientific, cat. #I36933) for 30 min. Subsequently cells were washed
with and stored in PBS until staining. For nanobody staining, GFP-NbAF647, BC2-
NbAF647 (NHS), BC2-NbAF647 (sort), bivBC2-NbAF647 (NHS), bivBC2-NbAF647 (sort), or
bivVB6-NbAF647 was added with a final concentration of ~50 ng ml−1 in 5% BSA in
TBS-T (0.05% (w/V) Tween) and incubated overnight at 4 °C. Unbound
nanobodies were removed by three additional washing steps with TBS-T. Images
were acquired with a MetaXpress Micro XL system (Molecular Devices) and ×40
magnification.
For staining of endogenous β-catenin, ~5000 HeLa Kyoto cells per well were
seeded in a µclear 96-well plate (Greiner Bio One, cat. #655090). Cells were either
transfected with an expression plasmid coding for vimentinBC2T or left
untransfected. Twenty-four hours after transfection cells were further left untreated
or continuously cultured in the presence of 10 µM CHIR99021 for 16 h.
Subsequently, cells were washed twice with PBS and fixed with 3.7% w/V
paraformaldehyde (PFA) in PBS for 10 min at RT. After three washing steps with
PBS, cells were permeabilized and blocked with 0.1% Triton X-100 in 5% BSA in
TBS-T for 30 min. For detection of endogenous β-catenin, cells were incubated
with an anti-β-catenin antibody (BD Biosciences, cat. #610154, dilution 1:200)
followed by detection with an Alexa Fluor 488 labeled anti-mouse-antibody
(Invitrogen, cat. #A10680, dilution 1:1000).
Generation of BC2TYpet-FtnA and SNAP-FtnA lysates. Cell lysates comprising
BC2-tagged FtnA oligomers were generated from transiently BC2TYpet-FtnA
transfected U2OS cells and immobilized on Poly-L-lysine-coated 8-well µ-slides
(Sigma-Aldrich cat. # P4707; Ibidi, cat. # 80826)36.
Staining of BC2TYpet-FtnA and SNAP-FtnA lysates. Wells of an 8-well µ-slide
(Ibidi, cat. #80826) containing lysates of BC2TYpet-FtnA and SNAP-FtnA expres-
sing U2OS cells were blocked with 10% BSA in PBS for 30 min, then with Image-iT
FX signal enhancer (ThermoFisher Scientific, cat. #I36933) for an additional 60
min. Nanobodies were diluted to ~0.5 µg ml−1 in staining (PBS, 10% BSA, 0.1% (V/
V) Triton X-100 (Sigma-Aldrich, cat. #T8787)). SNAP-Surface Alexa Fluor 647
(New England Biolabs, cat. #S9136S) was diluted to 0.1 µM in the same solution.
Volume of 200 µl of the staining solution was added to each well and stained for 6 h
at room temperature. After staining, wells were washed three times for 15 min with
PBS containing 0.1% Tween-20. The nanobody staining was post-fixed with 4%
PFA and 0.25% glutaraldehyde in PBS for 5 min to make the binding permanent.
In the case of SNAP, the binding is already covalent. Wells were then washed an
additional three times for 15 min with PBS and imaged overlaid with 300 µl of PBS.
Protein transduction. HeLa_BC2TACTB, or A549_BC2TACTB were plated at ~5000
cells per well of a µclear 96-well plates (Greiner Bio One, cat. #655090) and cul-
tivated at standard conditions. Next day, Nbs were transduced using Pro-DeliverIN
(OZ Biosciences, cat. #PI10250) according to manufacturer's protocol. Per well of a
96-well plate 0.25 µl of Pro-DeliverIN was mixed with 0.75 µg Nb and incubated for
15 min at RT. Volume of 20 µl Opti-MEM (ThermoFisher Scientific, cat.
#31985062) was added to the mixture and immediately transferred to the cell
culture medium in the well. After 2 h, medium was replaced by imaging medium
DMEMgfp-2 (Evrogen, cat. #MC102) supplemented with 10% FCS, 2 mM L-glu-
tamine and cells were imaged.
Live-cell staining and imaging. HeLa Kyoto transiently expressing BC2TGFP-GPI,
HeLa-BC2TACTB, or A549-BC2TACTB cells were plated at ~5000 cells per well of a
µclear 96-well plate (Greiner Bio One, cat. #655090) and cultivated at standard
conditions. Next day, time-lapse imaging was performed in a humidified chamber
(37 °C, 5% CO2) of a MetaXpress Micro XL system (Molecular Devices) at ×40
magnification. For live-cell staining of BC2TGFP-GPI, culture medium was replaced
without washing by live-cell visualization medium DMEMgfp-2 (Evrogen, cat.
#MC102) supplemented with 10% FCS, 2 mM L-glutamine and 1 µg ml−1 bivBC2-
NbAF647. Time-lapse imaging with 4–5 min intervals was started immediately upon
medium replacement. For live-cell staining of HeLa-BC2TACTB and
A549-BC2TACTB upon protein transduction of nanobodies, cells were washed once
with and placed in DMEMgfp-2 medium 2 h after addition of transduction mix (see
“protein transduction” section above) and imaged in hourly intervals.
Quantification of staining intensities. HeLa Kyoto cells were plated at ~5000
cells per well of a µclear 96-well plates (Greiner Bio One, cat. #655090) and
transfected with expression plasmid for mCherry-VIMBC2T. Next day, cells were
fixed and stained with the same concentration (1 µg ml−1) of monovalent or
bivalent BC2-Nbs conjugated to AF647 either by NHS conjugation or via sortase
coupling. To assess staining q uality of the different nanobody formats we calcu-
lated the ratio of the staining intensity in mCherry-VIMBC2T expressing cells and in
non-transfected cells (background). Staining intensities were determined using a
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custom-written cell identification algorithm (MetaXpress, Custom module editor).
In brief, transfected cells were identified based on cell size parameters and a
threshold setting for mCherry fluorescence intensity above local background.
Background fluorescence was defined as the average fluorescence of the remaining
image area precluding mCherry-VIMBC2T expressing cells. For statistical sig-
nificance the average fluorescence intensity of a large number of transfected cells
was determined (BC2-NbAF647 (NHS): n= 115; bivBC2-NbAF647 (NHS): n= 134;
BC2-NbAF647 (sort): n= 150; bivBC2-NbAF647 (sort): n= 195).
Immunofluorescence staining for dSTORM imaging. To achieve the higher
labeling density required for dSTORM imaging the staining protocol was slightly
modified. Cells were prepared the same way as described up to the storage step in
PBS. After storage, cells were blocked with 10% (w/V) BSA (Carl Roth, cat. #8076)
in PBS for 30 min, then additionally with Image-iT FX signal enhancer (Ther-
moFisher Scientific, cat. #I36933) for 60 min. Antibodies and nanobodies were
diluted to ~0.5 µg ml−1 in staining/permeabilization solution (PBS, 10% BSA, 0.1%
(V/V) Triton X-100 (Sigma-Aldrich, cat. #T8787)). Conventional immunostaining
was done at 4 °C for 24 h with the primary antibody (V9, mouse monoclonal,
Sigma-Aldrich, cat. #347M-1)72 followed by two washes with PBS, and then stained
at 4 °C for 24 h with the secondary antibody (donkey-anti-mouse AF647, Ther-
moFisher Scientific, cat. #A-31571). For staining with nanobodies, cells were
incubated at 4 °C for 48 h. Unbound Nbs were removed by two washes with PBS-T
(0.1% w/V Tween-20 (Sigma-Aldrich, cat. #P7949)) and samples were post-fixed
with 4% PFA (Sigma-Aldrich, cat. #F8775) and 0.25% (w/V) glutaraldehyde
(Sigma-Aldrich, cat. #G5882) in PBS for 5 min to make the binding permanent.
Finally, cells were washed twice with PBS to remove fixation solution and stored in
PBS with 0.1% (w/V) sodium azide (Carl Roth, cat. #4221) until imaging.
dSTORM imaging and post-processing. A 1:5000 dilution of fluorescent beads
(FluoSpheres 715/755, ThermoFisher Scientific, cat. #F8799) was sonicated to break
up clumps of beads. Volume of ~5 µl of the beads were added to the sample and
allowed to settle and adhere for 15 min, to serve as fiducial markers for drift
correction. Images were recorded on a customized Nikon Ti-Eclipse inverted
microscope, equipped with a CFI Apochromat TIRF ×100 objective with a
numerical aperture of 1.49 (Nikon) and an iXON ULTRA 888 EMCCD camera
(Andor). AF647 was imaged in 100 mM MEA (Sigma-Aldrich, cat. #M6500-25G)
with a glucose oxidase (Sigma-Aldrich, cat. #G2133, C100) oxygen scavenger
system73. The sample was illuminated with an OBIS LX 637 nm laser (Coherent)
which was filtered through a ZET 640/10 bandpass, modulated by an Acousto-
Optic Tunable Filter (Gooch & Housego, TF525-250-6-3-GH18) and focused by a
ZET405/488/561/640 m dichroic mirror (Chroma) onto the back focal plane of the
objective resulting in a final intensity of 2–4 kW cm−2 in the sample. The readout
was collected by blocking the laser light by the bandpass ZET405/488/561/640 and
passing through a 689/23 nm single-band bandpass filter (All filters AHF Analy-
sentechnik AG). For each dSTORM image reconstruction, 10,000–20,000 imaging
frames with an exposure time of 70 ms were recorded at a pixel size of 129 nm. The
camera, microscope and AOTF were controlled by µManager software74 on a PC
workstation. Single-molecule localizations were extracted from the movies with the
open-source software Rapidstorm 3.2.75 Drift correction was performed by custom
written Python 2.7 algorithms that extract and correct for fluorescent bead tracks.
NeNA as described in ref. 43 was done with the open-source software Lama76 on a
section of the image that contained no fiducial markers. Localizations appearing
within the radius of the NeNA value on several frames were grouped into one
localization using the Kalman tracking filter in Rapidstorm 3.2. Final images were
reconstructed at a pixel size of 10 nm. For visualization, a Gaussian blur filter was
applied in the ImageJ software using NeNA as the sigma value. dSTORM imaging
in yeast cells was performed in PEM buffer containing 10 mM MEA (Sigma-
Aldrich, M6500) and 1 mM methyl viologen dichloride hydrate (MV) (Sigma-
Aldrich, cat. #856177).
PALM imaging and post-processing. For imaging of PAmCherry-vimentin, the
sample was illuminated with an OBIS LX 561 laser (Coherent), filtered through a
ZET 561/10 clean-up filter (AHD Analysentechnik, Germany) at an intensity of
800W cm−2 and an OBIS LX 405 laser (Coherent) at intensites of ~25–5000 mW
cm−2. The readout was collected through a 610/75 bandpass filter (AHF Analy-
sentechnik, Germany). Twenty thousand imaging frames were recorded at an
exposure time of 70 ms. The number of PAmCherry molecules activated each
frame was kept at a steady rate by increasing 405 laser intensity until all of the
PAmCherry was readout. All other microscope parameters and image post-
processing remained the same as for dSTORM imaging.
Super-resolution analysis of endogenous β–catenin staining. To evaluate the
effect of endogenous β-catenin staining on dSTORM imaging of low-abundance
non-structural proteins, non-transfected HeLa and BC2TLC3B expressing HeLa cells
were fixed and stained with bivBC2-NbAF647 or GFP-NbAF647 for 48 h, imaged and
post-processed as described in the “Immunofluorescence staining for dSTORM
imaging” and “dSTORM imaging and post-processing” sections”.
Analysis was performed on non-transfected HeLa cells stained with bivBC2-
NbAF647 or GFP-NbAF647, in comparison to BC2TLC3B-expressing cells stained with
bivBC2-NbAF647. The GFP-NbAF647 staining served as a baseline of non-specific
nanobody binding. Three 15 × 15 µm ROIs for each condition were analyzed with
DBSCAN (DBSCAN parameters: ε= 40 nm; MinPts= 6)35 to identify single
nanobodies. The density of nanobodies per µm2 was calculated for each ROI and
the means of each condition plotted as bar charts with S.D. as the error.
To evaluate the effect of endogenous β–catenin staining when imaging
abundant structural proteins, non-treated and CHIR99021-treated non-transfected
and vimentinBC2T expressing HeLa cells were stained with bivBC2-NbAF647 and
imaged as described in the “Immunofluorescence staining for dSTORM imaging”
and “dSTORM imaging and post-processing” sections. Localization counts for
three cells per condition were obtained with the RapidSTORM software75 and cell
areas were measured in Fiji77. Localizations per µm2 were calculated and the means
of each condition plotted as bar charts with S.D. as the error.
Imaging of BC2TYpet-FtnA and SNAP-FtnA lysates. A 488 nm Sapphire laser
(Coherent Inc., Santa Clara, California USA) was used to excite the Ypet and the
readout was collected through a 525/50 single bandpass filter (AHF Analy-
sentechnik AG). Otherwise, the microscope setup was the same as described in the
dSTORM paragraph above. The red laser intensity was reduced to ~0.4 kW cm−2,
to avoid pixel saturation when imaging stained FtnA oligomers while still allowing
for the detection of single-AF647 molecule blinking events. In the case of BC2TYpet-
FtnA, fluorescent spots were identified by their Ypet signal. Since the SNAP-tagged
FtnA oligomers lacked the Ypet signal, they were excited with very low 640 nm
laser (>0.01W cm−2) and chosen within 2 s to avoid photobleaching. Both were
then imaged for 200 frames with an exposure time of 50 ms.
BC2TYpet-FtnA and SNAP-FtnA analysis. The fluorescence microscopy movies
were analyzed with a custom ImageJ script in the open access software Fiji77.
AF647 single-molecule blinking events were identified in the last 100 frames of the
movies. Molecules that blinked at least twice in the last 100 frames were selected in
different quadrants of the imaged area. A round ROI with a diameter of 10 pixels
was drawn around each molecule and the intensity trace of the ROI for all 200
frames was extracted. The integrated intensity value was plotted over time using the
software OriginPro (Origin Lab Corp.). Only blinking events with a clear jump in
the integrated intensity values co-inciding with a visual blink in the movie were
measured. Intensity of blinking events was measured by calculating the difference
between baseline and peak intensity of the event (Supplementary Fig. 3a). A total of
N= 157 blinking events were measured. The single-molecule integrated intensity
values were binned with a bin size of 100 AD counts, plotted as a relative frequency
histogram and fitted with the log-normal distribution function in OriginPro
(Origin Lab Corp.):







as described in ref. 78 yielding µ= 5.68 and σ= 0.4 (Supplementary Fig. 3a). FtnA-
oligomer spots were analyzed in a similar manner, with the integrated intensity
value of the diameter of 10 pixels ROI of the second frame used for further analysis.
A total of 130 BC2TYpet-FtnA spots and 89 SNAP-FtnA spots were analyzed. The
integrated intensity data was binned with a bin size of 1000 AD counts and plotted
as relative frequency histograms (Supplementary Fig. 3b). Approximating the
labeling of FtnA oligomers with AF647 molecules with a binomial distribution,
with the degree of labeling (0.7 ± 0.15 in case of the bivBC2-NbAF647 nanobody and
0.95 ± 0.05 in case of the AF647-BG) representing the p and the number of FtnA
molecules in an oligomer representing the n parameter, we could calculate the
probability for the occurrence of each labeling state (e.g., 24, 23, 22… AF647 per
oligomer). Data sets assuming full labeling were simulated by calculating the linear
combination of calibration distributions following the binomial mixture of visual
oligomeric states due to the degree of labeling by recursively convolving the single-
fluorophore log-normal distribution (µ= 5.68, σ= 0.4) using a MatLab (Math-
Works, Natick, MA-US)-based tool, as published and described in ref. 78. To
evaluate the completeness of labeling with the bivBC2-NbAF647 nanobody and the
SNAP-tag, we then compared the medians of the simulated fully labeled scenario
data sets with our measured distributions.
Image analysis of dSTORM images. A custom ImageJ script was used to measure
the widths and coverages of vimentin, actin, and tubulin fibers on reconstructed
non-blurred images. The segmented line tool in ImageJ was used to manually draw
lines along vimentin filaments and line thickness was adjusted to fit the filament.
Each image was divided into 10 × 10 µm sections and 15 random filaments were
measured in each section. Line selections were straightened using the straighten
tool and an intensity profile was plotted for each filament. To determine filament
width, the intensity profile was fitted with a Gaussian curve and the resulting sigma
value was multiplied with 2.35 to obtain the full width at half maximum (FWHM).
To determine lengthwise coverage the image was converted into a binary image
and the fraction of covered area of the middle 3 pixels was calculated. To reduce
measurement error, line selections were wobbled by 0.5 pixels in four directions
and values from all 5 measurements were averaged. To estimate image resolution,
custom written Python 2.7 (Python Software Foundation) and Fiji77 algorithms
utilizing code from the Lama software76 and GDSC SMLM ImageJ plugin (http://
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www.sussex.ac.uk/gdsc/intranet/microscopy/imagej/gdsc_plugins) were used.
NeNA localization precision43 and Fourier Image Resolution (FIRE)44 were cal-
culated for all analyzed regions. To calculate FIRE, localization files were split into
two by alternating frames (“random split” option unchecked). The threshold was
set to Fixed 1/7 and the Fourier image scale was set to a constant 16 for all analyzed
regions. Other parameters were left as default (auto image scale= 2048, sampling
factor= 1). The results were plotted using the software OriginPro (Origin Lab
Corp.).
LC3B clustering analysis. Imaging and post-processing of BC2TLC3B cells was
done as described in the “dSTORM imaging and post-processing” section. The
obtained localization files were loaded into the MatLab-based software PALMsie-
ver79. Density-based clustering analysis was performed with the density-based
spatial clustering of applications with noise (DBSCAN) algorithm (DBSCAN
parameters: ε= 50 nm; MinPts= 40)35. Three cells were analyzed for the untreated
conditions and four cells for the rapamycin-treated conditions. To compare the
degree of clustering, the ratio of non-clustered to clustered localizations was cal-
culated for each cell. Points assigned as core and border points by DBSCAN were
considered as clustered, while noise points were considered as non-clustered.
Cluster size was calculated with a custom-written Python 2.7 script, measuring the
average distance of cluster points from the cluster center of mass. Degree of
clustering results were plotted as stacked bar charts, using S.D. as the error and the
cluster sizes were plotted as histograms with a bin size of 100 nm, as well as
individual data points and box+whisker plots, the ends of the box marking the 1st
and 3rd quartiles, notch marking the median and whiskers encompassing 95% of
the data in OriginPro (Origin Lab Corp.).
Live cell dSTORM imaging. HeLa Kyoto transiently expressing BC2TGFP-GPI and
HeLa-BC2TACTB were seeded in 8-well Ibidi µ-slides to an approximate density of
7500–15,000 cells per well, cultivated for 24 h at standard conditions then sealed in
falcon tubes containing equilibrated culture medium. Upon arrival, cells were
placed in an incubator for 3 h to recover and re-equilibrate. Meanwhile, 3 µl of Pro-
DeliverIN was mixed with 9 µg of nanobody and incubated at RT for 15 min. After
incubation, 60 µl of Opti-MEM were added to the mix and transferred into culture
wells containing 300 µl of culturing medium. Cells were incubated for 2 h in the
incubator, then washed two times with pre-equilibrated imaging medium
DMEMgfp-2 without FCS. Volume of 300 µl of pre-equilibrated imaging medium
without FCS, supplemented with the appropriate STORM buffer components were
added to the wells. Well slide lids were sealed with parafilm and imaged on a
custom built piezo-electric heating stage at 37 °C.
For imaging of BC2TGFP-GPI, cells were stained with the bivBC2-NbAF647 and
the imaging medium without FCS was supplemented with filter sterilized Tris-
Hydrochloride to a final concentration of 100 mM and 10mM MEA. The
microscope setup remained as before. To record single-molecule tracks, 640 nm
laser intensity was reduced to 1–2W cm−2 and 20,000 imaging frames were
recorded with an exposure time of 40 ms. For imaging of BC2TACTB, cells were
stained with the bivBC2-NbATTO655 and the imaging medium without FCS was
supplemented with 50 µM ascorbic acid. ATTO655 was excited with 2-4W cm−2
of 640 nm laser and 20,000 imaging frames were recorded with an exposure time of
50 ms. BC2TACTB images were processed as described in the “dSTORM imaging
and post-processing” section.
Live cell image processing and analysis. Single-BC2TGFP-GPI particles were
tracked with the help of customized tracking software written in C++ and
visualized by customized software written in C++, to filter for trajectories of at
least 5 steps and group single-molecule localizations or trajectories by their
apparent diffusion coefficient (as calculated by MSD analysis). Only trajectories
with 5 or more steps were used for analysis and visualization. Single-particle tra-
jectories were grouped into immobile (diffusion coefficient <0.02 µm2 s−1) and
mobile particles (diffusion coefficient >0.02 µm2 s−1) and overlaid on top of a super
resolution image reconstructed in Rapidstorm 3.275.
General statistical analysis of vimentin, actin, and tubulin. All labeling methods
were repeated at least twice and imaged on at least two different days using the
same setup and imaging parameters. Five cells from each labeling method were
chosen based on the quality of drift correction. Cells were divided into 10 × 10 µm
quadrants and 15 filaments in each quadrant were randomly chosen for analysis by
at least two different people. All measured values were plotted as individual data
points and box+whisker plots, the ends of the box indicating the first and third
quartiles and the notch indicating the median. The whiskers encompass 95% of all
the data. To confirm that the results of the different labeling methods differ sig-
nificantly, vimentin filament widths were divided into a thin (0–75 nm), medium
(75–150 nm), and thick (150 nm and above) category on which we performed a χ2-
test of homogeneity. The total number of measured filaments was high enough to
ensure adequate test power (n-values for all conditions given in Supplementary
Fig. 4). χ2-values confirmed that the filament phenotypes for the labeling methods
do differ at a 0.001 level of significance. To confirm that the ratio of fiber thick-
nesses does not significantly differ between bivVB6-NbAF647 and bivBC2-NbAF647, a
χ2 homogeneity test was performed on the categories 0–150 nm width and 150 nm
and above, yielding a 0.001 level of significance. To test for correlation between
FIRE, NeNA and coverage values, linear regression was performed pairwise on
FIRE/NeNA, FIRE/coverage, and NeNA/coverage for all labeling methods. For
FIRE/NeNA pairs, the slope of the linear correlation fits for bivVB6-NbAF647, GFP-
NbAF647, and bivBC2-NbAF647 was significantly different from 0 at a 0.05 level of
significance, while in the case of PAmCherry it was not. Correlating FIRE and
NeNA to coverage, the slope of the linear fit was never significantly different from 0
at a 0.05 level of significance.
Data availability. The data that support the findings of this study are available
from the corresponding authors upon reasonable request.
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Abstract: Photoconversion of fluorescent proteins by blue and
complementary near-infrared light, termed primed conversion
(PC), is a mechanism recently discovered for Dendra2. We
demonstrate that controlling the conformation of arginine at
residue 66 by threonine at residue 69 of fluorescent proteins
from Anthozoan families (Dendra2, mMaple, Eos, mKikGR,
pcDronpa protein families) represents a general route to
facilitate PC. Mutations of alanine 159 or serine 173, which are
known to influence chromophore flexibility and allow for
reversible photoswitching, prevent PC. In addition, we report
enhanced photoconversion for pcDronpa variants with aspar-
agine 116. We demonstrate live-cell single-molecule imaging
with reduced phototoxicity using PC and record trajectories of
RNA polymerase in Escherichia coli cells.
Photoconvertible fluorescent proteins (pcFPs) irreversibly
change their optical properties when illuminated by specific
wavelengths. They are key for single-molecule super-resolu-
tion imaging,[1] single-molecule tracking[2] and dynamic imag-
ing.[3] Fast maturing and monomeric variants are a common
choice in quantitative fluorescence microscopy applications.[4]
Among the various fluorescent proteins available, green-to-
red pcFPs, that change their fluorescence spectra from GFP-
to RFP-type fluorescence upon near-UV illumination, have
been particularly popular, owing to their high brightness,
photostability, photoconversion contrast and the option for
imaging the initial green as well as the converted red form.[1a,b]
Green-to-red pcFPs primarily originate from stony corals
of suborder Faviina and in a few cases from closely related
soft corals and one corallimorph coral.[5] Improved versions
were derived from either naturally green-to-red converting,
non-monomeric proteins like Kaede,[6] the Eos family[7] and
Dendra2,[8] or from only green fluorescing but monomeric
proteins, which were modified into pcFPs like mKikGR[9] and
the mMaple[10] andDronpa families.[11]All green-to-red pcFPs
are monophyletically related and exhibit a very similar
chromophore structure and neighboring amino acid residues.
Green-to-red pcFPs initially fold into their green form.
The chromophores settle in a pH-dependent equilibrium
between their neutral (N) and anionic (A) state. Only the
anionic chromophore fluoresces upon 488 nm illumination
and exhibits a fluorescence maximum in the 500–520 nm
range (Figure 1a, left). 405 nm irradiation mediated photo-
conversion into the red form occurs from the neutral (non-
fluorescent) chromophore state (Figure 1a, left). While the
exact mechanism is still under debate, it was shown to involve
the cleavage of the histidine 62 Na@Ca bond (numbering
according to Aequorea victoria GFP) and the formation of
a Ca@Cb double bond in the histidine 62 side chain, which
extends the delocalized p-electron system of the His-Tyr-Gly
tripeptide chromophore (Figure 1a(ii)).[12] The anionic state
of the red form fluoresces with a maximum in the 570–590 nm
range upon 561 nm illumination (Figure 1a, right). Dendra2
has shown to also photoconvert from its anionic green
chromophore when irradiated by 488 nm light, but at
a reduced efficiency.[8]
However, a novel switching mechanism, termed primed
conversion (PC), using combined illumination at 488 nm and
near-infrared light at 700–800 nm has recently shown to be
very efficient for Dendra2 although it was poor for mEos2.[13]
This mechanism is of particularly high interest for live-cell
microscopy, as it avoids phototoxic illumination by 405 nm
light.[13–14] The exact mechanism is not yet understood, but pH
dependence and 488 nm irradiation hint at an excitation of
the anionic green chromophore from which it is “primed” into
a millisecond long intermediate state, followed by a conver-
sion into the red chromophore induced by irradiation with
near-infrared light[13–14] (Figure 1a(i)).
As the Anthozoan pcFPs only differ slightly among each
other, we were able to identify several amino acid residues
which we expected to be critical for PC by systematically
comparing their structural characteristics and photophysical
behavior as reported in the literature (see Figure S1a in the
Supporting Information).
Of particular interest was residue 69, as it was shown that
Dendra2 and mEos2 interchange their photophysical proper-
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ties (i.e. their brightness, photoblinking and -bleaching
behavior) when transposing residue 69 in the variants
mEos2-A69T and Dendra2-T69A.[15] Crystal structures
reveal that this can be explained by the altered conformation
of arginine 66 which interacts with the chromophore and
glutamate 212.[15] The latter is responsible for redox-induced
photobleaching by decarboxylation.[15]We thus tested mEos2-
A69T for PC which indeed efficiently photoconverts under
488/730 nm light, while Dendra2-T69A does not (Fig-
ure S1b(i)).
We then generated threonine 69 variants for several pcFPs
(Table S1) and found them capable of PC while their originals
(with alanine or valine 69) were not (Figure 1b, Figure S1b).
The mMaple family, which already contains threonine 69,
naturally shows PC (Figure 1b).
When investigating the properties of the threonine 69
pcFPs variants, we found them to exhibit a lower extinction
coefficient and a hypsochromic shift of absorption and
emission maxima of about 10 nm, compared to the alanine
or valine 69 variants (Table 1, Table S2). Their pKa values are
Figure 1. a) Photoconversion of green-to-red pcFPs. The green chromophore of pcFPs absorbs in the near-UV range in its neutral (N) and in the
blue range in its anionic (A) form (left, i–iii)). Fluorescence occurs from the excited anionic state (A*) with a maximum at about 500–520 nm (left,
colored in green). A light-induced cleavage of the fluorophore backbone extends the chromophore which then absorbs in the blue range in its
neutral and in the green/orange range in its anionic form. The latter emits orange/red fluorescence in the range of 570–590 nm (right, colored in
red). UV-light mediated photoconversion (violet dashed arrow) starts from the neutral state, whereas PC (blue dashed arrows) originates from the
anionic form which can be “primed” into a millisecond long intermediate state. By additional irradiation with near-infrared 730 nm light, the
chromophore is converted into its red form. b) 488/730 nm photoconversion ability of pcFPs from different protein families. Protein variants of
different families were irradiated by 488/730 nm to characterize their ability to undergo PC by measuring the increase in red fluorescence. Insets
show the fluorescence increase of transiently overexpressed free pcFPs upon 488/730 illumination in single Escherichia coli cells.
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higher as the imidazolinone moiety of the chromophore is no
longer stabilized by the repositioned arginine 66 residue
(Figure S1c(i), Figure S2). These findings are consistent with
reported data.[11b,15]
The PC rate, as measured for Dendra2, increases with the
applied laser intensities, but the PC efficiency drops at higher
488 nm intensities, probably due to photobleaching (Fig-
ure S3a,b). 405 nm-mediated photoconversion generally
dominates the lower and PC the higher pH range (Fig-
ure S3c). This can be related to the ratio of near-UV light
absorbing neutral chromophores and blue light absorbing
anionic ones dependent on the pKa value of the hydroxy-
phenyl group of the chromophore. We do not, however, find
a one-to-one correlation. In agreement with previous studies,
the rate of conversion instead seems to be determined by the
local pKa values of several residues close to the chromophore
which form an internal charge network and are directly
involved in the photoconversion mechanism.[11b,16]
To investigate the intermediate state possibly induced by
488 nm irradiation and suspected to be the entry point for
730 nm mediated photoconversion in Dendra2,[13] we probed
its expected half-life in threonine 69 pcFPs by delaying the
conversion laser by 0–30 ms in relation to the 488 nm laser
pulse. In all FPs, the attained fluorescence intensity of the
converted fluorophores decreased exponentially when pro-
longing the delay and was consistent with a 4–5 ms half-life of
the intermediate state (Figure S4).
An advantage of all threonine 69 variants is an increased
photostability, as we found their loss of fluorescence to be
significantly slower for both their green and red form,
enabling longer imaging times (Table 1 and Figure S3d).
Furthermore, they also convert to some extent when using
640 nm instead of 730 nm light and under 488 nm light only
(Figure S3e). For 640 nm illumination, this reduces efficiency
by 55–75% but it makes them, like Dendra2,[17] accessible to
fluorescence microscopes equipped with a red laser source.
We then investigated whether mutations that introduce
chromophore flexibility and allow for cis–trans isomerization
may interfere with the PC mechanism, as reversible off-
switching from the fluorescent cis- to the non-planar, dark
trans-isoform is facilitated by 488 nm illumination.[16a,18] For
reversible photoswitching NijiFP (=Dendra2-F173S) and
Dendra2-M159A we did not observe any 488/730 nm medi-
ated photoconversion (Figure S1b(ii), c (ii)).
We hypothesized that the inability of mKikGR-V69T,
mMaple and mMaple3 to undergo efficient PC (Figure 1b,
Figure S3c(iii,iv)) is related to valine 157 and a possibly
twisted or trans-chromophore dark state.[19] As mMaple3 is
a monomeric, bright fluorophore and thus a good choice for
super-resolution studies (Figure S8), we constructed
Table 1: Properties of green-to-red pcFPs capable of PC.[a]


















































































































































































[a] Table summarizing the properties of green-to-red pcFPs which can by photoconverted by 488/730 nm illumination. Listed are their key
photophysical properties with lexc—excitation wavelength; lem—emission wavelength; e—molar extinction coefficient at pH 7.5; F—fluorescence
quantum yield; k488/730nm—photoconversion rate for ensemble measurements at pH 8 (Figure S3); relative photon counts of fluorescence spots in
single molecule experiments in relation to Dendra2 (Figure S8) and t0.5*int—time of 50% intensity loss when irradiated by 488 nm or 561 nm light,
respectively at pH 7.5 in relation to Dendra2 (Figure S3e). Furthermore, their genetic background, oligomeric state (m—monomeric; t—tetrameric),
the pKa values of the chromophores (Figure S2) as well as the optimal pH for 405 nm and 488/730 nm light-mediated photoconversion are given
(Figure S3). Values are either from the literature as labeled or were measured in this study. ND—not determined.
Angewandte
ChemieCommunications
11636 www.angewandte.org T 2017 Wiley-VCH Verlag GmbH & Co. KGaA, Weinheim Angew. Chem. Int. Ed. 2017, 56, 11634 –11639
mMaple3-V157I. Unfortunately, mMaple3-V157I lost fluo-
rescence brightness. However, the comparatively high ratio
between the maximal red fluorescence intensities attained by
488/730 nm and 405 nm conversion, respectively suggests
a higher PC efficiency for the mutant (Figure S3c(iii)).
As all photoswitching GFP-type FPs[11b,19a,c,20] and also the
green forms of mEos2 and Dendra2[15–16] are reported to enter
temporary, UV-reversible dark states upon 488 nm illumina-
tion, we measured the liability of all pcFPs to do so and
compared the results to their ability to undergo PC. We found
the green fluorescence of all pcFPs to decrease significantly
under extended moderate 488 nm illumination (Figure S5).
Subsequent UV illumination restored 60–100% of the lost
intensity, demonstrating that a large fraction of pcFPs had
entered reversible dark states (Figure S5b). Remarkably, the
fluorescence of all pcFPs not capable of PC rapidly dropped
to the background level, whereas all FP variants that can
undergo PC decayed more slowly and retained significant
fluorescence after 60 s of 488 nm illumination (Figure S5). As
the recovery was equal or larger for non-PC-converting
pcFPs, this difference cannot be explained by increased
photobleaching or -conversion of the latter (Figure S5).
Instead, the experiment suggests an increased tendency for
non-PC-converting pcFPs to enter seconds to minutes long,
by 405 nm-light reversible dark states which also relates to the
observed difference in photostability (Figure S3d).
We then focused on the residues close to the chromophore
which are described to be involved in UV-light mediated
photoconversion.[12] pcDronpa-A69T possesses tyrosine 116,
a position identified as critical for enhanced photoconver-
sion,[11b,12d,21] and has been reported as non-converting under
405 nm illumination.[11b] We wondered whether pcDronpa-
A69T may photoconvert under 488/730 nm light and indeed
found moderately effective PC (Figure S1b(iii), c (iii), Fig-
ure S3c(v)). We then mutated tyrosine 116 to asparagine,
a common amino acid for efficiently converting pcFPs, which
significantly improved PC and restored 405 nm photoconver-
sion (Figure 1b).
For Dendra2, the only pcFP exhibiting PC with glutamine
116 (Figure S1a,c (iii)), we generated Q116N and Q116Y
mutants. We hypothesized that changes to the charge network
surrounding the Dendra2 chromophore (S105/Q116), which
differs from all other pcFPs (N105/N116), would affect the
photoconversion capability. Indeed, the mutants neither
showed UV- nor PC photoconversion but displayed photo-
switching dynamics comparable to only UV-converting pcFPs
(Figure S5). A further mutation to Dendra2-S105N-Q116N
mimics the N105/N116 network and restored photoconver-
sion, but at a significantly lower level than for Dendra2
(Figure S1b(iii)). This might hint at a reduced chromophore
stability of the mutant.
In conclusion, the ability of pcFPs to undergo PC critically
depends on threonine 69 which controls the conformation of
arginine 66. A short, milliseconds long intermediate state
appears to be the entry point into the PC mechanism. PC
appears to be in direct competition with the FP’s tendency to
photoswitch into a long-lasting dark state reversible by
405 nm light (Figure S6). This explains the immediate
dependency of PC on the conformation of arginine 66[15] as
well as the (partial) suppression of PC in NijiFP, Dendra2-
M159A or the Eos proteins with alanine 69 as well as
mKikGR-V69T and the mMaple family. Changes to the
amino acid network known to be involved in the UV-light
mediated photoconversion process seem to affect PC and UV
conversion efficiency equally, suggesting similar charge trans-
fer processes inducing the backbone cleavage. However, as in
the case of pcDronpa-A69T, (moderately efficient) PC might
be possible when UV conversion is not.
Finally, we tested whether the new pcFPs can be applied
advantageously in single-particle tracking photoactivated
localization microscopy (sptPALM).[22] sptPALM imaging
typically involves irradiation of the probe by 405 nm light
for FP photoconversion and 561 nm light for fluorescence
read-out. We investigated whether PC, involving 488/730 nm
instead of 405 nm irradiation, might reduce photoinduced
damages to the probe which primarily depend on the applied
laser intensity and wavelength.[23] We recorded single-mole-
cule trajectories (i.e. individual molecules traced through
several images) of RNA polymerases tagged with Dendra2 in
living Escherichia coli cells under common sptPALM con-
ditions and monitored their growth before and after
sptPALM imaging by recording brightlight movies for several
hours (Figure 2a and Videos S1–6). Cells, for which the
single-molecule dynamics were recorded over 6 minutes using
PC-photoconversion, resembled control cells which were only
irradiated by the 561 nm read-out laser for the same period.
Both exhibited a high percentage of cells which continue to
grow normally. Cells whose single-molecule dynamics were
imaged by 405 nm photoconversion showed an already
significantly reduced cell survival after only 4 minutes of
sptPALM imaging and a significant fraction of cells which
paused their growth for 2–3 hours (Figure 2b and Videos S1–
6). For PC experiments, the continuous 561 nm read-out
turned out to be the most limiting factor for cell viability. The
impact of its accumulating illumination dose becomes severe
after 8 minutes of sptPALM imaging at critical doses similar
to doses observed before.[23]
We then assessed the quality of the sptPALM data. PC
yielded more trajectories at slightly lower conversion inten-
sity whereas the obtained trajectory lengths and spot inten-
sities for both modes were comparable (Figure S7). Even
though 405 nm irradiation caused growth delay and death in
many cells, the observed RNA polymerase dynamics did not
deviate from cells measured using PC and were similar to
previously reported statistics:[24] on average, 70% of RNA
polymerases appeared to be actively transcribing, 27% to be
mostly DNA-bound and about 3% diffused freely (Fig-
ure S7).
We then measured the apparent single-molecule bright-
ness for all PC-converting FPs by preparing single-molecule
surfaces (Figure S8). The threonine 69 variants showed
slightly decreased photon counts, for example, Dendra2-
T69A was about 20% brighter than Dendra2. mMaple3
displayed the highest photon count being 30% brighter than
Dendra2 but its PC efficiency on the single-molecule level
was, like in ensemble measurements, low (data not shown)
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In summary, PC can be enabled for all green-to-red pcFP
families by generating threonine 69 variants. Dendra2,
pcDronpa2-A69T and the Eos family exhibit efficient PC,
whereas mKikGR and mMaple variants only show reduced
efficiency. As pcDronpa2-A69T is efficiently photoconverted
by both modes and offers the highest quantum yield of all
considered pcFPs, it is an interesting FP for future studies.
However, its tetrameric behavior considerably limits its
usefulness in practice.[10b] We therefore recommend the use
of mEos3.2-A69T or Dendra2, which also show good perfor-
mance. We predict that threonine 69 variants of other pcFPs
like Kaede or calcium sensors based on Eos (CamPARI[25])
and mMaple (GR-GECOs[26]) will also exhibit PC. Even
though our efforts to improve PC efficiencies and fluores-
cence brightness by modifying residues 105/116 of Dendra2
and 157 of mMaple3 proved unsuccessful, we believe that
different strategies, for example, suppressing the transition
into the dark states, might yield more favorable results. For
example, a promising route could be to systematically modify
other important amino acids like serine 142 or histidine 194.
Furthermore, to advance live-cell compatibility, proteins
converting and emitting at longer wavelengths would be
especially desirable, which immediately raises the question if
PC-like mechanisms can be transferred to FPs absorbing
these wavelengths, for example, psmOrange[27] or new pcFPs
found/designed in future studies.
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CHAPTER 6. A NEW PHOTO-CONVERSION MECHANISM FOR QUANTITATIVE,
MULTI-COLOR PALM IMAGING
6.2 Aberration-Free, Live-Cell Compliant Multi-Color
Single-Molecule Localization Microscopy Imaging





David Virant, Bartosz Turkowyd, Alexander Balinovic,
Ulrike Endesfelder
This part of the thesis is written in the style of a manuscript and was published in the
International Journal of Molecular Sciences. It covers the development process of an Fluorescent
Protein (FP) based dual-color SMLM imaging technique. In this manuscript we demonstrate
that this imaging scheme can be used universally in mammalian, yeast and bacterial cells and
allows for a quantitative readout of the chosen Protein Of Interest (POI). It is now an
established dual-color imaging technique in the Endesfelder lab and is used for several studies,
including the structural and stoichiometric characterization of the fission yeast kinetochore (see
section 7.2). I contributed to this work by conceiving the idea, designing and performing
experiments, analyzing data and writing most of the text. [4]
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Abstract: Super-resolution fluorescence microscopy plays a major role in revealing the organization
and dynamics of living cells. Nevertheless, single-molecule localization microscopy imaging
of multiple targets is still limited by the availability of suitable fluorophore combinations.
Here, we introduce a novel imaging strategy which combines primed photoconversion (PC) and
UV-photoactivation for imaging different molecular species tagged by suitable fluorescent protein
combinations. In this approach, the fluorescent proteins can be specifically photoactivated/-converted
by different light wavelengths using PC and UV-activation modes but emit fluorescence in the
same spectral emission channel. We demonstrate that this aberration-free, live-cell compatible
imaging method can be applied to various targets in bacteria, yeast and mammalian cells and can be
advantageously combined with correlative imaging schemes.
Keywords: multi-color imaging; primed conversion; live cell imaging; single-molecule
localization microscopy
1. Introduction
Over the past decade, rapid advances in single-molecule localization microscopy (SMLM)
techniques have created a large, quantitative imaging toolbox which allows for the direct observations
of molecular processes of life at the nanometer scale [1–3]. Part of its tremendous impact is owed to
the fact that, just like in conventional fluorescence microscopy, individual species of molecules can be
visualized and placed into context to each other by specific fluorescence tags in situ as well as in vivo.
Nowadays, multi-color SMLM imaging is frequently performed. However, while several
approaches for multi-color SMLM imaging in fixed cells have been optimized for ideal combinations of
bright fluorophores with complementary staining (e.g., antibody, nanobody or protein-tag stainings),
similar photoswitching requirements and distinct read-out, the choice of fluorophore combinations
for multi-color imaging of difficult-to-access or densely packed samples or under physiological
conditions and in living cells remains challenging [3–5]. Especially in live-cell applications the choice of
suitable fluorophore pairs is limited: apart from a small number of membrane-permeable, fluorescent
dyes, which photoswitch in cellular environments without the need of further imaging buffers
(e.g., tetramethylrhodamine (TMR) or Atto655 [3] or the recently developed paJF549 [6]), the most
popular fluorophores are genetically encoded, photoactivatable or photoconvertible fluorescent
proteins (pa- and pcFPs) like the widespread Anthozoan green-to-red pcFPs (e.g., the Eos, Dendra,
Maple and Dronpa families) and DsRed derived dark-to-red paFPs (e.g., PAmCherry, PAmKate and
Int. J. Mol. Sci. 2017, 18, 1524; doi:10.3390/ijms18071524 www.mdpi.com/journal/ijms
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PAtagRFPs) [1,4,5,7]. Despite being popular in quantitative imaging and single-particle tracking
approaches [2,5,8], the simultaneous use of multiple pcFPs and paFPs is largely precluded by their
overlapping absorption and emission spectra: they are photoactivated/-converted by illumination in
the near UV light range and a vast majority of common FPs with desirable properties (being bright
and monomeric, exhibiting robust photophysics in varying redox-environment and a quantitative
read-out [1,4,5]) emit fluorescence in a narrow, orange-red emission channel with only a few alternative
FPs in other color channels, e.g., the green fluorescing paGFP [9], psCFP2 and Dronpa [10], or the red
fluorescing psmOrange [11], which have been used for dual-color SMLM.
By utilizing the recently developed photoconversion technique of primed conversion (PC) for
green-to-red pcFPs, we here introduce a new dual-color strategy. PC, which was first identified and
characterized for Dendra2 [12,13] and has recently been shown to be very efficient for green-to-red
pcFPs with threonine at residue 69, makes use of a combined illumination of 488 nm and near-infrared
light in the range 700–800 nm instead of the common UV-photoconversion to convert common pcFPs
from their green to their red form [12,14]. paFPs, on the other hand, only absorb light in the ultraviolet
range prior to activation. As such, the 488 nm light used for PC should have no effect on the paFP.
We propose that this fact could be advantageously exploited in a dual-phase, dual-color imaging
scheme with a single fluorescence read-out channel. First, a PC-suitable pcFP, e.g., Dendra2 [12–15] or
mEos3.2-A69T [14], is imaged using a combination of 488 and 730 nm light for photoconversion. After
all pcFPs have been read out, the still-intact paFP, e.g., the commonly used PAmCherry [16], can be
imaged in the second phase by UV-light mediated photoactivation. The benefits of such an approach
are substantial. Since both targets are imaged in the same channel, chromatic aberration is eliminated.
Both FP-tags can be endogenous, requiring no additional staining, and the above chosen FPs are bright
and show no oligomerization tendencies [17]. In addition, as they fluoresce with a maximum in the
570–590 nm range upon 561 nm illumination, possible auto-fluorescence of biological samples and
phototoxicity are reduced when compared to techniques using shorter wavelength channels [14,18].
This makes this labeling choice favorable compared to other, e.g., non-red, less bright and photostable
or potentially self-oligomerizing pcFPs and paFPs such as paGFP [9,19], psCFP2 and Dronpa [10] or
PAtagRFP [20] and PAmKate [7]. Finally, our strategy works hand in hand with existing, multi-channel
approaches and can be easily used to expand them.
2. Results and Discussion
To evaluate the viability of the proposed imaging scheme, two main concerns had to be addressed.
First, does PC illumination have any effect on the paFP? Second, is it possible to sufficiently eliminate
the pcFP imaged by PC to not cause any cross-talk during the second imaging phase as any residual,
non-converted pcFP molecule would also be read-out by UV light. To test this, we performed
experiments on fixed Escherichia coli cells, where the native RNA polymerase (RNAP) protein was
endogenously tagged with either Dendra2 or PAmCherry (Supplementary Material and Methods).
RNAP molecules appear in large nucleoid-like patterns as they decorate the bacterial chromosome.
Their numbers per unit of cell size are relatively stable when expressed under the native promoter,
making RNAP a satisfactory target for quantitative controls [21].
First, we determined the minimum dose of 488 nm light required to permanently bleach all
Dendra2-RNAP molecules in the E. coli cells (Figure S1a). A bleaching approach like this would
be necessary in a worst-case scenario, where full readout of the PC-suitable pcFP is not feasible,
e.g., in cases where the POI is highly abundant. We then evaluated the effect of this high 488 nm
dose on the PAmCherry molecules (Figure S1a). While the vast majority of the Dendra2-RNAP
read-out in the red channel was gone after 30 s of illumination with 1 kW/cm2 of 488 nm light,
we used 120 s for subsequent imaging since that is where the bleaching curve stabilized. Using the
same settings, we found that 488 nm illumination slightly increased the fluorescence intensity in
cells with PAmCherry-tagged RNAP, suggesting some minor activation (Figure S1a). With this
information we were able to design a worst-case scenario control imaging scheme (Figure S1b,
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left). To quantify the loss of PAmCherry during the first, PC-photoconversion stage of imaging
and potential bleed-through of Dendra2 into the second UV-photoactivation phase, we performed
localization counting on E. coli cells expressing RNAP-Dendra2 and RNAP-PAmCherry under
several different illumination schemes (Figure S1b, right). RNAP-Dendra2 produced a mean of
1092 ± 175 (standard deviation) localization counts/µm2 converted by primed conversion (I) and a
mean of 999 ± 131 localization counts/µm2 (II) by UV photoconversion which is in agreement with
previous results on RNAP numbers [21,22] and reconfirms data of a recent study which did not
show any differences in quality and quantitative numbers obtained in sptPALM tracking studies
comparing UV and PC photoconversion of Dendra2 [14]. After 120 s of bleaching with 1 kW/cm2
488 nm light, Dendra2 was activated by UV conversion and produced 54± 18 localization counts/µm2
(III), which is at the level of false positive localization counts in wild type E. coli (data not shown),
confirming that little to no Dendra2 survives the bleaching step. Next, we evaluated the UV readout of
RNAP-PAmCherry, resulting in 1054 ± 217 counts/µm2 (IV), which is comparable to the Dendra2 PC
readout. To test the effects of high intensity 488 nm light on PAmCherry, RNAP-PAmCherry expressing
cells were illuminated with the same high intensity of 1 kW/cm2 488 nm light for 120 s, and then
read out with UV activation, producing 916 ± 182 counts/µm2 (V), further suggesting that 488 nm
light activates PAmCherry with low efficiency. This, however, proved not to be an issue during the
conversion imaging phase, where the overall dosage of 488 nm light is much lower (less than 0.1%
of the bleaching dose of 1 kW/cm2 used in this experiment). PAmCherry read out by PC activation,
produced 45 ± 19 counts/µm2 (VI), again at the level of background in wild type E. coli. To eliminate
cross-talk, we thus implemented a brief, ~10 s pre-bleaching step with the 561 nm light readout laser
before reading out the PAmCherry, bleaching away any pre-activated FP. These findings suggest that if
the FP in the first phase of imaging is read out in full and a high intensity 488 nm post-bleaching step
is not required, loss of PAmCherry is completely negligible. In such a case, both phases allow for a full
quantitative SMLM readout.
Encouraged by the promising results of the controls, we decided to evaluate how well our
approach performs in dual-color imaging of different biomolecules in E. coli and in a second
step, how well it integrates with additional correlative imaging schemes such as membrane point
accumulation for imaging of nanoscale topography (PAINT) and DNA stains [23]. To test this, we
utilized the imaging scheme on an E. coli strain where RNAP was endogenously tagged with the
PC-suitable mEos3.2-A69T mutant and transformed with the pJB063 plasmid bearing the sequence
for FtsZ-PAmCherry. The green-to-red pcFP mEos3.2-A69T mutant has proven, like Dendra2, to be
an excellent candidate for tagging native proteins in our previous work but with a 15–20% higher
photoncount for single-molecule-spots than Dendra2—thus allowing for more precise sptPALM
data [14]. RNAP-mEos3.2-A69T was imaged first and read out in full (Figure 1a), followed by a full
readout of FtsZ-PAmCherry (Figure 1b). Nile-red was then added to the imaging solution to image
the membrane by PAINT [24] (Figure 1c) and was finally replaced with a Sytox orange containing
solution, to stain the DNA (Figure 1d), for a total of four effective colors all in the orange-red channel
(Figure 1e).
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white dots (b); The outer membrane by PAINT using NileRed- red dots depict fluorescent fraction of 
NileRed molecules in the membrane, whereas gray dots represent non-fluorescent NileRed in 
buffer/medium (c) and last the DNA stained by SYTOX Orange (orange diamonds) and read-out by 
near TIRF microscopy (d). Middle: Measured absorption and emission spectra of all four fluorophores 
used (Supplementary Material and Methods). Dashed line rectangle represents the optical bandpass-
filter used to visualize the fluorescence channel of all four acquisitions. Bottom: SMLM image 
reconstructions (a–c) and nearTIRF-snapshot (d) recorded; (e) Overlay of all individual images to 
show the mutual organization of imaged compounds, aligned by fiducial markers (Supplementary 
Material and Methods). Localization precision of the channels after drift correction (whole ROI, 
NeNA values): mEos3.2-A69T (RNAP) 12.1 nm, PamCherry (FtsZ) 12.3 nm, NileRed (membrane) 11.8 
nm, scale bars: 1 μm. 
Next, we assessed how well the technique performs on larger samples in other organisms by 
imaging HeLa cells transiently transfected with a combination of an actin-PAmCherry plasmid 
together with either a keratin-Dendra2 plasmid (Figure 2a) or an H2B-Dendra2 plasmid (Figure 2b), 
details can be found in Supplementary Material and Methods. As before, the pcFP, Dendra2, was 
read out first. Due to the large size of the cell and large number of (overexpressed) molecules a full 
read-out was rather time consuming, thus we decided to bleach the residual Dendra2 molecules after 
obtaining a sufficient number of localizations for image reconstruction. The intensity of 488 nm 
bleaching step had to be increased to 4 kW/cm2 in order to fully bleach the residual Dendra2 
molecules above and below the imaging plane. No visible cross talk was present on any of the images, 
as showcased by the dark background around the H2B (Figure 2b(v)). 
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activated FtsZ-P Cherry olecules are depicted as black dots (a); FtsZ-P Cherry (orange dots)
by activation-P L , per anently bleached R P- Eos3.2- 69T are presented as dashed-lined
hite dots (b); The outer e brane by PAINT using NileRed- red dots depict fluorescent fraction
of NileRed molecules in the membrane, whereas gray dots re resent o -fl oresce t ile e i
ffer ediu (c) and last the DNA stained by SYTOX Orange (orange diamonds) and read-out
by near TIRF microscopy (d). Middle: Measured absorption and emissi n spectra of all f ur
fluorophores us d (Supplementary Material and Methods). Dashed line rectangle represents the optical
bandpa s-filter u ed to visualize the fluorescenc channel f all fo r acquisiti ns. Bottom: SMLM
image reconstructions (a–c) and nearTIRF-snapshot (d) record d; (e) Overlay of all individual images
to show the m tual organization of imaged compounds, aligned by fi ci l
t rial and Methods). Localization precision f the c annels after drift correction (whole ROI, NeNA
values): mEos3.2-A69T (RNAP) 12.1 nm, Pa Cherry (FtsZ) 12.3 nm, NileRed (membrane) 11.8 nm,
scale b rs: 1 µm.
Next, we assessed how well the technique performs on larger samples in other organisms by
imaging HeLa cells transiently transfected with a combination of an actin-PAmCherry plasmid together
with either a keratin-Dendra2 plasmid (Figure 2a) or an H2B-Dendra2 plasmid (Figure 2b), details can
be found in Supplementary Material and Methods. As before, the pcFP, Dendra2, was read out first.
Due to the large size of the cell and large number of (overexpressed) molecules a full read-out was
rather time consuming, thus we decided to bleach the residual Dendra2 molecules after obtaining a
sufficient number of localizations for image reconstruction. The intensity of 488 nm bleaching step had
to be increased to 4 kW/cm2 in order to fully bleach the residual Dendra2 molecules above and below
the imaging plane. No visible cross talk was present on any of the images, as showcased by the dark
background around the H2B (Figure 2b(v)).
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A major advantage of the approach is its potential for use in living cells, especially for targets
which are difficult-to-reach by extrinsic fluorescent markers or have precluded S L read-out
channels due to low signal-to-noise/high background, e.g., arising from intracellular autofluorescence.
Like all (sequential) SMLM techniques, our approach is limited by the temporal resolution needed for
structural studies of abundant proteins but offers the read-out of two different proteins by intrinsic
FP labels with excellent SMLM properties to measure their molecule dynamics within the same
compartment or cell [25].
e thus first tested our E. coli strain under live conditions (Figure S2a), measuring diffusion
dynamics for RNAP and FtsZ (Figure S2b,c) as reported before [14,26] and could confirm the cell
survival after sptPALM imaging [14] (Figure S2d).
e then challenged our approach by creating a strain of the fission yeast Schizosaccharomyces
pombe, where the DNA binding protein cbp1 and the centromeric histone variant protein cnp1 were
endogenously tagged with Dendra2 and PAmCherry, respectively (Supplementary Material and
Methods). Introducing fluorophores for live cell SMLM imaging into S. pombe is difficult. In our
hands, only few extrinsic labels can be delivered to protein-tag-fusions but are prone to unspecific
background staining due to the cell wall and dense intracellular environment and do not blink in the
intracellular living yeast environment (unpublished data). Additionally, dual-color SMLM imaging
including a green FP does not provide satisfactory single molecule signal above the intracellular
background (unpublished data). Thus, even most recent SMLM studies of living S. pombe have
remained exclusively single-color using mEos2/mEos3 [27,28] which is in contrast to mammalian cell
studies, where multi-color SMLM introducing dye molecules that blink in the intracellular environment
has been applied in various studies [1,3].
As in E. coli, control measurements characterizing the viability of our living cells revealed no
negative effect of our imaging approach on the cellular growth (Figure S3a–d). As before, Dendra2
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was read out first, with lower 561 nm readout laser intensities and shorter exposure times, to capture
the movement of single molecules (Figure 3a,b(i)). PAmCherry-cnp1 was successfully read out in the
second phase, with no apparent crosstalk (Figure 3a,b(ii)). The cells were then fixed and stained with
DAPI (Figure 3a,b(iii)), since Sytox Orange penetrated the thick yeast cell wall poorly in our hands
(data not shown). As expected, reconstructed PALM images showed cbp1 is present throughout the
nucleus and co-localizes with DNA, while cnp1 appears as a single centromeric spot at the edge of the
DNA (Figure 3a,b(iv)). We then applied a custom single particle tracking algorithm on the same data
and visualized the results (details in materials and methods), which showed that the cbp1 diffuses
around the nucleus, while the cnp1 is largely immobile (Figure 3a(v)). Finally, we calculated diffusion
coefficients for tracks longer than four consecutive frames, revealing a mobile (fast) and an immobile
(slow) fraction of cbp1 (Figure 3b(iv)) and exemplary mean squared displacement (MSD)-curves in
Figure S4a). Imaging fixed cbp1 molecules as a control under otherwise same conditions reveals
that the slow fraction is indeed not moving within the precision of the sptPALM measurements
and represents immobile, DNA-bound cbp1 molecules whereas the fraction of mobile cbp1 with a
more heterogeneous distribution of diffusion coefficients represents DNA-associated, but mobile cbp1
molecules (Figure S4b(i,ii)) [29,30].
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Figure 3. Sequential dual-color PALM on S. pombe. (a) Dual-color PALM image of a representative
S. pombe cell, expressing the DNA binding protein cbp1 tagged with Dendra2 (red) and the centromeric
protein cnp1 tagged with PAmCherry (green) and a widefield fluorescence image of DAPI stained
DNA (blue): (i–iii) Split channels of the same cell and (iv) combined; (v) single particle track analysis
performed on the same data, with tracks ≥3 consecutive frames represented in red (cbp1) and green
(cnp1), on top of DNA (blue). Scale bars 2 µm; (b) single particle tracking analysis done on a different
S. pombe cell: (i) single particle tracks of cbp1 ≥4 consecutive frames, color coded for their apparent
diffusion coefficient D as calculated from a MSD analysis of the individual tracks, orange for fast
moving particles (D > 0.26 µm2/s) and red for slow or immobile (D < 0.26 µm2/s); (ii) single particle
tracks of cnp1 ≥ 4 consecutive frames; (iii) widefield fluorescence image of DNA in the same cell,
after fixation; (iv) overlay of all three channels. Scale bars 2 µm.
3. Materials and Methods
Strain constructions for E. coli and S. pombe cell lines, transient transformations for mammalian
samples, protein purification, live and fixed cell sample preparations for E. coli, S. pombe and
mammalian cells as well as the microscopic and spectroscopic equipment are described in detail
in the Supplementary Information (Supplementary Material and Methods).
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3.1. Imaging Procedures
3.1.1. Influence of High Intensity of 488 nm Light on PAmCherry and Dendra2
To determine, whether high intensity of 488 nm light leads to irreversible bleaching of Dendra2
molecules while leaving PAmCherry intact, we imaged fixed MG1655 rpoC_Dendra2 and MG1655
rpoC_PAmCherry cells. First, cells were illuminated with 1 kW/cm2 of 488 nm for 0 to 180 s
(Figure S1a) and then illuminated for 15 s with 2.5 W/cm2 of 405 nm light to perform photoactivation
or photoconversion of non-bleached fluorescent proteins. In last step, three 60 ms frame snapshots
with 800 W/cm2 of the 561 nm laser were taken.
3.1.2. Quantitative Controls-RNAP Molecule Counting
To evaluate possible false positives of residual Dendra2 and the amount of pre-activated
PAmCherry of the second phase of imaging (Dendra2 converted via UV light or PAmCherry
preactivated via 488 nm light), a set of control experiments was performed (Figure S1b). In experiment
(I) fixed MG1655 RNAP-Dendra2 cells were illuminated with three lasers: 488 nm pulsed every
20th frame and continuous 561 and 730 nm. Laser intensities were: 100–2500 mW/cm2 of 488 nm
(intensity was gradually increased during movie acquisition to keep the number of detected spots
roughly on the same level), 800 W/cm2 of 561 nm and 450 W/cm2 of 730 nm. Movies were recorded at
16.67 Hz image acquisition (60 ms per frame) until no new fluorescent spots appeared to ensure for a
full read-out of the FP. In experiment (II), MG1655 RNAP-Dendra2 was illuminated by conventional
UV-conversion PALM: The 405 nm laser was pulsed every 20th frame, gradually increasing the
intensity from 250–6500 mW/cm2 and continuous 561 nm laser at a constant intensity of 800 W/cm2.
The field of view (FOV) was imaged until no new fluorescent spots appeared anymore. As a negative
control (III), MG1655 RNAP-Dendra2 was first illuminated for two minutes with 1 kW/cm2 of
488 nm laser to irreversibly bleach the Dendra2 molecules. Next, the same FOV was imaged with
standard UV-conversion PALM. Laser intensities were the same as for (II). The FOV was imaged for
5 min with 60 ms exposure time per frame. Experiments (IV)–(VI) were performed on the MG1655
RNAP-PAmCherry strain. Experiment (IV) was a positive control where cells were imaged with
UV-conversion PALM: 405 and 561 nm laser settings were the same as for experiment (II) and the
FOV was imaged until no new spots appeared. In experiment (V) MG1655 RNAP-PAmCherry cells
were imaged in a similar way as cells in experiment (III) with an extended imaging time until no
new spots appeared, achieving full read-out. In experiment (VI) which serves as negative control,
cells were imaged as the MG1655 RNAP-Dendra2 cells in experiment (I), to evaluate the activation
of PAmCherry via primed conversion. FOV was imaged for 5 min. For each control experiment two
FOVs were imaged.
3.1.3. E. coli Multi-Color Imaging
Detection of RNA polymerase (RNAP) fused with mEos3.2-A69T, FtsZ fused with PAmCherry,
bacterial membrane and chromosomal DNA in fixed MG1655 rpoC_mEos3.2-A69T+pJB063 cells was
performed sequentially (Figure 1). First, RNAP-mEos3.2-A69T molecules were imaged by primed
conversion [14] (Figure 1a). Briefly, the sample was illuminated with three lasers: 488 nm pulsed
every 20th frame and continuous 561 and 730 nm light. Laser intensities were: 100–2500 mW/cm2
of 488 nm (intensity was gradually increased during movie acquisition), 800 W/cm2 of 561 nm and
450 W/cm2 of 730 nm. Movies were recorded at 16.67 Hz image acquisition (60 ms per frame) until no
new spots appeared. After primed conversion PALM, the sample was illuminated for one minute with
1 kW/cm2 of 488 nm laser to irreversibly bleach residual green form mEos3.2-A69T. In the second
phase (Figure 1b) FtsZ-PAmCherry molecules were detected with UV-activation PALM: 405 nm laser
pulsed every 20th frame (intensity gradually increasing from 250–6500 mW/cm2) and continuous
800 W/cm2 561 nm laser at 60 ms until all PAmCherry was read out. After finishing imaging both,
RNAP-mEos3.2-A69T and FtsZ-PAmCherry, Nile Red (Sigma-Aldrich, Darmstadt, Germany) was
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added (final concentration in imaging buffer: 7 nM) to visualize the bacterial membrane in the same
cells by PAINT microscopy [24] (Figure 1c). Movies were recorded for 7 min with 60 ms exposure time
per frame and the sample was illuminated with constant 1.2 kW/cm2 of 561 nm laser. In the last, fourth
step (Figure 1d), chromosomal DNA was visualized by addition of SYTOX Orange (Thermo Fischer,
Darmstadt, Germany) to a final concentration 20 nM. One-frame 60 ms snapshots were taken with
low intensity 561 nm laser (10 W/cm2). For all fixed bacteria images, the Nearest Neighbor Analysis
(NeNA) values [31] were in the range of 10–15 nm, exact values of the exemplary images are given in
the respective captions.
Single-particle tracking PALM (sptPALM) imaging (Figure S2) of rpoC_mEos3.2-A69T+pJB063
cells was performed on a heating stage and heated objective at 32 ◦C. As for the fixed samples,
RNAP-mEos3.2-A69T was imaged first and FtsZ-PAmCherry was imaged afterwards. Applied laser
intensities were: 2 W/cm2 of 405 nm, 600 mW/cm2 of 488 nm, 450 W/cm2 of 730 nm and 800 W/cm2
of 561 nm laser light. 405 and 488 nm lasers were pulsed every 20th frame. Movies were recorded at
77 Hz image acquisition rate for two minutes to follow the diffusing RNA polymerase and at 33 Hz
image acquisition rate for five minutes to follow the FtsZ protein. For the FtsZ imaging we used slower
acquisition mode to exclude cytosolic FtsZ molecules—as they diffuse much faster than FtsZ built into
the ring structures, their point-spread functions are blurred, thus most of the cytosolic FtsZ molecules
are not included in further analysis steps. This approach was first used by Etheridge et al. in their
work [32]. mEos3.2-A69T molecules were converted by primed conversion, while PAmCherry was
photoactivated using UV. Right after recording the RNAP-mEos3.2-A69T molecules, a two minute
bleaching step to bleach the remaining unconverted mEos3.2-A69T molecules was performed using
1 kW/cm2 488 nm laser light illumination to avoid false positives during the FtsZ-PAmCherry readout.
After sptPALM imaging, the cells of the imaged FOVs were tested for their cell viability. For this,
all FOVs were imaged under bright light for three hours with two minutes interval to quantify their
cellular growth after the sptPALM experiment.
3.1.4. HeLa Dual-Color Imaging
Keratin-Dendra2 or H2B-Dendra2 were imaged first, activated with 450 W/cm2 of the 730 nm
laser and 100–2500 mW/cm2 of the 488 nm laser (pulsed every 20th frame) with the intensity gradually
increased to keep the number of localizations per frame constant and read out with the 561 (800 W/cm2)
laser for 20 thousand frames at an exposure of 60 ms per frame. The sample was then illuminated
with 4 kW/cm2 of the 488 nm laser for 2 min, to bleach any residual Dendra2. Actin-PAmCherry
was imaged second, activated with the 405 nm laser, pulsed on every 12th frame, with the intensity
gradually adjusted from 250–6500 mW/cm2 and read out with constant 561 illumination at 800 W/cm2
for 10 to 20 thousand frames at an exposure time of 60 ms per frame. Lasers were angled to achieve
near-TIRF illumination. For all mammalian images, the NeNA values were in the range of 15–20 nm,
exact values of the exemplary images are given in the respective captions.
3.1.5. S. pombe Multi-Color Imaging
Cbp1-Dendra2 was imaged first, activated with 450 W/cm2 of the 730 nm laser and
100–2500 mW/cm2 of the 488 nm laser (pulsed every 20th frame) with the intensity gradually increased
to keep the number of localizations per frame constant and read out with the 561 (500 W/cm2) laser
for 20 thousand frames at an exposure of 20 ms per frame. The sample was then illuminated with
2 kW/cm2 of the 488 nm laser for 1 min, to bleach any residual Dendra2. Cnp1-PAmCherry was imaged
second, activated with the 405 laser, pulsed on every 12th frame, with the intensity gradually adjusted
from 250–6500 mW/cm2 and read out with constant 561 illumination at 500 W/cm2 for 10 thousand
frames at an exposure time of 20 ms per frame. Finally, cells were fixed with 1% paraformaldehyde
(Sigma-Aldrich, F8775) without moving the sample and stained for DNA with 1 µg/mL DAPI, read out
by the 405 nm laser (10 W/cm2).
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3.1.6. Viability Controls
S. pombe cbp1-Dendra2 cnp1-PAmCherry cells were grown in YES medium at 25 ◦C overnight,
then inoculated into fresh YES to a starting OD600 of 0.1 and grown for ~6 h before imaging. 1 mL of
culture was spun down at 500× g for 5 min and resuspended in 10 µL fresh YES medium. Cells were
immobilized on a 1% low-gelling temperature agarose pad (Sigma-Aldrich, A9414) in YES medium
and covered with a coverslip previously cleaned with Hellmanex. Cells were imaged on a custom-built
heating stage at 30 ◦C. To compare growth, 8 FOVs at least 1000 µm apart were chosen and bright field
images were taken at time t0. The first two FOVs were imaged with PC activation 450 W/cm2 of the
730 nm laser and 100–2500 mW/cm2 of the 488 nm laser (pulsed every 20th frame) with the intensity
gradually increased to keep the number of localizations per frame constant and read out with the 561
(500 W/cm2) laser for 20 thousand frames at an exposure of 15 ms per frame. The next two FOVs
were imaged with the same conditions but also post-bleached with 2 kW/cm2 of the 488 nm laser for
2 min. Two further FOVs were then imaged and post-bleached as described above, then also imaged
with UV activation, 405 laser pulsed on every 12th frame, with the intensity gradually adjusted from
250–6500 mW/cm2 and read out with constant 561 illumination at 500 W/cm2 for 5 thousand frames
at an exposure time of 30 ms per frame. A bright field of each position was taken every 10 min for
12 h after imaging with an automated µManager script, though FOVs were lost after ~4 h due to drift.
Exemplary cells are depicted in Figure S3.
3.2. Data Analysis
3.2.1. Analysis of the Influence of High Intensity 488 nm Images
Acquired three-frame snapshots were analyzed with a custom written script in Fiji software
(ImageJ 1.51f ) [33]. Cell FOVs were extracted by identifying individual bacterial shapes from
fluorescence averages excluding overlapping or out-of-focus cells. Averaged fluorescence intensity for
each cell was used as a parameter of bleaching degree (Figure S1b).
3.2.2. Super-Resolution Image Reconstruction of Bacterial and Mammalian Multi-Color Images
Localizations of the fitted single fluorescent spots were obtained by the open source software
rapidSTORM (version 3.3) [34]. Fitting parameters were determined individually for each kind of
fluorophore (Dendra2, mEos3.2-A69T, PAmCherry and Nile Red). In the next step, localization
precision for all FOVs was estimated using NeNA [31] as implemented in the open-source software
LAMA (version 16.10) [35] on a section of the image that contained no fiducial markers. For all
FOVs localization precision was determined between 10 and 15 nm for bacteria and 15 and 20 nm
for mammalian cells. Localization data were filtered to connect neighboring localizations in adjacent
frames, to avoid several-fold counting of molecules with fluorescence lifetimes exceeding the
framerate of the movie. In the last post-processing step, all localization files were drift corrected
with custom written Python algorithms that extract and correct for fluorescent bead trajectories.
Additionally, for FtsZ-PAmCherry localizations, density based clustering analysis was performed with
the density-based spatial clustering of applications with noise (DBSCAN) algorithm [36], as single
cytosolic FtsZ-PAmCherry proteins were abundantly present in cell. Only clustered molecules
(DBSCAN parameters: ε = 35 nm; MinPts = 10) were used for image reconstruction of FtsZ-PAmCherry.
Super-resolution image reconstructions and DNA-Sytox Orange image were stacked and superimposed
in Fiji software. For HeLa cells, images were reconstructed with a pixel size of 20 nm.
3.2.3. Single Particle Tracking in E. coli and S. pombe
Single molecule localizations were extracted from the movies with the open-source software
rapidSTORM. Final images were reconstructed with a pixel size of 10 nm. Single particles were tracked
with the help of customized tracking software written in C++ and visualized by customized software
written in C++, to filter and group single molecule localizations or trajectories by their apparent
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diffusion coefficient (as calculated by MSD analysis). For MSD analysis, only trajectories with 4 and
more steps were used for calculating the MSD values. Independent of the total length of each trajectory,
only the first steps of each trajectory were used for the MSD calculation (for the first 3 ∆t values)
to account for heterogeneous diffusion behavior over time as well as the confinement of the yeast
nucleus/E. coli cell. To account for the localization precision σ of the data, the constant offset of 4*σ2
was included into the fit-function. For diffusion coefficient statistics, only MSD fits with an R2 value of
0.85 or higher were used.
4. Summary and Conclusions
In summary, our new technique produced high quality PALM images on all tested samples. The
controls showed there is little to no crosstalk between the two proteins and loss of PAmCherry is
minimal. This can be further reduced by avoiding the post-bleaching step with high intensity of 488 nm
light, by reading out the entire signal in the first phase of imaging and, for fixed cells, by increasing
the pH to 8–8.5 where PC is most efficient [14]—making both phases of imaging fully quantitative.
We have also shown that the approach is easily combined with other sequential imaging techniques,
such as membrane PAINT. This correlative approach could be extended further, by e.g., substituting
the Sytox Orange DNA stain for the transiently binding Hoechst-JF646 probe for DNA-PAINT [37].
Perhaps most importantly, the combination of a PC-suitable pcFP and an only UV-activatable
paFP allows for dual-color SMLM imaging in living specimens, without the need for any additional
staining steps, as shown in E. coli and S. pombe. Previously, this could only be done through the
use of proteins with different emission spectra, such as paGFP or psCFP2. This requires imaging in
different readout channels, introducing chromatic aberration, which makes overlaying the channels
more difficult. Additionally, many biological samples, e.g., including S. pombe, can exhibit high degrees
of autofluorescence in the GFP channel. Combined with the lower brightness of paGFP and psCFP2
compared to red paFPs, this results in a limited achievable resolution. Also, the superior brightness of
FPs such as Dendra2, mEos3.2-A69T and PAmCherry allows for single particle tracking experiments,
where brightness is essential due to shorter exposure times and lower excitation light intensities.
That being said, our approach could potentially be combined with other FPs that emit in different
channels, further expanding the palette of available colors for live-cell imaging or be used in tandem
with enzyme tags such as Halo-tag [38] and SNAP-tag [39] together with membrane-permeable dyes
(and e.g., as well using sequential orange stainings like TMR and paJF549).
In conclusion, our measurements demonstrate that this new method can be applied to various
targets in different organisms and can be advantageously combined with existing imaging schemes.
As it is an aberration-free, live-cell compatible method, which is simple to implement on conventional
SMLM systems (even when using a red instead of an infrared laser source, PC can be efficient enough
for SMLM imaging [13,14]), we believe it is a valuable addition to the current SMLM toolbox.
Supplementary Materials: Supplementary materials can be found at www.mdpi.com/1422-0067/18/7/1524/s1.
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Abbreviations
FP Fluorescent protein
paFP Photoactivatable fluorescent protein
PAINT Points accumulation for imaging in nanoscale topography
PALM Photoactivated localization microscopy
PC Primed conversion
pcFP Photoconvertible fluorescent protein
SMLM Single molecule localization microscopy
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7 | Discussion and Outlook
7.1 Newly Developed Tools: Overview and Implications
7.1.1 Study of Multi-Protein Complexes with SMLM
Proteins are the main workforce of every living cell. In the past decades, scientists have become
quite proficient at studying single proteins, from determining their crystal structure to measuring
different parameters that describe all aspects of their activity. While many proteins, e. g. nucleic
acid polymerases can carry out their tasks independently in-vitro, there is no such thing as a
one-protein-army in a living organism. The function of virtually every protein inside a living cell
relies on the successful actions of other cellular components. Looking at the example of a DNA
polymerase; the enzyme is perfectly capable of synthesizing DNA on its own, given a template,
sufficient building blocks in the form of nucleotides and the isolated space of a PCR tube. This
becomes immensely more complicated inside of a living cell. The relatively simple task of adding
complementary nucleotides to a stretch of single stranded DNA expands to a whole multitude
of tasks. To name a few, the DNA must be uncoiled, split into strands, stabilized, ligated after
synthesis - all while other cellular processes such as transcription must remain undisturbed. A
DNA polymerase cannot do all of this on its own. Instead, it cooperates with several other
proteins in a complex called the replisome, where each protein carries out its own designated
function [5]. In fact, nearly every crucial process inside a cell is carried out by such a multi-protein
complex. Studying single proteins in a vacuum is undoubtedly useful, but to truly understand the
mechanisms of life, we must expand our knowledge to how proteins function as parts of a whole.
Unfortunately, this is easier said than done. Intact large multi-protein complexes are notoriously
difficult to crystallize, making high-resolution structural data on them rather scarce. Electron
microscopy of structures captured in vitreous ice or Cryogenic Electron Microscopy (Cryo-EM)
[6] and Nuclear Magnetic Resonance (NMR) spectroscopy [7] have been instrumental in bridging
the knowledge gap between single protein and multi-protein complex structures. As impor-
tant as these tools are, they can offer only limited information on protein complexes in the
context of a whole cell. While these approaches yield high-resolution structures of the entire
complex, they do not enable direct identification of its subunits and are not inherently quantitative.
While methods such as X-ray crystallography, NMR spectroscopy and Cryo-EM span the
angstrom spatial domain and conventional light microscopy covers the micrometer domain, SRM
links the two spatial domains together. Combining resolutions superior to conventional light
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microscopy (down to a few nanometers) with the specificity of versatile fluorescent tags that
Cryo-EM and NMR lack, SRM has been successfully used to study multi-protein assemblies in
the recent years. As its name suggests, SMLM is especially suitable for this for this. Several
landmark scientific works clearly demonstrate the potential of the technique.
Many of these landmark studies have already been touched upon in the introduction chapter of
this thesis [1]. To recap, one of the first truly remarkable works was done on the human nuclear
pore complex [8]. The nuclear pore complex is a large, 110 mega-Dalton structure, consisting of
several hundred nucleoporin proteins. It was known before from X-ray crystallographic studies
that these proteins form Y-shaped complexes which further assemble into the even larger nuclear
pore scaffold. The arrangement of the specific proteins was not known. To solve this issue, the
authors of the paper imaged the individual nucleoporins with direct Stochastic Optical Recon-
struction Microscopy (dSTORM) (the technique is described in detail in the introduction section
[1]). Under ideal experimental conditions, dSTORM and Stochastic Optical Reconstruction
Microscopy (STORM) can reach resolutions of 10-15 nanometers. While high, this was not
enough to solve the spatial arrangement of the individual nucleoporins. To bypass this issue, the
authors imaged several thousands of these circular structures for each tagged protein, aligned
them using computer algorithms and combined them in a process called particle averaging. This
allowed them to calculate the diameters of the rings formed by each nucleoporin with extremely
high precision. Overlaying these diameters with known crystallographic and Cryo-EM data then
allowed them to work out the location of each of the nucleoporin proteins in the context of the
entire nuclear pore (see Figure 4b ii of the introduction section [1]). This work was not only
revolutionary because of its complex biological target but also because it was the first time the
particle averaging approach was used in SMLM to improve resolution enough to elucidate the
molecular organization of a large multi-subunit complex. In the following years, several other
studies followed suit; from a 3-dimensional reconstruction of the synaptonemal complex [9], a
temporal and spatial model of endocytic vesicle formation in yeast [10] to the medically relevant
images of human cilia, revealing potential causes of certain diseases [11]. A recent publication
even describes the development of a general computational and analytical framework for the
reconstruction of 3-dimensional molecular complexes by particle averaging [12].
However, reviewing the existing literature on the subject leaves one fact quite clear. Despite the
obvious power of the approach, the number of publications using SMLM to study multi-protein
complexes remains firmly in the low double digits. Contrasting this with the tens of thousands of
available protein crystal structures, it is obvious that this is an emerging field where much work
remains to be done. Reading them in more detail also reveals some key similarities that allude
to the current limitations of the approach. First, all of the studies rely on pre-existing knowledge
of the studied complex obtained through different methods, e. g. crystallography, Cryo-EM or
conventional fluorescence microscopy in the case of larger structures. In most cases, the complexes
exhibit some form of symmetry, which makes alignment of multiple structures much easier. The
SMLM approach has never solved a structure de-novo. In the absence of pre-existing knowledge
or structure symmetry, there simply is no reference point for structure orientation and alignment,
which brings up the second similarity; all of the studies rely heavily on a single fluorophore - the
well established work horse of SMLM, Alexa Fluor 647 (AF647). While some add a second color,
it is more common to image the different components of a complex separately, rather than in
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parallel. Tools for tagging target proteins as well as novel fluorophores for multi-color imaging are
currently in high demand in the field of SRM. In this thesis, I present several novel tools that
contribute to the overall arsenal of the super-resolution microscopist, hopefully enabling studies
on multi-protein complexes that were not possible before.
7.1.2 The BC2 Tag
In theory, the pool of fluorophores and tags available for fluorescent microscopy is nearly
inexhaustible. In practice, the list is reduced to a number that may not suffice for a single
ambitious experiment. To study biology, the first and foremost consideration a scientist should
take is whether or not the tagging system used preserves the biological process being studied.
Protein function can easily be perturbed by the attachment of a cumbersome FP, especially if
the FP is prone to homooligomerization [13]. Even if the FP is completely monomeric, it is still
a relatively large structure that can physically interfere with the protein it is attached to, as well
as its surroundings. Unfortunately, this factor has often been neglected in the past, leading to
some wrong conclusions that were widely accepted by the scientific community for a long time.
For example, the belief that the Escherichia coli actin homolog MreB forms helical structures
inside the bacterial cell was entirely the result of an artifact caused by FP tagging [14]. Taking
precautions while designing an experiment by taking note of protein active sites and potential
functions of the C- and N- terminal regions can alleviate these issues. In the case of MreB, a
more unorthodox measure had to be taken; for the protein to function properly, it was tagged
inside of an internal loop instead of one of the two termini [15]. These effects can of course
be avoided completely by using antibody-based staining approaches, which do not require any
sort of genetic modifications of the investigated target. However, in the world of ever increasing
resolutions of SMLM, these pose a different problem: when the imaging resolution is in the
15-20 nanometer range, the roughly 15 nanometer long primary and secondary antibodies can
significantly inflate the observed structure. This effect, also referred to as linkage error (the error
introduced by the linker between the target and the fluorophore), leads to the second most im-
portant consideration in SRM imaging: is the recorded data representative of the actual structure?
The BC2 Nanobody, a small single-chain antibody fragment consisting of one variable domain
with a diameter of roughly 3nm (Nb) presented in Section 5 [2] of this thesis aims to address
both of these considerations. To summarize, it is a tag that consists of 12 amino acids that
must be attached to the target protein at the desired location. The peptide is then targeted by
a bivalent Nb which binds to it with high affinity and specificity, even changing its molecular
conformation to "lock" the peptide in [16]. Being a small Nb, it is also much easier to get into a
cell than conventional antibodies, without the need for harsh permeabilization steps [17]. While
the system does entail a genetic fusion, the introduced peptide is much smaller than the average
FP and hence much less intrusive. In the published work, we demonstrated that the tag does
not interfere with the function of any of the investigated proteins. This is especially notable
in the cases of vimentin, actin and tubulin, all of which are well known to be impacted by FP
fusions [18, 19, 20]. Such effects are shown in our own work in the case of Green Fluorescent
Protein (GFP) and Photo-Activatable Monomeric Cherry Fluorescent Protein (PAmCherry)-
tagged vimentin as well. A stable genomic integration of the BC2 tag into the actin locus under
the native promoter by CRISPR/Cas9 and subsequent observations of stress fiber formation also
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showed no signs of disturbance. Furthermore, the tagging system proved to be suitable for the
observation of non-structural proteins such as the autophagosome marker protein LC3B and
the GFP-GPI extracellular membrane marker. Cells expressing LC3B tagged with the BC2 tag
successfully formed autophagosomes upon treatment with autophagy inducing chemicals. Finally,
the system even functioned in living cells, allowing for single-particle tracking of the GFP-GPI
diffusing through the membrane and revealing some interesting dynamics - though the purpose
of this particular experiment was a technical demonstration of the capabilities of the system, not
investigating a specific biological process.
In addition to evaluating the impact of the tag on cell physiology and protein function, we
performed rigorous technical characterizations. One worry was that since the Nb was originally
developed to target β-catenin (the 12 amino acid BC2 tag is actually a fragment of the β-catenin
protein), the system might produce significant background staining in cells expressing higher
amounts of β-catenin. To evaluate this, cells treated with a chemical that induces endogenous
β-catenin accumulation were imaged with the BC2 system and while they did show a slightly
increased background compared to non-treated cells, it was not high enough to interfere with
imaging of the relatively low-copy number, non-structural LC3B. When the same was repeated
with a specific anti-β-catenin antibody, the staining was dramatically higher, leading to the safe
conclusion that even though endogenous β-catenin may be present, only a minute fraction will
be stained by the BC2 Nb. As mentioned earlier, the BC2 system aimed to address the issue of
linkage error introduced by large tagging molecules. When measuring the thickness of imaged
vimentin filaments stained either with the BC2 system or a conventional primary/secondary
antibody system, the BC2 tagged filaments were significantly thinner and in perfect agreement
with the literature [21]. As an added benefit, the defined 1:1 labeling ratio of fluorophore to
nanobody offers a semi-quantitative readout. This fact was used in the publication to determine
the degree of labeling the system can produce. Using a BC2-tagged bacterial ferritin, a known
homooligomer with 24 subunits, the degree of labeling was shown to be comparable with the
covalent SNAP tag at around 60% [22]. This experiment also points to the fact that with the
appropriate standards and control experiments, the system may prove suitable for single molecule
counting. Finally, the sytem was also successfully tested on a DNA binding protein in the fission
yeast Schizosaccharomyces pombe.
In summary, the BC2 tag proved to be a non-interfering tag in every cell process we observed. It
allowed for dense integration into the targeted structures, producing the dense labeling desirable in
SMLM. As a small tag, the BC2 system competes with enzyme tags such as SNAP, CLIP, DHFR
and HALO [1]. These consist of a genetically encoded non-fluorescent enzyme that covalently binds
a fluorescent ligand when stained. Such tags exhibit superior brightness and image quality over
FPs due to the organic dyes they use and higher specificity and ease of labeling over conventional
antibodies. The BC2 system improves upon that concept by inversing it; taking the larger, more
cumbersome and potentially damaging tag off the POI and replacing it with something much less
invasive (see Figure 7.1). That being said, there are thousands of proteins and processes that have
not been evaluated in this work, as well as many different organisms that were not used. We know
through personal communication with two other research groups that the BC2 system proved to
be advantageous in their as-of-yet unpublished studies (Cecile Leduc, Institut Pasteur, Paris and
Irina Gutsche, IBS, Grenoble). As it stands now, the BC2 system looks to be a promising new
68
CHAPTER 7. DISCUSSION AND OUTLOOK
Figure 7.1: A schematic representation of the BC2 system (left) compared to an enzyme tag such as SNAP,
CLIP, HALO or DHFR [1] (right). The genetic tag introduced by the BC2 system is much smaller than the POI,
eliminating more potential issues with protein function. The Nb with its 3nm diameter is still small enough to into
most cell interiors, enabling dense labeling.
tool in SMLM. While no multi-protein complex was studied in the scope of this work, conclusions
obtained from the study of multi-protein assemblies such as vimentin, actin and tubulin can be
expanded to the former as well. The low physiological impact of the system may prove especially
valuable in the tightly packed confines of a large protein complex. Combined with the high labeling
density, low linkage error and potentially quantitative readout, the BC2 system seems to be ideal
tag for this purpose. As more scientists adopt the system and report their findings, it remains to
be seen just how big of an impact this tag will have on the field.
69
7.1. Newly Developed Tools: Overview and Implications
7.1.3 Primed-Conversion for Quantitiative Multi-Color Imaging
While FP fusions may cause artefacts in cell physiology as discussed earlier, they are one of the
most popular fluorescent tags for good reason. Many of the issues one has to deal with when
using exogenous staining methods — methods where the fluorescent tag is introduced to the
sample from the outside — are simply not a factor when using FPs. For one, they are completely
specific, completely eliminating the worry over background staining. Since they are expressed by
the organism itself, FPs require no sample processing prior to imaging, making them the simplest
option for live-cell observations. This can also prove advantageous in fixed cells, when the exam-
ined structures are easily perturbed by the often-harsh staining protocols used by other methods.
Finally, since FP fusions are part of the same peptide chain as the target protein, they offer the
most reliable 1:1 labeling ratio and are inherently quantitative. If an FP fusion is proven to
not impact the studied cell process, it is arguably the most elegant solution for fluorescent tagging.
FPs are widely utilized by all forms of fluorescence microscopy and there are hundreds to choose
from [13]. FPs are also the basis of the SMLM technique called Photoactivated Localization
Microscopy (PALM) [23], discussed in detail in the introduction chapter of this thesis [1]. PALM,
however, requires a specific subset of FPs called Photo-Switchable Fluorescent Protein (psFP)s.
More specifically, Photo-Activatable Fluorescent Protein (paFP)s such as PAmCherry [24],
reversibly switchable FPs such as Dronpa [25] or Photo-Convertible Fluorescent Protein (pcFP)s
such as Dendra2 [26]. This important criterion drastically reduces the number of usable proteins.
When factors such as brightness, stability, speed of maturation and background fluorescence
of the sample are taken into account, only a handful of proteins remain. These are primarily
the green-to-red family of pcFPs derived from Anthozoa, and the photoactivatable PAmCherry
and Photo-Activatable Monomeric Kate Fluorescent Protein (PAmKate) [4]. These proteins all
share a common characteristic — they fluoresce in the red part of the light spectrum, differing
by only a few nanometers in their emission peaks. This of course makes them less-than-ideal
for multi-color imaging schemes. Scientists have been quite resourceful though, and managed to
expand PALM imaging with dSTORM dyes or spectral demixing approaches to expand the color
palette of SMLM imaging. However, the requirement of exogenous staining diminishes one of the
greatest advantages of FPs, while spectral demixing approaches are technically challenging and
not accessible for many microscopists.
pcFPs and paFPs are usually converted into their red-fluorescent state by absorbing light in the
ultraviolet range of the light spectrum. While paFPs start off completely non-fluorescent and
incapable of absorbing (or emitting) any other wavelength, pcFPs start in their green forms,
absorbing blue to emit green light (similar to GFP). This process does not end up converting
them into their red form, eventually leading to permanent bleaching of the FP. The Ultra-Violet
light (UV) paradigm was accepted as the only photo-conversion mechanism for a long time, until
the discovery of a novel mechanism called primed conversion [27]. The discovery showed that
Dendra2, a protein from the green-to-red anthozoan FP family, can be "primed" by illumination
with blue light. When illuminated with Infrared light (IR) primed state, the protein is converted
into its red form. In addition to breaking a long-standing paradigm, this new mechanism carried a
range of implications. Is the mechanism specific for this particular protein or can it be replicated
in others? Since UV light is a known mutagen, could this mechanism potentially be used for
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less damaging live-cell SMLM imaging? And finally, could this different mechanism be utilized
in a multi-color imaging scheme, in a manner similar to the different activator dyes used in the
original STORM technique [28]?
In the work presented in section 1 of chapter 6 in this thesis [3], it is demonstrated that the
mechanism can be generalized for any protein in the green-red anthozoan FP family, as long as
its amino acid at the highly conserved position 69 is a threonine. The mechanism of this effect
has been described in detail in the past [29]. This knowledge led to the design of several FPs
where the residue at this position was replaced with a threonine, resulting in a collection of
pcFPs capable of undergoing primed conversion. The conversion was shown to be efficient and
while the modifications did reduce the brightness of the FPs slightly, they were still perfectly
suitable for PALM imaging. Furthermore, we showed that primed conversion was indeed less
phototoxic than the standard UV conversion imaging scheme, leading to reduced cell death in E.
coli. While this was an important finding in the field of live-cell super-resolution microscopy, the
benefit for SMLM of multi-protein complexes came a bit later. As mentioned earlier, paFPs start
off completely dark and unable to absorb any other wavelength save for UV. As such, it should
theoretically be possible to have a paFP and a Primed Convertible Photo-Convertible Fluorescent
Protein (pc-pcFP) in the same sample and image them separately in a two-stage imaging scheme.
In such a scheme, the pc-pcFP would be imaged first, with a combination of blue and IR, neither
of which should have any effect on the paFP, followed by UV conversion of the paFP. Both
proteins would therefore be imaged sequentially in the same color channel. In a follow-up to the
first primed-conversion publication, we demonstrated that such an imaging approach can in fact
be used to great advantage on a multitude of targets. The results of this are described in detail
in Section 2 of Chapter 6.
While sound in theory, there were a few concerns regarding this method. Most importantly, the
paFP must remain entirely dormant throughout the entire process of imaging the pc-pcFP. Any
activation of the paFP by primer conversion illumination would compromise the specificity of the
first imaging stage. Conversely, any residual pc-pcFP would have the same effect on the second
stage. Last, any loss of the paFP during the first stage would compromise the image quality
and quantitative readout of the second. Fortunately, neither of these were the case as the paFP
of choice, PAmCherry, did not absorb any blue light and remained intact during the first stage
of imaging, even under very intense illumination. Furthermore, the pc-pcFP could be read out
completely if a sufficiently long imaging time was used. If complete readout was not necessary, it
was also possible to permanently bleach any residual pc-pcFP with intense blue light, with no
apparent effect on the second stage. Since the method essentially expands one color channel into
two possible targets, it is also compatible with other sequential or parallel multi-color techniques,
as demonstrated by a proof of concept 4-target single-channel image of E. coli cell membrane,
DNA and the FtsZ and RNAP proteins [4]. As light of different wavelengths travels through the
optical path of microscopes slightly differently, an artefact called chromatic aberration must be
accounted for in image analysis. Imaging two targets with the same wavelength completely avoids
this effect. Finally, the system was also shown to function nicely for imaging structural proteins
in mammalian cells, as well as proteins belonging to the large, multi-protein kinetochore complex
in the fission yeast S. pombe. Due to its thick cell wall and dense cytosol, fluorescent staining of
cellular structures is quite difficult. Furthermore, multiple experiments revealed that even when
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specific staining is achieved, something inside the S. pombe cell interferes with the photophysics
of the exposed fluorophore of fluorescent dyes. While STORM in fission yeast is possible [2], it
proved to be highly variable from experiment to experiment, leaving FPs as the only reliable
SMLM imaging tool. This left the described two-stage imaging scheme as the sole multi-color
approach in our toolkit at the time and it allowed us to produce SMLM data on the S. pombe
kinetochore complex for the first time.
Perhaps the main limitation of the approach is that it requires illumination with infrared light.
Since this particular wavelength was not very popular outside of two-photon microscopy prior to
the discovery of primed-conversion, not many microscopists have access to an IR light source for
their microscopes. This is changing as primed-conversion is becoming more and more popular in
the field. In time, our two-stage system may become more accessible to other research groups.
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7.2 Application of the Developed Tools
7.2.1 The Kinetochore
Following DNA replication in eukaryotic cells, each chromosome in the cell consists of two sister
chromatids, both of which contain identical genetic information. In order for cell division to
result in two new fully functional cells, these chromatids must be divided and pulled apart
with great precision, so that both cells end up with identical genomes. The force required to
move DNA to the opposite poles of the mother cell is exerted by microtubules organized into a
structure called the mitotic spindle, through a combination of polymerization, depolymerization
and motor protein activity [30]. However, microtubules cannot attach directly to DNA, they
require a specialized linker. The role of this linker is carried out by a large multi-protein complex
called the kinetochore. However, the tasks of this complex extend beyond that of a simple
mechanical linker. Each kinetochore can be thought of as having three functional modules - one
that ensures cohesion to the chromatid, one that ensures cohesion to microtubules, and one that
acts as a sensor (the Spindle Assembly Checkpoint (SAC)) of chromosome bi-orientation [31].
Once this sensor is satisfied that all kinetochores are bi-oriented (attached to two microtubules
from opposite poles), it allows for the separation of the sister chromatids. If the sensor of a
single kinetochore is not satisfied, it triggers a signaling cascade that prevents all the others from
going forward with segregation. Since incorrect distribution of genetic material during division
usually results in non-viable or heavily deficient cells, the importance of the kinetochore complex
in virtually any eukaryotic organism cannot be understated. The roughly fifty structural and
kinetochore-associated proteins are highly conserved among all eukaryotes. While kinetochore
proteins in different organisms often go by different names (many were named before it was
known they were kinetochore proteins), most of them have clear homologs throughout eukaryota.
This can lead to some confusion, since names of human kinetochore proteins are often used to
describe their homologs in other organisms e. g. CENP-A in humans, cnp1 in fission yeast, cse4
in budding yeast, Cenpa in mice etc. Much of the research on kinetochores is spread through
different model organisms and often has to be pieced together to get a complete picture. In this
thesis, conserved mechanisms will be referred to by the names of their counterparts in humans,
as per community agreement. Organism-specific terminology will be used when appropriate, and
explicitly specified.
Though the kinetochore component proteins of different eukaryotes are very similar, the overall
assembly of kinetochores can vary quite drastically. The region of the chromosome upon which
kinetochores assemble is called the centromere. These regions, normally defined by the presence
of a special H3 histone variant called Centromeric H3 (CenH3) in the nucleosomes, can cover
anything between 125 base pairs and a single nucleosome as in budding yeast, to several hundred
kilobases in humans [32]. In this thesis, the focus was on the fission yeast Schizosaccharomyces
pombe kinetochore, which falls somewhere between these two extremes. Its 30-110 kb long
centromeres that span about 20 nucleosomes [33] are much more similar to the human ones [34] in
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terms of kinetochore construction than those of budding yeast, making possible discoveries more
transferable to a human model. Furthermore, S. pombe cells are much simpler to culture and
genetically modify than human cells, which facilitates fluorescent tagging and sample preparation.
In addition, they divide symmetrically just like human cells and possess only three chromosomes,
simplifying image acquisition and analysis.
The kinetochore is a challenging target to study, highly relevant in terms of biological and medical
impact and relatively little is known about its structure and stoichiometry. Therefore, it is an
excellent albeit difficult candidate for the application of the methodologies described in this work.
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7.2.2 Structure of the kinetochore complex
Figure 7.2: A schematic representation of the kinetochore complex. The schematic was constructed by combining
knowledge from protein interaction and fluorescence microscopy studies, backed with crystal structure data where
available. A single subunit of the proposed repeat-subunit model [35, 36] is marked by a red rectangle. CenH3
molecules in nucleosomes (grey) are marked as red and the region of centromeric chromatin is shaded grey. Due
to the lack of knowledge on several members of the Constititive Centromere Associated Network (CCAN) complex
[37], it is represented as a diffuse orange bar. All proteins with known crystal structures in at least one organism
are drawn roughly in scale with each other. The N-terminal regions of proteins where data on orientation and
protein-protein interaction is available are represented with darker colors (and marked with the letter N) while
C-terminal regions are colored with lighter colors.
Structurally, the kinetochore can be divided into two main parts: the inner kinetochore, which
provides attachment to the centromere, and the outer kinetochore, which provides attachment
to the microtubule. Each of these consists of several multi-protein complexes. Complexes of the
inner kinetochore assemble upon scaffolds called centromeres. These are epigenetically defined
regions of DNA that are marked by the presence of a variant of the H3 histone termed CenH3
(CENP-A in humans, Cse4 in S. cerevisiae, cnp1 in S. pombe). This protein replaces the H3
histone in nucleosomes of the centromeric region and triggers kinetochore assembly through
mechanisms of post-translational modification, deposition timing and chromatin organization
[38]. Interestingly, there is currently only one known exception where centromeres are not defined
by this CenH3, which is Trypanosoma [39]. The mechanisms of centromere definition are complex
and not entirely understood to this day [32]. Though the epigenetic definition of centromeres is
conserved in most eukaryota, centromeres of different organisms vary significantly in both length
and nucleotide sequence. We can roughly distinguish three types of centromeres: point, regional
and holocentromeres. In S. cerevisiae and some other budding yeasts, the centromere is defined
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by a specific sequence of 125 base pairs and contains a single CenH3 (cse4) nucleosome [40, 41].
Such a centromere is called a point centromere and the kinetochores that assemble on it bind to
a single microtubule [42]. In higher eukaryotes with regional centromeres, the situation is quite
different. Regional centromeres cover multiple thousand base pairs, depending on the organism.
Holocentromeres are found in certain nematodes, insects and plants. In this relatively uncommon
type, microtubules attach along the entire length of the chromosomes [43]. While point and
regional centromeres are very different, many of the molecular mechanisms are conserved [44].
In fact, the copy number of kinetochore proteins is proportional to the number of microtubule
binding sites at the kinetochore, rather than the length of the centromeric region. It is therefore
likely that kinetochores of organisms with regional centromeres are simply repeats of the basic,
point centromere kinetochores. Such a model has been termed the "Repeat subunit model" and
is backed by significant amounts of evidence [35, 36] (see Figure 7.2).
The centromere serves as a scaffold for the assembly of a network of roughly 16 proteins called
CCAN (Constitutive Centromere Associated Network). In human cells, CCAN proteins are
called CENP-B, C, H, I, K, L, M, N, O, P, Q, R, S, T, U, W and X [45, 46, 47, 48]) and these
names are often used when referring to conserved homologues in other organisms. While small
amounts of CenH3 can be found in different parts of the chromosome, CCAN proteins are only
present on active centromeres. Most CCAN proteins remain at the centromere throughout the
cell cycle, though they undergo varied turnover patterns [49, 50]. Relatively little is known
about most members of the CCAN. CENP-O/P/Q/R/U are known to associate into a complex
[51] and require the presence of the remaining proteins (CENP-C/H/I/K/L/M/N) to localize
at the centromere [47]. Loss of the entire OPQRU complex has no effect on the recruitment of
other kinetochore proteins and its importance seems to depend highly on the specific organism
in question and even different cell types within the same organism [52, 53]. Some of these
proteins were shown to play a role in chromosome congression to the metaphase plate [54] and in
kinetochore-microtubule attachment [55].
A few CCAN proteins have been extensively studied. Two important representatives, CENP-C
(cnp3 in S. pombe) and CENP-N (mis15 in S. pombe) stand out. These two proteins ensure
the assembly of the two main pathways of inner-to-outer kinetochore attachment. CENP-C and
CENP-N can both identify specific structural properties of CenH3. CENP-C interacts with the
C-terminus of CenH3 [56, 57], as well as a region of CenH3 called the CATD [58]. CENP-N also
interacts with the CATD and both proteins preferably interact with nucleosomal instead of free
CENP-A (CenH3) [59, 60].
CENP-C binds to CenH3 with its central region while its long C- and N-terminal tails extend away
from the DNA. While the C-terminus plays an important role in the epigenetic mechanisms of
centromere specification, the N-terminus of CENP-C interacts with the N-terminal regions of the
outer kinetochore mis12 complex (mis12, nnf1, dsn1, nsl1 in S. pombe) [61]. The mis12 complex C-
terminal region then binds to the C-terminal domains of the spc24/25 part of the highly conserved
ndc80 complex [62]. The large ndc80 complex consists of four subunits; ndc80, nuf2, spc24 and
spc25. Each of the four component proteins has a globular domain and a long, coiled-coil domain.
Proteins of the two heterodimers assemble in a parallel fashion – the globular domains at the N-
terminal ends of ndc80 and nuf2 and the coiled-coil regions at their C-terminal ends bind together
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in a pseudo-2-fold symmetry. The inverse is true for the spc24/spc25 heterodimer, with globular
domains at their C-terminal ends and coiled-coil rods at their N-terminal ends [63, 64, 65, 66]. The
dimers bind to each other via their coiled-coil termini (C-terminus of ndc80/nuf2 to N-terminus
of spc24/spc25), forming a tetrameric junction through conserved amino-acid interactions [67].
The globular domain of ndc80 directly interacts with microtubules and has been shown to be
responsible for high-affinity microtubule binding and proposed to act as a sensor that recognizes
straight microtubule filaments [68, 69]. Through these other complexes, CENP-C provides the
first major pathway of centromere-microtubule tethering [62, 70] (see Figure 7.2).
CENP-N binding to CenH3 triggers the recruitment of several kinetochore components, but most
importantly the CENP-T/W/S/X (cnp20, wip1, mhf1, mhf2 in S. pombe) complex [32]. The
CENP-T/W/S/X proteins all contain histone fold domains and form heterotetramers. It is not
clear if these proteins form nucleosome-like structures, with DNA wrapping around them, or simply
bind to DNA from the outside, but they are vital for kinetochore assembly [71, 72]. The CENP-T
(cnp20 in S. pombe) component has a long, conserved N-terminus that extends away from the
DNA and binds to the C-terminal globular domains of the spc24/25 end of the ndc80 complex,
which then binds to microtubules via the N-terminal domains of ndc80. This interaction provides
the second major centromere-microtubule connecting pathway [73, 74]. It is known from pulldown
assays that the T/W/S/X complex interacts with regular H3 histones, not CenH3 [75]. A third
pathway exists via the Knl1 (spc7 in S. pombe) complex. The Knl1 protein is a large protein with
a long, disordered tail at the N-terminal end and a globular head at the C- terminal end. Similar
to the ndc80 complex, the globular head binds directly to the C-terminal regions of the mis12
while the tail interacts directly with the microtubule [37] (see Figure 7.2).
Interestingly, experiments in S. cerevisiae showed that artificially tethering just the N-terminus of
CENP-T to a different part of the chromosome led to chromatid segregation, even in the complete
absence of CenH3 [76, 77]. Alternatively, tethering the N-terminus of CENP-C to DNA also allows
for chromatid segregation, by linking DNA to kinetochore via the CENP-C/mis12 complex/ndc80
pathway [76]. These findings suggest that these mechanisms might be mutually redundant and act
as backups for each other, which is corroborated by the fact that some organisms like Drosophila
and C. elegans lack a CENP-T homologue and rely entirely on the mis12 linkage [78]. However,
as mentioned earlier, centromeres have stretches of H3 and CenH3 nucleosomes. Since each of
these mechanisms connects to the DNA via different nucleosomes, it is likely that they are simply
a way of utilizing the entire available length of the centromere for microtubule attachment. The
Knl1 tethering pathway seems to be largely redundant, though it has been shown to have a role
in mis12 complex localization and spindle assembly checkpoint signaling [79, 80].
Finally, at the outermost part of the outer kinetochore, the dam1/DASH (dam1 in S. pombe)
complex assists in transferring forces exerted by microtubules to the rest of the kinetochore. It
does so by associating with a characteristic loop region the ndc80 protein [81]. It has been shown
that dam1 cannot be the only coupling between kinetochore and microtubules, since it is not
essential in fission yeast [82] and only present in fungi, though Ska1 may replace it in human cells
[83].
7.2.3 Multi-Color, Quantitative Imaging of the Fission Yeast Kinetochore
The S. pombe kinetochore is undoubtedly a challenging target for SMLM imaging. It contains
over 50 different proteins, making it completely impossible to crystallize as a whole complex with
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Figure 7.3: a) Representation of the procedure used to image the S. pombe kinetochore. i simplified representation
of the imaged components. ii Using the fluorescently tagged Spindle Pole Body - yeast microtubule organizing
element (SPB)s to determine the orientation and focal plane of the structure and the fluorescently tagged cnp1
as a reference point for each POI. iii Measuring the protein-protein distances between cnp1 and the POI for
each kinetochore protein sequentially to build a 2-D model iv of the kinetochore architecture. b) Actual imaging
procedure with real data. i Imaging the sad1-bound mScarlet-I with conventional fluorescence microscopy to find
the focal plane of the kinetochores. ii Imaging the Monomeric Photoconvertible Eos Fluorescent Protein Version
with a threonine substitition at position 69 (mEos3.2-A69T) attached to the POI with primed-conversion. iii
Imaging the cnp1 via PAmCherry whith UV activation. iv Three-color composite, with the 6 kinetochores clearly
visible.
current technology. Attempts to isolate the intact complex and image it with Cryo-EM have been
wholly unsuccessful and conventional transmission-EM images reveal only hints of an overall shape
[84]. Since SMLM can be used while the kinetochore is in its natural environment inside of a cell, it
seemed the ideal technique to try instead. However, unlike the nuclear pore complex or endocytic
vesicle, it exhibits no known radial symmetries and it is far too small to be visible as anything
more than a fluorescent spot when imaged by conventional fluorescent microscopy. To put it short,
besides crystal structures of individual complexes and some known interactions, the architecture
of the kinetochore complex is an open book. As mentioned earlier, most SMLM studies on multi-
protein complexes in the past built upon some form of existing shape or structure. In the case of the
kinetochore, this was obviously not possible. While a difficult challenge, solving the architecture
of the kinetochore with SMLM is by no means impossible. To tackle this issue, two starting points
could be considered. First, the kinetochore is always built upon the scaffold of the centromere,
which means that the cnp1 protein will always mark the innermost region of the kinetochore.
Second, during cell division, kinetochores are being pulled apart by microtubules originating from
SPBs, providing a second reference point. In S. pombe, the SPBs remain associated with the
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nuclear membrane throughout the division process [85]. Assuming that the forces exerted on the
kinetochore by microtubules on one side and DNA on the other will stretch each kinetochore
along the axis formed by the two spindle pole bodies, it should be possible to determine the
orientation of each kinetochore. Knowing this, we envisioned a 3-target imaging strategy in which
fluorescently tagged SPBs serve as reference points for finding the orientation of the mitotic spindle
and consequentially the focal plane containing the kinetochores. A tagged cnp1 would serve as a
common reference point for each kinetochore POI, all of which would be imaged in a third color,
sequentially. The cnp1 anchor point would then allow us to measure the distance of each POI
population from the centromere, building up a 2-dimensional model.
The first obvious challenge to overcome in such a strategy was imaging the three targets at once.
Two-color SMLM can be difficult on its own, as discussed in the first three chapters of this thesis.
While adding a third color is possible in some samples, it proved to be an enormous technical
challenge in S. pombe. Fission yeast cells proved to be extremely difficult to stain with any
known system, from nanobodies to enzyme tags and even when specific staining was achieved,
the amount of background staining was too high for the single-molecule precision of SMLM.
Furthermore, for reasons we cannot explain, even when staining was achieved, fluorescent dyes
exhibited unpredictable photophysical behavior, often refusing to blink. The fortunate solution
came in the form of the sequential multi-target imaging scheme described in Section 6.2 of
this thesis. Without the use of exogenous tags, this scheme would only enable SMLM imaging
of two targets. However, since the SPB references were only there to provide orientation, they
did not need to be imaged in super-resolution. S. pombe is simple to genetically modify, readily
recombining transformed DNA into its genome given the appropriate flanking homologies. Hence,
constructing a template strain with the SPB sad1 protein tagged with the bright, conventional
FP monomeric Scarlet Fluorescent Protein with a a threonine to isoleucine mutation at position
74 (mScarlet-I) [86] and the cnp1 protein tagged with the photo-activatable PAmCherry was quite
simple. The strain was then used as a parent for a library of strains with different kinetochore
proteins tagged with the primed-photoconvertible variant of the mEos3.2-A69T. As mentioned,
fluorescent protein fusions come with a range of worries, especially in the context of a tightly packed
multi-protein complex as essential as the kinetochore. Each strain carrying the FP fusions was
evaluated by cell morphology shape assessment through microscopy and flow-cytometry analysis,
as well as microtubule destabilizing drugs. In fact, several strains did not pass the evaluation.
For example, cells of the strain in which cnp3 (the very important CENP-C) was tagged with
mEos3.2-A69T exhibited an extremely elongated phenotype, as well as slower growth. Such defects
will be thoroughly examined in the future and alternative tagging strategies for the defect strains
will be considered. This is, however, outside of the scope of this thesis, which stands primarily as
a proof-of-principle work.
After some protocol optimization (Appendix B, section 9.3), the imaging scheme was finalized
as described in Figure 7.3. The mScarlet-I bearing SPBs were imaged first, to determine the
focal plane of the mitotic spindle Fig 7.3 b) i. This had no effect on the other FPs, since they did
not absorb orange light at this point. The mScarlet-I was then bleached completely with intense
orange illumination. The POI was imaged next by converting the mEos3.2-A69T to orange with
a combination of blue and infrared light Fig 7.3 b) ii. The acquisition was stopped only when no
more mEos3.2-A69T was detectable, to ensure a quantitative readout. Finally, the cnp1-attached
PAmCherry was activated with UV and imaged in full Fig 7.3 b) iii. After post processing, the
three images were aligned with the help of fluorescent fiducial markers in the sample Fig 7.3 b)
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iv, producing a three-color composite.
Figure 7.4: Results of SMLM imaging of the S. pombe kinetochore. A schematic representation of the kinetochore
based on protein-protein interaction, crystallography and electron microscopy data. Proteins that were imaged
in the context of this thesis are represented as solid, while proteins that were not imaged in the context of this
work are faded out. All imaged POIs were tagged on their C-termini. The predicted locations of the fluorescent
tag are represented as stars. On the right, vertical bars represent the cnp1-POI distance distributions, with the
centers of the bars marking the expected distance and the lengths of the bars representing the standard deviations
of the distributions. Diameters of circles in the middle of the bars represent the uncertainty of the expected
value, obtained by calculating the standard deviation of the distribution of all the means obtained from the several
thousand bootstrapping runs. Numbers on the first axis are in nanometers and the colormap on the right codes for
the mean of the distribution of the number of blinking events recorded for each protein cluster - see color of protein
distribution bars. All numerical values are specified in Table 7.1.
In SMLM, images are only used for graphical representation, not data anylsis. Actual analysis
is performed on the localization files, lists of coordinates where each point represents a single
fluorophore in a single frame of the movie. These are extracted with specialized fitting algorithms.
In this work, two such programs were used; RapidStorm [87] and ThunderStorm [88]. Since the
amount of data generated was too large to process manually, the localization files were analyzed
by custom scripts written in the Python 3 programming language, described in more detail in
Appendix B, section 9.3. In short, localization files were aligned based on the coordinates of
fiducial markers added to the samples. Localizations of each channel were run through a clustering
routine based on the Ordering Points To Identify the Cluster Structure (OPTICS) algorithm.
Each such cluster represented the cnp1 or POI population of a single kinetochore. The number
of localizations in these clusters directly represented the number of blinking events recorded, and
is proportional to the total number of proteins in the population. Though this is not an absolute
number without careful control experiments, it can already be used as a relative reference to the
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Table 7.1: Results of kinetochore POI SMLM imaging
fta2 fta7 cnp20 spc7 nnf1 mis12 ndc80 dam1
distance mean 5.3 7.2 9.3 17 21.6 24.3 31.7 55.6
distribution sigma 20 14.9 17.4 18 17 16.8 14.1 20.4
experimental precision 6.7 6.5 6 6.3 4 3.6 3.6 5.5
POI count 49 54.4 60.8 100 93 70 57.8 40.5
N kinetochores analyzed 28 20 35 37 39 57 16 10
abundance of each protein. At every step of the analysis, the data was visualized with a custom
visualization software written in the C++ programming language. The visualized localization
clusters were manually assigned to kinetochores, pairing up cnp1 and POI clusters. Localizations
of each cluster pair were then projected onto the mitotic spindle axis, defined by the centers of the
two SPB fluorescent spots. This collapsed the complex shapes into a simple 1-dimensional normal
distribution, allowing the protein-protein distances to be determined by measuring the distance
between the centers of the two distributions. The measurement produced a distribution of these
projection distances for each analyzed protein. To improve the accuracy of the measurement,
a custom bootstrapping algorithm was employed, in which the mean and standard deviation of
the distance distribution was calculated several thousand times, on re-sampled subsets of the
data. The calculated mean was taken as the expected distance of the analyzed protein from cnp1
(represented by centers of the vertical bars in Figure 7.4), while the calculated standard deviation
was interpreted as the natural spread of the protein along the kinetochore axis (length of the
bars in Figure 7.4). The uncertainty of this expected distance was determined by calculating the
standard deviation of the distribution of the means generated by the bootstrapping (diameter of
the diffuse circles in Figure 7.4). This process was carried out for several kinetochore proteins
and the results obtained are summed up in Figure 7.4.
While these results are preliminary and significantly more imaging and control experiments must
be carried out in the future, some interesting conclusions can already be drawn from them. Overall,
results of the distance measurements fit well with what is known from the literature. Three of
the eight imaged proteins, cnp20, fta7 and fta2, belong to the CCAN network, which is known
to be closely associated with the centromere. Indeed, the three proteins were measured to be
the closest to cnp1 at 9.3, 7.2 and 5.3 nanometers, respectively. While the data shows a high
amount of variation, both in terms of the width of the distribution of the protein distances as
well as in the accuracy of the measurement, this is likely caused by an inherent limitation of the
distance calculation (discussed in more detail in Appendix B, section 9.3) and can probably
only be improved by modification of the imaging strategy. To gain more accurate measurements
on these centromere-associated proteins, a protein from the outer kinetochore (such as ndc80,
mis12 or spc7) should replace cnp1 as the reference point. Such a modification would not only
improve the quality of data on proteins close to the chromatin but also serve as a control; if the
distances between cnp1 and an outer kinetochore reference to a POI add up to the same number
as the distance between the two reference proteins themselves, this would be a good indication
that the measurements are accurate. This strategy will definitely be implemented in the near
future. Results obtained for mis12, nnf1 and ndc80 are also in accordance with the literature,
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with expected distances from cnp1 of 24.3, 21.6 and 31.7 nanometers, respectively. As discussed
in section 7.2.2, mis12 and nnf1 are known to be parts of the same complex and should have
the same orientation in terms of their C- and N-termini. In agreement with this,the distance
distributions of these two proteins in the measured data overlap almost perfectly. Interestingly,
the localization counts of mis12 and nnf1 differ with 60 and 80 blinking events, respectively. This
is in conflict with crystallographic data and at this stage, it is impossible to conclude whether this
difference is an artefact of the imaging procedure (due to chromophore maturation and other such
effects), data analysis due to low statistics and lack of control experiments, or a real property of a
kinetochore studied in its natural environment. Overall, analysis of protein counts is currently in a
rudimentary state at best and very few conclusions can be drawn from it. In the future, the relative
counts will be converted into absolute protein counts through the use of tagged protein-complex
standards with known stoichiometries, such as ferritins [22] or nuclear pore complexes [89]. The
distance of ndc80 from cnp1 of 31.7 nanometers is also in agreement with what is expected from
the literature. As measured here, the distance between the C-termini of nnf1 and mis12 to ndc80
are 10.1 and 7.4 nanometers. Judging by the crystal structure of the entire ndc80 complex (spc24
and spc25 included), these numbers appear to be in the correct range — though it is difficult to
judge where exactly on the complex the FP tag is located. Finally, the spc7 result is surprising.
As discussed above, spc7 (knl1) interacts with the mis12 complex with its C-terminl domain. In
the presented data, it seems closer to cnp1 than either mis12 or nnf1, at an expected distance
of 17 nanometers. It is possible that the C-terminus, where the FP is located, extends further
past the mis12 complex, explaining this shorter distance. In any case, while the data is very
promising, much more of it must be acquired, both in the case of the proteins already imaged, as
well as the plethora of the ones that have not yet been imaged. Higher statistics, the discussed
flipped-reference control and a quantitative standard for protein counting would greatly improve
the quality of the current model. This two-dimensional model is not the final goal, though. Once
sufficient numbers of imaged kinetochores are reached, the approach could easily be extended with
particle averaging. Using the reference proteins and mitotic spindle angles to anchor and orientate
each kinetochore, particle averaging is within reach. Such an approach could be improved upon
even further by the implementation of 3-dimensional imaging and finally computer simulations of
the entire complex, based on data known from the literature and measured using this approach.
Either way, the presented data shows that the tools developed in the scope of this thesis can indeed
be effectively applied to study large multi-protein complexes such as the kinetochore. While not all
of them were employed in the final imaging strategy, that was more due to the specific properties
of the studied model organism, rather than the tools themselves.
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chromatin organization
A transient pool of nuclear F-actin at
mitotic exit controls chromatin
organization
Christian Baarlink, Matthias Plessner, Alice Sherrard,
KohtaroMorita, ShinjiMisu, David Virant, Eva-Maria
Kleinschnitz, Robert Harniman, Dominic Alibhai, Stefan
Baumeister, Kei Miyamoto, Ulrike Endesfelder,
Abderrahmane Kaidi and Robert Grosse
This part of the thesis is written in the style of a manuscript and was published in Nature Cell
Biology. While not directly related to the main project, it was a technically challenging project
that yielded interesting results. I contributed to this work by developing the optimized labelling
and imaging procedure performing all the dSTORM imaging and data analysis, creating the
related figures and writing that part of the materials and methods. [90]
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A transient pool of nuclear F-actin at mitotic exit
controls chromatin organization
Christian Baarlink1,8, Matthias Plessner1,8, Alice Sherrard2,8, Kohtaro Morita3, Shinji Misu3, David Virant4,
Eva-Maria Kleinschnitz1, Robert Harniman5, Dominic Alibhai6, Stefan Baumeister7, Kei Miyamoto3,
Ulrike Endesfelder4, Abderrahmane Kaidi2 and Robert Grosse1,9
Re-establishment of nuclear structure and chromatin organization after cell division is integral for genome regulation or
development and is frequently altered during cancer progression. The mechanisms underlying chromatin expansion in daughter
cells remain largely unclear. Here, we describe the transient formation of nuclear actin filaments (F-actin) during mitotic exit.
These nuclear F-actin structures assemble in daughter cell nuclei and undergo dynamic reorganization to promote nuclear
protrusions and volume expansion throughout early G1 of the cell cycle. Specific inhibition of this nuclear F-actin assembly
impaired nuclear expansion and chromatin decondensation after mitosis and during early mouse embryonic development.
Biochemical screening for mitotic nuclear F-actin interactors identified the actin-disassembling factor cofilin-1. Optogenetic
regulation of cofilin-1 revealed its critical role for controlling timing, turnover and dynamics of F-actin assembly inside daughter
cell nuclei. Our findings identify a cell-cycle-specific and spatiotemporally controlled form of nuclear F-actin that reorganizes the
mammalian nucleus after mitosis.
Cytoplasmic actin polymerization at plasma membranes is an
essential and versatile process that defines cellular shape, determines
cell polarity, cell–cell and cell–matrix interactions, and drives
cytokinesis1. In addition, it is well established that actin resides in
the nuclear compartment of somatic cells2,3. For example, monomeric
actin is stably assembled into chromatin-remodelling complexes4,5,
while a dynamic pool of actin appears to constantly shuttle
between the nucleus and cytoplasm in an importin 9- and exportin
6-dependent manner6. Similarly, many actin-regulatory proteins have
been described to enter the nuclear compartment2. More recently,
using nuclear-targeted probes, the presence of F-actin structures
was demonstrated in mammalian cell nuclei in response to serum,
integrin signalling or DNA damage7–9. However, whether transient
and dynamic nuclear actin filaments exert fundamental structural
functions in somatic cells to spatially reorganize nuclear architecture
has not been investigated10.
Mitotic cell division relies on a complex cascade of mechanistic
processes to precisely ensure maintenance of genomic organization
and integrity in the emerging daughter cells. During mitotic exit,
newly formed cells undergo a profound reorganization of their nuclear
content to re-establish an interphase nucleus, which is accompanied
by a striking expansion in nuclear size and volume11,12. Further key
processes include the reformation of a nuclear envelope and lamina,
assembly of nuclear pore complexes, and decondensation as well as
reorganization of the highly condensed mitotic chromosomes13,14.
Surprisingly, the cellular mechanisms, which drive nuclear expansion
while reversing mitotic chromosomes into an interphase chromatin
state, remain largely unexplored11,15,16.
RESULTS
Transient nuclear F-actin assembly during mitotic exit
We recently reported an approach to monitor endogenous nuclear
F-actin dynamics without detectable effects on nucleocytoplasmic
shuttling or the polymerization state of actin8. Our live-cell-
compatible approach relies on a transiently binding nanobody
directed against actin fused to a nuclear localization signal (anti-actin-
chromobody-GFP-NLS), herein referred to as nAC-GFP (nuclear
actin-chromobody-GFP)8. While examining mouse fibroblasts stably
1Institute of Pharmacology, BPC Marburg, University of Marburg, Karl-von-Frisch-Str. 1, 35043 Marburg, Germany. 2School of Cellular and Molecular Medicine,
Biomedical Sciences, University of Bristol, University Walk, Bristol BS8 1TD, UK. 3Faculty of Biology-Oriented Science and Technology, Kindai University,
930 Nishimitani, Wakayama 649-6493, Japan. 4Department of Systems and Synthetic Microbiology, Max Planck Institute for Terrestrial Microbiology and
LOEWE Center for Synthetic Microbiology (SYNMIKRO), Karl-von-Frisch-Str. 16, 35043 Marburg, Germany. 5Electron Microscopy Unit, School of Chemistry,
Biomedical Sciences, University of Bristol, Bristol BS8 1TS, UK. 6Wolfson Bioimaging Facility, University of Bristol, Bristol BS8 1TD, UK. 7Protein Analytics, Faculty of
Biology, University of Marburg, Karl-von-Frisch-Str. 8, 35043 Marburg, Germany. 8These authors contributed equally to this work.
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Figure 1 Spatiotemporal features and dynamics of nuclear F-actin formation
at mitotic exit. (a) Time-lapse imaging of NIH3T3 cells stably expressing
nAC-GFP (nuclear actin-chromobody-GFP; anti-actin-chromobody-GFP-NLS,
green, and grey in magnifications) together with LifeAct-mCherry (red)
during anaphase and mitotic exit. The asterisk indicates a nucleus
shown magnified in the lower panel. Images show maximum-intensity
projections of confocal z-stacks. See also Supplementary Video 1. Scale
bars, 10 µm; time stamp, h:min:s. (b) Live-cell imaging of NIH3T3 cells
stably expressing nAC-GFP (green) together with lamin-Cb-SNAP (lamin-
chromobody-SNAP, labelled by SiR-647, magenta) during mitotic exit. The
nucleus indicated by an asterisk is shown magnified for individual time
points. See also Supplementary Video 2. Scale bars, 10 µm (overview)
and 1 µm (magnifications). (c,d) Quantification of incidence (c) and
duration (d) of nuclear actin filament formation at mitotic exit using the
indicated nuclear actin probes. Data are shown as mean + s.e.m. n=60
(nAC-GFP), n = 30 (sAC-GFP, shuttling actin-chromobody-GFP), n=60
(phalloidin, formaldehyde fixation 70min after mitotic shake-off) mitotic
events, pooled from at least three independent experiments. (e) NIH3T3
cells at mitotic exit were fixed using glutaraldehyde and stained for actin
filaments using phalloidin-Atto 488. The area indicated by a dashed
square is shown magnified for individual confocal slices (I to V) in the
z-direction with a step size of 0.37 µm. Scale bars, 10 µm (overview)
and 1 µm (magnifications). Images in a,b,e are examples of at least five
independent experiments.
expressing nAC-GFP together with LifeAct-mCherry to co-visualize
cytoplasmic actin, we observed the striking and transient appearance
of nuclear actin filament structures when daughter cell nuclei
formed (Fig. 1a and Supplementary Video 1). These actin filaments
were constantly and dynamically reorganized within the nuclear
compartment (as visualized by a nanobody against lamin A/C),
arguing for a spatiotemporal function during the final stages of cell
division (Fig. 1b and Supplementary Video 2). Of note, nuclear actin
1390
© 2017 Macmillan Publishers Limited, part of Springer Nature. All rights reserved.
NATURE CELL BIOLOGY VOLUME 19 | NUMBER 12 | DECEMBER 2017
ART ICLES
concentrations appeared to be constant during exit from mitosis and
were not affected by the presence of nAC (Supplementary Fig. 1a,b).
Cell-cycle-associated nuclear actin filaments could be detected and
quantified using nAC-GFP or a shuttling actin-chromobody (sAC)
with comparable frequencies (Figs 1c and 3a and Supplementary
Video 3). Transient nuclear actin polymerization persisted for
60–70min during early G1 phase, followed by filament disassembly
during further progression into interphase (Fig. 1d and Supplementary
Video 1). Importantly, we confirmed our observations by using the
F-actin marker phalloidin in fixed, but otherwise native, untreated
cells (Fig. 1e). Nuclear actin polymerization at mitotic exit could also
be observed in MCF10A breast epithelial, RPE-1 retinal pigmented
epithelial and HT1080 fibrosarcoma cells, arguing for a conserved
feature among mammalian cell types (Supplementary Fig. 1c–e).
Mitotic nuclear actin filaments were not affected by
silencing of the nucleoskeletal proteins emerin or lamin A/C
(Supplementary Fig. 1f–h), or expression of a dominant-negative
KASH (Klarsicht/ANC-1/Syne-1 homology) domain (Supplementary
Fig. 1i), shown to disrupt the LINC (linker of nucleoskeleton and
cytoskeleton) complex17, suggesting that these filaments are different
in origin and function from those forming during cell spreading and
integrin-dependent signalling8.
Analysis of nuclear F-actin at mitotic exit using
super-resolution microscopy
Next, cells stably expressing nAC fused to the photoconvertible fluo-
rescent protein Dendra2 were imaged by photoactivated localization
microscopy (PALM; Fig. 2a and Supplementary Fig. 2a). Under these
conditions, 96% of all cells showed nuclear actin filaments at mitotic
exit. Actin filaments were of severalmicrometre lengthswith an appar-
ent width of about 50–90 nm, which can be explained by single actin
fibres stained with nAC-Dendra2 of about 10 nm width and thin bun-
dles of about 2–5 fibre diameters convolved with the achieved PALM
resolution of about 40 nm (Fig. 2b and Supplementary Fig. 2a,b).
To further investigate native cells, phalloidin staining was
performed to confirm these findings using stochastic optical
reconstruction microscopy (STORM) imaging on cells fixed at
defined time points during mitotic exit (Supplementary Fig. 2c). This
revealed nuclear actin fibres for up to 60min after anaphase. The
reduced background and improved resolution of 30 nm allowed us
to detect a population of even thinner, 40-nm-wide nuclear actin
filaments in addition to thicker, more bundled subsets of F-actin
structures (Fig. 2c,d and Supplementary Fig. 2c).
Postmitotic nuclear volume expansion requires nuclear actin
polymerization
To gain insight into the functional role of nuclear F-actin formation
in early G1, we visualized nuclear actin filaments together with a
fluorescently labelled histone H2B to label the nuclear compartment.
This revealed a substantial expansion of nuclear volume during
the period of nuclear F-actin assembly as well as distinct nuclear
protrusions associated with the emerging dynamic nuclear F-actin
structures (Fig. 3a and Supplementary Video 4).
To assess a potential role of nuclear F-actin formation in reshaping
the newly forming nuclei after cell division, we first tested for the
effects of various pharmacological inhibitors of the actin cytoskeleton
that were directly added under the microscope to cells exiting mitosis.
The actin-depolymerizing agents cytochalasin D or latrunculin B
robustly impaired nuclear volume expansion, while the Arp2/3
inhibitor CK-666 had no effect (Supplementary Fig. 3a,b).
As pharmacological agents interfere globally with actin dynamics,
we aimed to directly assess the impact of nuclear actin by expression of
its specific nuclear export factor exportin 6 to enhance nuclear export
of actin monomers (Supplementary Fig. 1b)15. This resulted not only
in a strongly reduced number of cells displaying nuclear F-actin during
mitotic exit (Fig. 3b), but also in a significantly impaired volume
expansion of daughter nuclei (Fig. 3c,d).
To more specifically address the role of polymerized nuclear actin,
we generated cell lines stably expressing a doxycycline-inducible,
nuclear-targeted version of the polymerization-deficient actin
mutant actinR62D (NLS-BFP-actinR62D)8,18, to dilute the amount
of polymerization-competent actin monomers within the nuclear
compartment. Similarly to expression of exportin 6, this approach
resulted in a strong reduction of nuclear actin filaments as well as
impaired nuclear expansion compared with control cells expressing
only BFP-NLS (Fig. 3e–g). To control for any effects potentially
arising from an increased concentration of nuclear actin monomers,
we additionally compared the effects of actinR62D with wild-type
actin (actinWT) instead of BFP. Given the potential limitations of
fluorophore-tagged actin19, we generated doxycycline-inducible
Flag-NLS-actin constructs fused to a self-cleavable SNAP-tag, which
allowed us to indirectly identify expression of these Flag-actin deriva-
tives in live dividing cells (Supplementary Fig. 3c–f). Importantly,
this experimental set-up confirmed our results (Fig. 3g); clearly
demonstrating the critical need for a polymerization-competent pool
of nuclear actin required for nuclear volume expansion.
Notably, the effects of nuclear F-actin on nuclear volume expansion
were specific for cells at the mitotic exit, as no differences in
nuclear volume could be detected among nuclei of cells arrested in
interphase during induction of actinR62D expression (Supplementary
Fig. 3g). Furthermore, global transcriptional inhibition by the CDK
inhibitory drug flavopiridol during cell division did not affect the
rate of daughter nuclei expansion (Supplementary Fig. 3h,i), excluding
altered transcription as a cause of the observed phenotype.
Using atomic force microscopy (AFM) on isolated nuclei from
synchronized live cells enabled us to visualize the structure of the
nuclear surface in early G1 as well as interphase (Fig. 3h). This
revealed a remarkably rough nuclear surface indicative of nuclear
protrusions in postmitotic control cells expressing Flag-NLS-actinWT,
which were absent in Flag-NLS-actinR62D-expressing nuclei displaying
an overall much flatter nuclear surface (Fig. 3h,i). Similar nuclear
protrusions were observed on postmitotic nuclei from untransfected
cells. Of note, induction of chromatin decompaction by trichostatin A
(TSA)-treatment of interphase nuclei20 did not result in an increased
nuclear surface roughness (Fig. 3h,j), arguing for a cell-cycle-specific
phenomenon that critically depends on the involvement of nuclear
F-actin formation in early G1.
Nuclear actin assembly affects early G1 chromatin
reorganization
While visualizing nuclear actin dynamics together with the histone
H2B, we found nuclear F-actin to reside within interchromatin spaces
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Figure 2 Super-resolution microscopy reveals structural features of nuclear
F-actin at mitotic exit. (a) Photoactivated localization microscopy (PALM)
of nuclear actin filaments in fixed NIH3T3 cells stably expressing nAC-
Dendra2 (anti-actin-chromobody-Dendra2-NLS, orange) at mitotic exit. DIC
(differential interference contrast) images were acquired over time to
monitor mitotic progression and to allow for time-defined fixation 20min
after anaphase. Experimental resolution after drift correction is 33 ± 1nm.
Scale bars, 5 µm. (b) Filament widths of nAC-Dendra2-labelled nuclear
actin filaments (n= 81 filaments, data were pooled from at least three
independent experiments) as histograms (top) with a bin size of 10.65nm
(x axis) plotted against frequency (y axis). Full data are represented
underneath the histograms as box and scatter plots with the same x axis.
The box marks the first and third quartiles and the indent represents
the median. Whiskers mark minimal and maximal values. (c) Stochastic
optical reconstruction microscopy (STORM) of phalloidin-stained nuclear
actin filaments in native NIH3T3 cells at mitotic exit. The overview image
focuses on a nucleus 45min after anaphase (see also Supplementary Fig. 2c).
The magnifications show representative thin (1) and thick (2) filaments
with different labelling densities. Scale bars, 5 µm (overview) and 200nm
(magnifications). (d) Filament widths of phalloidin-labelled nuclear actin
filaments (n=53 filaments, data were collected from one experiment) as
histograms (top) with a bin size of 14.3 nm (x axis) plotted against frequency
(y axis). Full data are represented underneath the histograms as box +
scatter plots with the same x axis. The box marks the first and third
quartiles and the indent represents the median. Whiskers mark minimal and
maximal values.
in the emerging daughter cell nuclei (Fig. 4a and Supplementary
Video 3). This observation as well as the time period of nuclear
actin polymerization during which chromatin decondensation takes
place12 prompted us to further investigate a potential role for F-actin
in this process.
Quantifications of chromatin density assessed by three-
dimensional (3D) H2B-mCherry fluorescence intensities revealed a
significantly higher degree of chromatin compaction in postmitotic
nuclei impaired for the assembly of nuclear F-actin either by
expression of exportin 6 or nuclear-targeted actinR62D (Fig. 4b–e).
To more directly measure the degree of chromatin compaction, we
established a fluorescent lifetime imaging microscopy (FLIM) assay
to determine fluorescence energy transfer (FRET) between GFP- and
mCherry-tagged histone H2B (Supplementary Fig. 4a,b)21. Consistent
with a role of nuclear F-actin in postmitotic chromatin dynamics,
we found that induced expression of Flag-NLS-actinR62D but not
Flag-NLS-actinWT (Fig. 4f,g), as well as expression of exportin 6
(Fig. 4h,i) resulted in a significantly reduced fluorescence lifetime of
GFP-H2B in synchronized early G1 cells (Fig. 4f–i).
Given the conserved roles of increased histone H3 Ser10 phos-
phorylation (H3S10ph) and decreased histone H4 Lys16 acetylation
(H4K16ac) in mitotic chromatin condensation22, we confirmed the
effects of altered nuclear F-actin assembly on chromatin reorganiza-
tion by analysing these histone modifications in cells synchronized by
mitotic shake-off. While control cells (BFP-NLS) re-established lower
levels of H3S10ph and higher levels of H4K16ac within 90min, cells
expressingNLS-BFP-actinR62D sustainedmitotic levels of these histone
modifications (Supplementary Fig. 4c). In addition, we found higher
nuclear levels of Aurora B, a kinase responsible for H3S10 phosphory-
lation23, as well as a lower levels of KAT5, known to mediate H4K16
acetylation24, in cells expressing Flag-NLS-actinR62D (Supplementary
Fig. 4d,e). Consistently, chromatin obtained from cells exiting mitosis
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Figure 3 Nuclear F-actin reshapes nuclei, and promotes nuclear volume
expansion after mitotic cell division. (a) NIH3T3 cells stably expressing
nAC-GFP and H2B-mCherry during mitotic exit. The asterisk indicates
the nucleus shown for the additional time points. The dashed rectangles
indicate areas of dynamic nuclear protrusions, shown magnified over time.
The arrows indicate the direction of protrusions. See also Supplementary
Video 4. Time stamp, min:s. (b) NIH3T3 cells expressing nAC-GFP, and
mCherry or mCherry-exportin 6 (insets) after anaphase. The figures give
the proportion of cells showing nuclear F-actin in the presence (n= 15)
or absence (n=17 mitotic events) of GFP-exportin 6, visualized by nAC-
mCherry. (c) Nuclear expansion after anaphase (00:00), visualized by H2B-
mCherry in NIH3T3 cells expressing GFP or GFP-exportin 6. Images are
examples of quantifications in d, showing 3D surface reconstructions of
daughter nuclei. Time stamp, h:min. (d) Quantification of nuclear volume
during mitotic exit in NIH3T3 cells expressing either GFP or GFP-exportin 6.
Data are shown as mean ± s.e.m. (n = 30 nuclei, pooled from four
independent experiments). (e) NIH3T3 cells stably expressing nAC-GFP and
doxycycline-induced BFP-NLS or NLS-BFP-actinR62D (insets) at mitotic exit.
The figures give the proportion of cells showing nuclear F-actin (n= 22
(BFP-NLS), n=18 (NLS-BFP-actinR62D) mitotic events). (f) Visualization of
nuclear expansion in NIH3T3 cells expressing doxycycline-induced BFP-NLS
or NLS-BFP-actinR62D similar to c. Images are examples of quantifications
in g. (g) Quantification of nuclear volume during mitotic exit in NIH3T3
cells expressing doxycycline-induced BFP-NLS or actin derivatives, as
indicated. Data are shown as mean ± s.e.m. (n= 60 (BFP-NLS, NLS-
BFP-actinR62D), n=50 (Flag-NLS-actinWT, Flag-NLS-actinR62D) nuclei, pooled
from three independent experiments). (h) AFM images are examples of
quantifications in i and j, showing nuclear surface morphology of isolated
NIH3T3 nuclei. Early G1 nuclei were obtained from cells expressing Flag-
NLS-actinWT or Flag-NLS-actinR62D, whereas interphase nuclei were treated
with or without TSA to induce chromatin decondensation. (i) Quantification
of surface roughness of early G1 nuclei expressing Flag-NLS-actinWT or
Flag-NLS-actinR62D. Data are shown as mean ± s.e.m. (n= 9 nuclei per
condition, pooled from two independent experiments). P values were
calculated by t-test. (j) Quantification of surface roughness of control
or TSA-treated interphase nuclei. Data are shown as mean ± s.e.m.
(n=7 nuclei per condition, pooled from two independent experiments).
P values were calculated by t-test. Scale bars, 10 µm (a,b,e) or 1 µm
(h, magnifications in a). Images in a,b,e are examples of at least three
independent experiments.
and expressing NLS-BFP-actinR62D appeared more resistant to MNase
digestion (Supplementary Fig. 4f), arguing for reduced chromatin
accessibility.
Furthermore, electron microscopy of cryopreserved samples
allowed us to directly quantify the amount of condensed chromatin,
which appears as an electron-dense structure in unlabelled samples
(Fig. 4j and Supplementary Fig. 4g). This approach confirmed a
highly significant increase in the proportion of condensed chromatin
at mitotic exit in cells expressing either nuclear-targeted actinR62D
(Fig. 4j,k) or exportin 6 (Fig. 4l and Supplementary Fig. 4h) compared
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Figure 4 Nuclear actin dynamics promote chromatin decondensation at
mitotic exit. (a) NIH3T3 cells stably expressing a shuttling actin-chromobody
(sAC-GFP, green) together with H2B-mCherry. The asterisk indicates the
nucleus shown magnified for the additional time points to visualize nuclear
F-actin within interchromatin spaces. The image series is one example of
at least three independent experiments. See also Supplementary Video 3.
Scale bars, 10 µm; time stamp, min:s. (b) Maximum-intensity projections
of confocal z-stacks are examples of the quantifications in c, illustrating
H2B-mCherry fluorescence densities (grey) during mitotic exit in NIH3T3
cells co-expressing BFP-NLS or NLS-BFP-actinR62D. Scale bar, 10 µm; time
stamp, h:min. (c–e) Chromatin densities of NIH3T3 cells were assessed
in G0 or 90min after anaphase (mitotic exit) and compared between
expression of BFP-NLS and NLS-BFP-actinR62D (each n= 60 nuclei) (c),
expression of Flag-NLS-actinWT and Flag-NLS-actinR62D (each n=50 nuclei)
(d) or expression of GFP and GFP-exportin 6 (each n= 30 nuclei) (e).
In each panel, data are shown as mean + s.e.m. pooled from three
independent experiments. P values were calculated by two-way ANOVA.
(f–i) FLIM of FRET between GFP- and H2B-mCherry NIH3T3 cells at
mitotic exit. Images in f and h are examples of quantifications in g and i.
The colour code indicates fluorescence lifetime of GFP-H2B. Scale bar,
10 µm. (g,i) Quantifications of GFP-H2B fluorescence lifetime (Tau) in early
G1 NIH3T3 cells expressing either Flag-NLS-actinWT or Flag-NLS-actinR62D
(each n=20) (g) or Flag-exportin 6 (each n=30) (i). Data are shown as
boxplot, pooled from three independent experiments. The box marks the first
and third quartiles and the indent represents the median. Whiskers mark
minimal and maximal values. P values were calculated by t-test. See also
Supplementary Fig. 4a,b. (j) Electron microscopy images are examples of
quantifications in k, showing cryopreserved, synchronized early G1 NIH3T3
cells induced to express BFP-NLS or NLS-BFP-actinR62D. The areas indicated
by a dashed square are shownmagnified. Scale bar, 2 µm. (k,l) Quantifications
of condensed chromatin based on EM images. Chromatin condensation was
compared between control conditions and expression of either NLS-BFP-
actinR62D (each n=30) (k) or expression of GFP-exportin 6 (n=15 (control),
n= 23 (GFP-exportin 6)) (l). In each panel, data are shown as mean +
s.e.m., pooled from two independent experiments. P values were calculated
by t-test.
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Figure 5 Inhibition of nuclear F-actin formation impairs transcription,
proliferation and early embryonic development. (a) 3D quantification of
nuclear RNA Pol II pS5 fluorescence intensities in NIH3T3 cells expressing
either GFP (n=14) or GFP-exportin 6 (n=18) at the indicated time points
after mitotic shake-off. See also Supplementary Fig. 5a. Data are shown
as mean + s.d. (pooled from two independent experiments). P values were
calculated by two-way ANOVA. (b) Proliferation of NIH3T3 cells expressing
either GFP or GFP-exportin 6 was measured using WST-1. Data were
normalized to values of control cells at time 0h and are shown as mean +
s.e.m. from n=3 independent experiments. P values were calculated by two-
way ANOVA. (c) Experimental scheme for studying nuclear F-actin in fertilized
mouse embryos. At 2 hpi (hours post insemination) mRNA encoding for the
indicated proteins was injected into fertilized embryos to either visualize
or manipulate nuclear actin dynamics. (d) Image examples showing early
embryo development at 8 hpi (pronuclei), 18 hpi and 24hpi (2-cell). DIC,
differential interference contrast. Nuclear F-actin corresponding to dashed
squares is shown magnified below (nAC-GFP, green). Scale bars, 20 µm
(overview) and 10 µm (magnifications). (e,f) Image examples and quantitative
analysis of nuclear volume in two-cell embryos expressing either actinR62D-
HA-NLS (n= 82) or actinWT-HA-NLS (n= 54) (e) or mCherry-exportin 6
(n=84, n=118 (control)) (f). Scale bars, 20 µm. Quantitative data are shown
as mean + s.d. (pooled from three independent experiments). P values
were calculated by t-test. (g) Preimplantation development of embryos
after a single injection of mCherry-exportin 6mRNA. Note the significant
developmental delay at 48 hpi, 60 hpi, 72 hpi and 96hpi compared with
injection of mRNA encoding myc-tagged GFP. Data are shown as mean +
s.e.m. from n=3 independent experiments. P values were calculated by chi-
squared test. See also Supplementary Fig. 5b.
with control. Altogether, these data support a requirement for
polymerization-competent nuclear actin to achieve proper chromatin
organization after mitosis.
Nuclear F-actin is formed and required for nuclear volume
expansion in early mouse embryos
To gain insight into the biological consequences of impaired mitotic
nuclear actin assembly, we determined general transcriptional activity
by quantifying nuclear 3D RNA polymerase II phospho-Ser5 (pS5)
fluorescence. This revealed strongly reduced transcriptional activity in
cells expressing GFP-exportin 6 (Fig. 5a and Supplementary Fig. 5a) as
well as significantly lower proliferation rates (Fig. 5b).
Next, we asked whether similar functions of nuclear F-actin are
exerted during development. For this, we investigated fertilizedmouse
embryos, which rely on substantial chromatin decondensation of
sperm and oocyte nuclei. Mouse fertilized embryos were injected with
150 ng nAC-GFP mRNA and analysed at the indicated time points
post insemination (hpi) (Fig. 5c). Notably, nuclear actin filaments were
readily detected in pronuclei, as well as in the early G1 phase after
the first mitotic division (71.43%, 18 hpi) and disassembled following
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Figure 6 Nuclear cofilin-1 regulates nuclear F-actin during mitotic exit.
(a) Schematic diagram illustrating nuclear F-actin pulldown at mitotic exit.
(b,c) Immunoblots on samples analysed by mass spectrometry. (b) Detection
of α-tubulin and histone 3 (H3) confirms successful fractionation.
(c) Detection of β-actin and cofilin-1 validates efficient F-actin pulldown and
co-precipitation of cofilin-1. (d) Table listing nuclear F-actin-binding proteins
as identified by mass spectrometry (cov., coverage). (e) 3D quantitative
immunofluorescence analysis of nuclear p-cofilin at the indicated times after
mitotic shake-off. Data are shown as mean + s.d. from n= 30 mitotic
events for each time point. See also Supplementary Fig. 6a,b. (f) Time-lapse
imaging shows nAC-GFP-expressing NIH3T3 cells transfected with si-control
or si-cofilin at the indicated times after anaphase. See also Supplementary
Video 5. Scale bar, 5 µm; time stamp, h:min. (g) Quantifications of
stabilized nuclear F-actin (present for ≥2h after anaphase) in NIH3T3
cells treated with the indicated siRNAs. Data are shown as mean +
s.d. (n = 49 (si-control), n = 58 (si-cofilin), n = 59(si-cofilin (3′-UTR))
mitotic events, pooled from three independent experiments). Immunoblot
confirms efficient silencing of cofilin-1. (h) Confocal images of fixed
NIH3T3 cells stably expressing WT- or NES-mCherry-cofilin. Scale bar,
10 µm. (i) Immunoblot of NIH3T3 cells stably expressing WT- or NES-
mCherry-cofilin confirms siRNA (si-cofilin (3′ UTR)) -resistant expression of
mCherry-cofilin derivatives. (j) Quantifications of stabilized nuclear F-actin
(present for ≥2.5 h after anaphase) in NIH3T3 cells treated with si-
cofilin (3′-UTR) in the presence of either WT- or NES-mCherry-cofilin.
Data are shown as mean + s.d. (n= 30 (WT), n= 38 (NES) mitotic
events, pooled from three independent experiments). (k) Quantifications
of nuclear volume during mitotic exit in NIH3T3 cells treated with
si-control or si-cofilin (3′-UTR) in the presence of either WT- or NES-
mCherry-cofilin. Data are shown as mean + s.d. (n=50 nuclei per
condition, pooled from three independent experiments). (l) NIH3T3 cells
expressing WT- or NES-mCherry-cofilin were treated with si-control or
si-cofilin (3′-UTR) and chromatin densities were assessed 90min after
anaphase. Data are shown as mean + s.e.m. (n=50 nuclei per condition,
pooled from three independent experiments). Unprocessed original scans
of blots are shown in Supplementary Fig. 7. All immunoblots were
performed once.
further cell-cycle progression of the two-cell embryos (25%, 24 hpi)
(Fig. 5d). Of note, expression of actinR62D-HA-NLS or exportin 6
inhibited nuclear volume expansion after the first mitotic division
(Fig. 5e,f), consistent with our findings in mammalian somatic cells.
Furthermore, a significant developmental delay was observed in
exportin 6 mRNA-injected embryos (Fig. 5g and Supplementary
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Figure 7 Nuclear cofilin-1 affects chromatin organization and its optogenetic
control reveals critical functions in nuclear F-actin disassembly at mitotic
exit. (a) Electron microscopy images are examples of quantifications in
b, showing cryopreserved NIH3T3 cells at mitotic exit in the absence or
presence of NLS-mCherry-cofilin. Scale bar, 2 µm. (b) Quantifications of
condensed chromatin based on EM images. Data are shown as mean +
s.e.m., pooled from two independent experiments (n=15 (control), n=21
(NLS-mCherry-cofilin)). P values were calculated by t-test. (c) Schematic
diagram illustrating the design and photoconvertibility of opto-cofilin. Blue
light induces exposure of a photocaged NES (nuclear export sequence),
thereby promoting its nuclear export. (d) Time-lapse imaging of NIH3T3 cells
demonstrates light-regulated control of opto-cofilin subcellular localization.
NIH3T3 cells stably expressing opto-cofilin (grey) were imaged at 10 s
intervals either with (+ light) or without (− light) additional irradiation
by blue laser light (488nm). See also Supplementary Video 6. Scale bar,
10 µm. (e) Image examples of quantifications in f. NIH3T3 cells stably
expressing nAC-SNAP (labelled by SiR-647, grey) and opto-cofilin (red) were
treated with si-cofilin (3′-UTR) and imaged during and after mitosis. To
promote nuclear export of opto-cofilin, cells were exposed to blue laser light
(488nm) at 2.5min intervals (+ light). Note the excessive formation of
stabilized nuclear F-actin in the absence of nuclear cofilin as well as the
onset of filament disassembly coinciding with controlled nuclear re-import of
opto-cofilin (− light). See also Supplementary Video 8. Scale bar, 10 µm.
(f) Nuclear fluorescence intensities of opto-cofilin (red line) and relative
nuclear area (black line) were quantified before and during light-regulated
re-import of opto-cofilin. Nuclear re-import of opto-cofilin is accompanied
by nuclear shape changes and overall nuclear expansion. Data are shown as
mean from n=5 nuclei.
Fig. 5b), providing further evidence for a physiological role of nuclear
F-actin assembly in the early steps of mouse embryo development.
Cofilin-1 controls nuclear F-actin assembly, volume expansion
and chromatin organization in daughter cell nuclei
As short interfering RNA (siRNA) against several known actin
assembly factors had no obvious effect on nuclear F-actin formation
(Supplementary Table 1) and to gain further mechanistic insight,
we performed a proteomic screen using biotin-phalloidin to identify
potential nuclear F-actin-binding proteins from nuclear fractions
of cells released from a mitotic nocodazole arrest (Fig. 6a,b).
Hereby, we identified the F-actin disassembly factor cofilin-1 as a
candidate interactor (Fig. 6c,d and Supplementary Table 1). Since
cofilin-1 is inactivated by phosphorylation on Ser3 (p-cofilin)25, we
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analysed nuclear p-cofilin levels bymeasuring 3Dnuclear fluorescence
intensities in synchronized NIH3T3 cells and observed a pronounced
increase in nuclear p-cofilin levels during mitotic exit, revealing
cofilin-1 as a cell-cycle-controlled nuclear actin regulator (Fig. 6e
and Supplementary Fig. 6a–d). Indeed, and consistent with the role
of cofilin-1 in F-actin disassembly, siRNA against cofilin-1 resulted
in a pronounced stabilization of nuclear F-actin during mitotic exit
(Fig. 6f,g and Supplementary Video 5).
To specifically address the nuclear function of cofilin-1 during this
cell-cycle phase, we generated cells expressing either wild-type (WT-
cofilin) or cytoplasm-targeted cofilin-1 (NES-cofilin; NES, nuclear
export signal) resistant to siRNA targeting (Fig. 6h,i). Imaging mitotic
cells revealed that after silencing of endogenous cofilin-1, cells devoid
of its nuclear localization failed to prevent extensive nuclear F-actin
stabilization during mitotic exit (Fig. 6j and Supplementary Fig. 6e),
similarly to depletion of total cofilin-1 (Fig. 6g). Consistent with
deregulated actin filament dynamics and turnover, this resulted
in defective nuclear volume expansion (Fig. 6k) and chromatin
decompaction (Fig. 6l), underscoring the critical importance of
dynamic F-actin reorganization for the processes of nuclear volume
expansion and chromatin reorganization.
Optogenetic control of cofilin-1 establishes its role in
reorganizing daughter cell nuclei after mitosis
To corroborate our findings that nuclear cofilin-1 controls chromatin
dynamics, we expressed a nuclear-targeted version of cofilin-1
(NLS-cofilin) to inhibit nuclear F-actin formation in early G1
(Supplementary Fig. 6f), and observed a striking defect in establishing
open chromatin in cryopreserved electron microscopy (EM) samples
(Fig. 7a,b).
To directly and reversibly control cofilin-1 function within the
nucleus in real time, we generated an optogenetic cofilin-1 (opto-
cofilin) (Fig. 7c) based on a previously described light-inducible
nuclear export system26. Under control conditions, opto-cofilin
exhibited a subcellular distribution similar to that of WT-cofilin, but
allowed for rapid and efficient light-induced nuclear export within
200 s, which could be reverted within 500 s after illumination was
switched off (Fig. 7d and Supplementary Video 6).
In cells silenced for endogenous cofilin-1 (Supplementary Fig. 6g),
light-induced nuclear export of opto-cofilin resulted in extensive
stabilization of nuclear F-actin during mitotic exit (Fig. 7e and
Supplementary Videos 7 and 8), while its timely controlled nuclear
re-accumulation, by switching off illumination, triggered rapid
reorganization and successive disassembly of nuclear F-actin (Fig. 7e
and Supplementary Video 8). Notably, light-controlled export of opto-
cofilin during mitotic exit also resulted in arrested growth of daughter
cell nuclei, while nuclear re-import of opto-cofilin promoted their
further volume expansion (Fig. 7f).
Together, these results uncover a critical nuclear-specific function
of cofilin-1 in spatiotemporally controlling actin dynamics for nuclear
reorganization in the early phases after mitotic cell division.
DISCUSSION
Here, we discovered dynamic and transient F-actin assembly in the
growing nuclei of daughter cells exiting mitosis. The mechanisms
and cellular factors that determine nuclear volume regulation are
poorly understood11. Our data reveal a key function for nuclear
actin filaments in nuclear volume and chromatin expansion during
mitotic exit as well as a critical nuclear function of cofilin-1 in tightly
controlling the spatiotemporal turnover of these actin filaments. As
such, nuclear reorganization during mitotic exit is impaired by loss of
polymerization-competent nuclear actin as well as excessive nuclear
F-actin formation, illustrating that the dynamic interplay between
polymerization and depolymerization of nuclear F-actin appears to
be critical during this cell-cycle-specific process. Accordingly, it is
tempting to speculate that additional actin-regulatory factors as well as
actin bundling proteins are involved in nuclear actin assembly during
early G1.
Since cytoskeletal actin dynamics are well known to exert
contractile andmechanical forces to shape ormove a variety of cellular
components27 and in light of our observation of F-actin-dependent
nuclear protrusions, one may envisage similar functions for nuclear
F-actin during mitotic exit in rearranging the chromatin and nuclear
content of mammalian cells. Thus, future work will be directed to
dissect whether the role for nuclear actin in promoting efficient
reorganization of chromatin is primarily exerted through direct effects
of F-actin on chromatin, or more indirectly through expanding and
reshaping the nuclear compartment, or both.
Our findings thus open a perspective to gain a better understanding
of nuclear actin filament dynamics and its role in regulating
spatiotemporal chromatin organization and maintenance of a defined
nuclear architecture, all of which have profound implications for
genome stability and regulation in health and disease. 
METHODS
Methods, including statements of data availability and any associated
accession codes and references, are available in the online version of
this paper.
Note: Supplementary Information is available in the online version of the paper
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Antibodies and reagents. Cell culture and transfection reagents (Lipofectamine
2000 and RNAiMax) were obtained from Invitrogen.
Rhodamine-phalloidin, biotin-phalloidin, phalloidin-AF647 and phalloidin-
Atto 488 were purchased from Life Technologies. SNAP-Cell 647-SiR was
obtained from NEB. SiR-DNA was from Spirochrome. CK-666, cytochalasin D,
dimethylsulfoxide, doxycycline, latrunculin B and nocodazole were from Sigma-
Aldrich and used at the indicated concentrations. Flavopiridol was obtained from
Santa Cruz and used at a final concentration of 1 µM.
Information on the antibodies used is listed in Supplementary Table 3.
Plasmids and constructs. The generation of nuclear actin-chromobody-GFP (nAC-
GFP, anti-actin-chromobody-GFP-NLS) and sAC was described previously8. The
nuclear actin-chromobody is a genetically encoded, NLS-tagged nanobody against
the actin protein. Due to its NLS-fusion, the nuclear actin-chromobody is enriched
in the nuclei of interphasic cells. Nuclear envelope breakdown in prophase is
accompanied by a temporary loss of its specific nuclear localization, which re-
establishes during mitotic exit and daughter nuclei assembly.
nAC-Dendra2, nAC-mCherry and nAC-SNAP were generated by replacing the
GFP of pWPXL-nAC-GFP by either pDendra2 (Clontech Laboratories), mCherry
or the SNAP-tag (New England Biolabs).
To obtain a lamin-nanobody fused to the SNAP-tag, the tagRFP2 of pLC-
TagRFP2 (ChromoTek) was replaced by a cDNA encoding the SNAP-tag. For stable
expression of lamin-nanobody-SNAP, the corresponding cDNA was subcloned into
pWPXL using the MluI/SpeI restriction sites.
For stable expression of H2B-mCherry, the GFP of pWPXL was replaced by
mCherry, before insertion of a cDNA encoding human H2B via the BamHI/MluI
restriction sites.
For generation of tagRFP-KASH, the cDNAofmurineNesprin-1αwas amplified
as described previously17. KASH was expressed from the EFpLink plasmid carrying
an N-terminal tagRFP.
The cDNA of human exportin 6 was obtained by reverse transcription of total
mRNA obtained from HeLa cells. Exportin 6 was expressed from the EFpLink
plasmid carrying an N-terminal Flag-, Flag-GFP- or mCherry-tag.
To obtain mCherry-cofilin plasmids for lentiviral transductions, the cDNA of
mouse cofilin-1 (kindly provided by M. Rust, University of Marburg, Germany)
was N-terminally fused to mCherry and cloned into pWPXL via MluI/SpeI. For
NES-mCherry-cofilin the NES (nuclear export signal) of HIV1-Rev (LPPLERLTL)
was fused to the N terminus of mCherry. Opto-cofilin was generated by addition
of the cMycP1A NLS (AAAKRVKLD) to the N terminus of mCherry-cofilin and a
C-terminal fusion to the LEXYmodule26. Opto-cofilin was inserted into pWPXL via
MluI/SpeI to allow for production of lentiviral particles.
To obtain NLS-BFP-actinR62D, the SV40 large T antigen NLS (PPKKKRKV) was
N-terminally fused to tagBFP2 (separated by one linking glycine), which was further
fused to the N terminus of actinR62D (ref. 18), separated by a SGLRSRA linker. For
BFP-NLS, the cDNA encoding tagBFP2 was C-terminally fused to the SV40 large
T antigen NLS, separated by a GDPPVAT linker. To obtain Flag-NLS-actin-T2A-
SNAP derivatives, a cDNA encoding human β-actin (either wild-type or containing
the point mutation R62D) was N-terminally fused to a Flag-tag and the SV40 large
T antigen NLS (separated by a BamH1 restriction site) and C-terminally linked
to a SNAP-tag by a self-cleaving T2A peptide (GSGEGRGSLLTCGDVEENPGP).
To allow for stable doxycycline-inducible expression of NLS-BFP-actinR62D, BFP-
NLS or Flag-NLS-actin-T2A derivatives, the corresponding cDNAs were inserted
into the pInducer20 plasmid28 by homologous recombination using the Gateway
technology (Invitrogen). LifeAct-mCherry lentiviral particles were a gift from
O. Fackler (University of Heidelberg, Germany).
Cell culture, viral transductions, transfections and treatments. NIH3T3, HT1080,
RPE-1 cells and all of their derivatives were grown in DMEM supplemented with
10% FCS (fetal calf serum), 100Uml−1 penicillin and 100mgml−1 streptomycin
at 37 ◦C in a 5% CO2 atmosphere. MCF10A cells and derivatives were cultured as
described previously29. The original source of each cell line was ATCC. None of the
cell lines used are listed in the ICLAC database. Cell lines were not authenticated
on a molecular level. Cells were tested monthly and controlled for mycoplasma
contamination throughout the course of the study.
Lentiviral transductions were performed as previously described8.
Transient transfections of exportin 6 or tagRFP-KASH were carried out using
Lipofectamine LTX&PLUS Reagent according to the manufacturer’s instructions.
Transfection of siRNAs and sequences for si-emerin and si-lamin A/C have been
described previously8. In addition, the following siRNAs were obtained from
Qiagen: 3′-CCGCTGCACCCTGGCAGAGAA-5′ (si-cofilin), 3′-TGCCAACTTC
TAACCACAATA-5′ (si-cofilin (3′-UTR)) and TTGGACTATCTGACAAGTAAA
(si-exportin 6). Sequences of siRNAs used to obtain the data presented in
Supplementary Table 1 are shown within the table.
SNAP-Cell 647-SiR and SiR-DNA were used according to the manufacturer’s
instructions.
Induction of BFP-NLS, NLS-BFP-actinR62D or Flag-NLS-actin-T2A-SNAP
derivatives was achieved by addition of 0.5 µgml−1 doxycycline for 16 h to the
cell culture medium. NIH3T3 cells were arrested in G0 phase by serum starvation
(growth medium without FCS) for at least 16 h.
Immunofluorescence and phalloidin staining. For immunofluorescence stainings,
cells were grown on coverslips, before fixation using 4% formaldehyde (15min at
room temperature). Immunolabelling was performed as described previously29.
For phalloidin staining in Fig. 1e, cells were fixed using glutaraldehyde according
to ref. 7. Phalloidin staining for the quantification shown in Fig. 1c and for super-
resolution microscopy (Fig. 2c,d and Supplementary Fig. 2c) was performed on
formaldehyde-fixed samples (4% for 15min at room temperature). After washing
with PBS, samples were incubated with phalloidin-AF647 or phalloidin-Atto 488 at
4 ◦C for 96 h. For super-resolution microscopy, samples were post-fixed using 1%
formaldehyde for 10min at room temperature.
Image acquisition and live-cell imaging. All confocal image acquisitions were
performed on an LSM 700 or LSM 800 confocal laser scanning microscope (Zeiss)
equipped with a 63×/1.4 NA oil objective. For live-cell imaging, cells were cultured
in µ-slides (ibidi) at 37 ◦C in a 5% CO2 atmosphere using a humidified incubation
chamber (Pecon).
Experiments with opto-cofilin were carried out using the LSM 800 microscope.
To induce nuclear export of opto-cofilin, the excitation of mCherry (555 nm) was
combined with 488 nm irradiation at 1% laser power and a pixel dwell of 2.06 µs.
Image processing and quantification of nuclear volumes, chromatin densities
and 3D fluorescence intensities. Image processing was performed with IMARIS
(Bitplane), FIJI (NIH) and Photoshop CS6 (Adobe).
For quantification of nuclear volume in living NIH3T3 cells, images were
acquired every 2.5 or 5min over an interval of 90min. Complete z-stacks of the
signal obtained by either H2B-mCherry (Fig. 3c,d,f,g) or SiR-DNA (Fig. 6k and
Supplementary Fig. 3a,b) were analysed with IMARIS. 3D surfaces based on the
nuclear-specific signal were generated, and their respective volumes were measured
over time. Chromatin densitywas calculated by dividing the sumofH2Bor SiR-DNA
fluorescence intensities by total nuclear volume.
Tomeasure nuclear fluorescence intensities in three dimensions, nuclear staining
(that is, DAPI) was used to threshold a nuclear region of interest (with FIJI for
2D data, and IMARIS for 3D data), from which the respective pixel intensities
were calculated.
PALM and measurement of nuclear actin filament width. For super-resolution
imaging of nAC-Dendra2, NIH3T3 cells were washed and fixed in 3.7%
formaldehyde, for 20min at room temperature. For all super-resolution imaging,
a 1:5,000 dilution of fluorescent beads (TetraSpeck Microspheres, 0.1 µm, Life
Sciences T7279 or FluoSpheres 715/755, Life Sciences F8799) was sonicated to
break up clumps of beads. About five microlitres of the beads were added to
the sample and allowed to settle and adhere for 15min, to serve as fiducial
markers for drift correction. Super-resolution imaging was performed as described
in detail elsewhere30. Briefly, a customized and automated Nikon Eclipse Ti
microscope was equipped with 405 nm, 488 nm, 561 and 640 nm lasers (all OBIS,
Coherent). Laser intensities were controlled by an acousto-optical tunable filter
(Acal BFi Germany GmbH) to illuminate the sample using the quad-colour dichroic
zt405/488/561/640rpc. The illumination could be switched from epifluorescence
to total internal reflection fluorescence (TIRF) mode by a motorized TIRF mirror
(Thorlabs). Fluorescence signals were collected by a quad-line laser rejection filter
ZET405/488/561/640 and the band-pass filters ET 525/50, ET 610/75 or HC 689/23
dependent on the imaging channel (all filters AHF). The detection of the single-
fluorophore emissions was performed using an electron-multiplying charge-coupled
device (emCCD iXon 888, Andor).
For PALM imaging ofDendra2, the sample was irradiated by about 1–2 kWcm−2
(561 nm) and <0.5 kWcm−2 (405 nm) and imaged at an acquisition frame rate
of 60ms. Cells were imaged until all Dendra2 fluorophores were read-out. For
STORM imaging of Phalloidin-Alexa 647, the sample was imaged in 100mM
methyl diethanolamine (MEA) with a glucose oxidase oxygen scavenger system31
illuminated with about 2–4 kWcm−2 (640 nm) and recorded at an acquisition frame
rate of 70ms.
Super-resolution videos were analysed by the RapidSTORM software32 and post-
processed by customized scripts written in Python programming language (Python
Software Foundation, https://www.python.org) to correct for sample drift during
the image acquisition. From the post-processed data, the experimental nearest-
neighbour-approach resolution33 was calculated and super-resolution images were
reconstructed according to their individual resolution.
© 2017 Macmillan Publishers Limited, part of Springer Nature. All rights reserved.
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Filament widths were analysed by a self-written, customized script for the FIJI
software34. Briefly, the filaments were selected by a segmented line profile covering
the filament width and length. To minimize the selection and pixelation error,
selections were shifted by 0.5 pixels (5 nm) in all directions to obtain five measures
in total for each filament. These selected ROIs were straightened to remove the
individual curvatures of the filaments and projected along their long axis. Each
obtained profile was fitted by a Gaussian that yields the filament width by its full-
width at half-maximum value. The optimal histogram bin size was calculated using
the Freedman–Diaconis rule35.
Fluorescent lifetime imagingmicroscopy (FLIM)of fluorescence resonance energy
transfer (FRET). For FLIM/FRET, NIH3T3 cells were transduced with lentiviruses
encoding PGK-H2B-mCherry and PGK-GFP-H2B, and sorted for homogeneous
expression. For experiments involving expression of exportin 6, cellswere seeded and
synchronized by a single thymidine block, 24 h after transfection of Flag-exportin
6. After this, cells were washed three times in PBS and cultured in normal media
for 10 h. Cells were then fixed (2% PFA in PBS, 10min), permeabilized (0.1%
Triton in PBS, 10min) and blocked (2% BSA in PBS, 30min), before incubation
with anti-Flag antibodies for 2 h. Cells were washed three times in PBS, and
incubated with secondary Alexa Fluor 405-conjugated antibodies for 45min. Cells
were then washed again in PBS. Postmitotic, Flag-exportin 6-overexpressing-cells
were identified using 405 nm excitation.
In the case of Flag-WT/R62D mutant actin, transfected cells expressing Flag-
WT/R62D-NLS-actin were sorted through SNAP-mediated tagging. Following this,
cells were transduced to express GFP-H2B and mCherry-H2B, and sorted by FACS.
For these experiments, cells were synchronized at G1/S transition using thymidine
(2mM for 20 h). Cells were then washed three times in PBS, and returned to normal
media containing 500 ngml−1 doxycycline to induce expression of Flag-actin deriva-
tives. After 4 h, 1 µM of CDK1i (RO-3306, Sigma) was added to the medium for a
subsequent period of 4 h. Cells were washed three times in PBS, and then returned
to normal media containing 500 ngml−1 doxycycline. Thirty minutes, mitotic cells
were isolated by mitotic shake-off, centrifuged at 1,500g for 5min and plated onto
poly-L-lysine (PLL)-coated 35mm dishes. After 1 h, cells were pre-extracted with
CSK buffer for 5min, washed three times in PBS and fixed with 2% PFA.
Lifetime measurements were taken on a Leica TCS SP8 system, using a white
light laser with a repetition rate of 20MHz and an excitation wavelength of 488 nm.
GFP-H2B emission was detected over an emission range of 495–530 nm. Data were
fitted using FLIMfit software36. Temporal binning of the fluorescence decays was
performed prior to fitting, resulting in 256 time bins per decay. Tail-fitting of the
fluorescence images was performed pixel-wise with a single exponential model on
all pixels above an intensity threshold of 175 photons, allowing spatial variations in
fluorescence lifetime to be visualized.
Nuclear F-actin pulldown at mitotic exit. For nuclear F-actin pulldowns, RPE-1
cells were mitotically blocked by nocodazole (100 nM for 24 h), before washout
with growth medium. Four hours after washout, cells were lysed and subjected
to subcellular fractionation as described previously8. The purity of subcellular
fractionations was controlled by immunoblotting for α-tubulin and histone H3.
The obtained nuclear lysates were incubated with 5 µg biotin-phalloidin at 4 ◦C
and constant rotation for 2 h. Then, pre-washed magnetic streptavidin Dynabeads
(Thermo Fisher) were added, followed by incubation at 4 ◦C and constant rotation
for 2 h. After washing, the magnetic beads were collected and boiled in 2× Laemmli
buffer for 10min. The supernatant containing lysed nuclear F-actin and associated
proteins was used for further analyses.
Mass spectrometry-based protein identification. Samples were loaded on an SDS
gel and immediately after they had entered the separation gel, electrophoresis
was stopped and the protein bands were excised and subjected to in-gel digest
using trypsin37.
For mass spectrometric analysis, an Orbitrap Velos Pro mass spectrometer
(ThermoScientific) was used that was connected online with an Ultimate
nanoRSLC-HPLC system (Dionex), equipped with a nano C18 RP column. Ten
microlitres of the tryptic digest was usually injected onto a C18 pre-concentration
column and automated trapping and desalting of the sample was performed at a
flow rate of 6 µl min−1 using water/0.05% formic acid as the solvent.
Tryptic peptides were separated with water/0.045% formic acid (solvent A) and
80% acetonitrile/0.05% formic acid (solvent B) at a flow rate of 300 nlmin−1: holding
4% B for 5min, followed by a linear gradient to 45% B within 30min and linear
increase to 95% solvent B for 5min. The column was connected to a stainless-steel
nanoemitter (Proxeon) and the eluent sprayed directly towards the heated capillary
of themass spectrometer using a potential of 2,300V. A survey scanwith a resolution
of 60,000 within the Orbitrap mass analyser was combined with at least three data-
dependent MS/MS scans with dynamic exclusion for 30 s either using CID with the
linear ion-trap or using HCD and Orbitrap detection at a resolution of 7,500.
Data analysis was performed using Proteome Discoverer (v4.0;
ThermoScientific) with SEQUEST and MASCOT (v2.4; Matrix Science)
search engines using either SwissProt or NCBI databases.
Mitotic shake-off. For the indicated immunoblot analyses, immunofluorescence
staining and MNase assays, cells were seeded at 40% confluency and allowed to
adhere for 8 h.Cellswere then serum-starved for 24 h, followed by addition of growth
media, containing 0.33 µgml−1 doxycycline for experiments involving doxycycline-
inducible protein expression. After 16 h, nocodazole (100 nM) was added for a
further 3 h. Mitotic cells were collected by mitotic shake-off and washed three times
in growth media. These mitotic cells were then reseeded and further processed for
subsequent analyses.
Micrococcal nuclease (MNase) digestion assay. One million cells were harvested,
and washed once with 1ml of 1× RSB buffer (10mM Tris, pH 7.6, 15mMNaCl and
1.5mMMgCl2). After centrifugation (3,000g ), the cell pelletwas resuspended in 1ml
of 1× RSB buffer with 1% Triton-X 100 and homogenized. Nuclei were collected
by centrifugation (13,000g ) and washed twice with 1ml of buffer A (15mM Tris,
pH 7.5, 15mM NaCl, 60mM KCl, 0.34M sucrose, 0.1% β-mercaptoethanol, and
EDTA-free protease inhibitor cocktail). Nuclei were resuspended in 500 µl MNase
reaction buffer (from NEB, 50mM Tris-HCl, 5mM CaCl2 pH7.9) and aliquoted
into 100 µl aliquots. MNase digestion was performed in 100 µl reactions by addition
of 50 kunitz units of MNase (NEB) at 37 ◦C for 5min. Reactions were terminated by
adding 25mM EDTA. DNA was purified using a PCR purification kit and 1,000 ng
of DNA was analysed on a 1.5% agarose gel.
Animals. ICR mice were obtained from Kiwa Experimental Animals (Wakayama).
This study conformed to the Guide for the Care and Use of Laboratory Animals.
All animal experiments were approved and performed under the guidelines of the
Animal Research Committee of Kindai University.
In vitro fertilization of mouse oocytes and mRNA injection. Female ICR mice
(or ICR × ICR), aged 8–13 weeks, were superovulated with pregnant mare serum
gonadotropin (PMSG; Novartis Animal Health), followed 48 h later with human
chorionic gonadotropin (hCG; ASKA Pharmaceutical). Cumulus–oocyte complexes
were collected from the oviducts in HTF medium. The sperm suspension was
added to the oocyte cultures, and morphologically normal fertilized oocytes were
collected 1–1.5 h after insemination at 37 ◦C under 5% CO2 in air. Fertilized oocytes
were transferred to HEPES–CZB medium. mRNAs for nAC-GFP, actinR62D-HA-
NLS, actinWT-HA-NLS, mCherry-exportin 6 and myc-GFP were injected using
a piezo manipulator (Prime Tech). mRNAs were prepared from pCS2 (ref. 38)
or pcDNA3.1 vectors39. In the case of pCS2 vectors, mRNAs produced from the
SP6 promoter were subjected to the addition of polyA tails while pcDNA3.1
vectors were transcribed from the T7 promoter. Since the translation efficiency is
different between mRNAs produced from pCS2 vectors and those from pcDNA3.1
vectors, different concentrations of mRNA were injected: nAC-GFP (150 ng µl−1),
HA-NLS-actinR62D(650 ng µl−1), HA-NLS-actinWT(650 ng µl−1), mCherry-exportin
6 (1,000 ng µl−1), myc-GFP (1,000 ng µl−1) and histone H2B-mCherry (5 ng µl−1).
After mRNA injections, the fertilized embryos were cultured in KSOM medium
at 37 ◦C in a 5% CO2 atmosphere. mCherry-exportin 6 mRNA or control myc-
tagged GFPmRNAwas injected into oocytes denuded by 0.1% hyaluronidase before
subsequent in vitro fertilization.
Confocal microscopy of oocytes. mRNA-injected embryos were fixed in 4%
formaldehyde for 10min and washed three times in PBS containing 0.01% PVA.
Then, fixed embryos were incubated in PBS–BSA with 0.2% Triton-X for 60min,
followed by three washes with PBS–BSA. Washed embryos were stained with
5 µgml−1 DAPI for 15min, followed by three washes using PBS–BSA. Embryos were
mounted and observed under a confocal microscope (LSM800, ZEISS). Images were
analysed using the ZEN software (ZEISS).
Electron microscopy (EM). For EM-based analysis of chromatin compaction at
mitotic exit, NIH3T3 cells (either stably expressing BFP-NLS, NLS-BFP-actinR62D
or transfected with GFP-exportin 6 or NLS-mCherry-cofilin) were synchronized
at G1/S transition using thymidine (2mM for 20 h). Expression of GFP-exportin 6
and NLS-mCherry-cofilin was ensured by FACS-based cell sorting prior to sample
preparation. Cells were washed three times in PBS, and then returned to normal
media containing 500 ngml−1 doxycycline. After 4 h, analysis of flow cytometry data,
using the Watson (Pragmatic) model, determined that 40% of cells had completed
S phase. This time point was therefore chosen to add 1 µM of CDK1i (RO-3306,
Sigma), for a period of 4 h. Cells were washed three times in PBS, and then returned
to normal media containing 500 ngml−1 doxycycline. Thirty minutes later, mitotic
cells were isolated by mitotic shake-off. Cells were centrifuged at 1,500g for 5min,
and plated onto PLL-coated 35mm dishes.
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After 1 h, cells were trypsinized and centrifuged at 1,500g for 5min. Pellets
were resuspended in complete media containing 10% BSA, and centrifuged at
1,500g for 5min. One microlitre of this cell pellet was then put into a 0.1mm
gold membrane carrier and high-pressure frozen (Leica EM PACT2). Samples were
then freeze-substituted in a freeze-substitution acetone mix, containing 0.1% uranyl
acetate and 1% osmium tetroxide. During this procedure, samples were first held
at −90 ◦C, and then brought to 0 ◦C, over a period of 18 h. These samples were
then embedded in EPON, and baked at 60 ◦C for 48 h. Sections (70 nm) were cut
using an ultratome, and these were stained with uranyl acetate and lead citrate
and images were taken at 2,900× magnification on a FEI Tecnai 12 TEM, operated
at 120 kV.
For analysis, nuclei and nucleoli were manually segmented in 2D slice
images across the cell using the freehand selection tool of ImageJ/Fiji to
generate a binary mask of the nucleoplasm. Condensed chromatin was then
semi-automatically segmented across the nucleoplasmic region using the WEKA
Trainable Segmentation plugin for ImageJ/Fiji40. Classification was based on the
Gaussian blur, Sobel filter, Hessian, Difference of Gaussians and membrane
projections metrics using the built-in fast random forest algorithm. Due to the
variability in chromatin staining, it was necessary to train a new classificationmodel
for each image. Condensed chromatin distribution was subsequently analysed in
the segmented images using a custom ImageJ/Fiji macro, which measured the total
condensed chromatin area and perimeter, as well as the area fraction of condensed
chromatin, as a proportion of the total nucleoplasmic area.
Atomic force microscopy. To obtain early G1 or interphase NIH3T3 nuclei,
cells were collected 60min or 7 h after mitotic shake-off, respectively. To induce
chromatin decondensation, cells were treatedwith 1 µMtrichostatinA (TSA) for 5 h.
Nuclei were isolated as described previously41. AFMmeasurements were conducted
in aqueous solution utilizing a Multi-mode VIII microscope with Nanoscope V
controller and a PeakForce feedback control mechanism with an enclosed liquid
cell. Isolated live nuclei were bound to a PLL-coated glass coverslip and remained
hydrated in this buffer (20mMHEPES at pH 7.8, 25mM KCl, 5mMMgCl2, 0.25M
sucrose and 1mMATP) to increase the longevity of the nuclei for investigation. The
surface morphologies of nuclei were observed to remain unchanged under these
conditions, allowing multiple nuclei to be tested in each sample and an average
surface roughness and associated error to be calculated for each nucleus type. Using
SCANASYST-FLUID cantilevers (Bruker) of nominal spring constant 0.7Nm−1 and
nominal tip radius 2 nm, the force applied to the plane of the sample by the AFM tip
was kept below 1 nN; thus, imaging stability was maintained whilst avoiding tip-
induced deformation of the sample. Images were collected at a scan rate of 0.404Hz
and 500× 500 pixels giving a digital resolution of∼10 nm per pixel. Nuclear height
and roughness were calculated and quantified for the corresponding nuclei. Surface
roughness was defined as the root-mean-square average of height deviations.
Statistics and reproducibility. For each experiment, sample sizes were chosen on
the basis of initial pilot experiments. Similar experiments reported in previous
publications were further used to direct sample sizes. No data were excluded
from the analysis. No blinding or randomization was used in the course of the
experiments. All attempts of replication were successful. In most cases, three
independent experiments were performed to collect sample sizes allowing for
quantitative comparisons, and representative images from these experiments are
shown. Exact numbers of sample sizes and independent experiments are stated in
the corresponding figure legends. Statistical analyses were performed with Prism 7
(GraphPad). Data are presented as stated in the respective figure legends. All t-tests
were performed as unpaired, two-sided t-tests.
Code availability. Computer code is available from the authors on request.
Data availability.Mass spectrometry data have been deposited in ProteomeXchange
with the primary accession code PXD213854. All other data supporting the findings
of this study are available from the corresponding author on reasonable request.
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Supplementary Note 1 
As an additional, independent measure, we applied Fourier-Ring Correlation (FRC)1. The 
Fourier Image Resolution (FIRE) value is determined by the highest spatial frequencies which 
still positively correlate with each other above a chosen threshold. Thus, in the case of highly 
blinking dyes like AF647, the FIRE value mainly correlates with the optical resolution. Only 
when using a blinking correction factor or in the case of seldom-blinking fluorophores like 
PAmCherry it also takes the structural resolution into account1. Since all nanobodies were 
coupled to AF647, their stainings yielded highly similar FIRE values of 40 to 50 nm. These 
values correlate with the 9 to 12 nm NeNA localization precisions, which also mainly rely on 
the optical properties of the fluorophore (Supplementary Fig. 6). Notably, the labeling 
coverages of the individual fibers do not correlate with their NeNA and FIRE values which 
illustrates why the optical resolution should not be mistaken as an overall resolution. In the 
case of PAmCherry, a relatively seldom-blinking fluorophore, blinking events have a much 
smaller impact on the calculation of the FIRE value. Consequently, FIRE values for PAmCherry 
are closer to the actual overall resolution as the structural resolution is taken into account. As 
PAmCherry has low coverages of 35% for the thinnest fibers and up to 75% for the thickest 
fibers, the high FIRE values of 120 nm clearly illustrates that the limiting factor for the overall 
resolution is not the optical resolution (NeNA 17 nm) but rather the low coverage 
(Supplementary Fig. 6). The contribution of the linkage error to overall resolution is shown by 
comparing the sizes of the thinnest filaments stained with either nanobodies or conventional 
antibodies (Supplementary Fig. 7). The differences cannot be differentiated using the FIRE 
value since both approaches use AF647 as the readout (Supplementary Fig. 7). The bias in 





Supplementary Table 1 
Primer sequences  


























SorTag Ins_for TTACCGGTCACCACCATCACCATCACTAAG 


















* to facilitate cloning, primer sequence encodes an amino acid substitution A>R at position 5 






Supplementary Figure 1 
 
Characterization of binding properties and labeling intensities of monovalent vs. bivalent 
BC2-Nb. (a) Comparison of labeling intensities of mono- and bivalent BC2 nanobodies either 
labeled via NHS conjugation to Alexa Fluor 647 (BC2-NbAF647 (NHS)) or sortase-mediated 
coupling (bivBC2-NbAF647 (sort)). HeLa cells transiently expressing a C-terminally BC2-tagged 
mCherry-vimentin construct (mCherry-VIMBC2T, upper row) were fixed and stained with either 
BC2-NbAF647 (NHS) (lower row, left panel) or bivBC2-NbAF647 (sort) (lower row, right panel). Scale 
bar, 50 µm. (b) Comparison of labeling intensities of BC2-NbAF647 (NHS) and bivBC2-NbAF647 (sort) 
on BC2-tagged actin (BC2Tactin). HeLa cells transiently expressing BC2Tactin were fixed and 
stained with either BC2-NbAF647 (NHS) (left panel) or bivBC2-NbAF647 (sort) (right panel). Scale bar, 
50 µm. (c) Determination of nanobody binding kinetics by bio-layer interferometry. Exemplary 
sensograms of BC2-Nb (240 nM) and bivBC2-Nb (120 nM) are shown. The table summarizes 
5 
 
the dissociation rate (koff) and standard deviation (S.D.) of BC2-Nb and bivBC2-Nb derived 
from the analysis of three concentrations (120 nM, 240 nM, 480 nM). (d) Determination of 
bivBC2-NbAF647 (sort) binding kinetics on mono or tandem BC2-tag (BC2-BC2-tag). Exemplary 
sensograms of bivBC2-NbAF647 (sort) (120 nM) are shown. The table summarizes the dissociation 
rate (koff) and standard deviation (S.D.) of bivBC2-NbAF647 (sort) derived from the analysis of three 
concentrations (120 nM, 240nM, 480nM). (e) Assessment of staining quality. Labeling of the 
different nanobody formats was quantified by measuring the signal intensity of mCherry-
VIMBC2T expressing cells (left) and non-transfected cells (background, right), (BC2-NbAF647 (NHS): 
n=115; bivBC2-NbAF647 (NHS): n=134; BC2-NbAF647 (sort): n=150; bivBC2-NbAF647 (NHS): n=195). 




Supplementary Figure 2 
 
Assessment of bivBC2-NbAF647 staining of endogenous β-catenin (a) dSTORM images and 
corresponding DBSCAN plots, showing only clustered localizations of untransfected 
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chemically fixed HeLa cells stained with GFP-NbAF647 and bivBC2-NbAF647 , as well chemically 
fixed HeLa cells transiently expressing BC2TLC3B stained with bivBC2-NbAF647 . Scale bars 5 
µm. N = 3 cells for each condition. Bar chart summarizing all three conditions is shown in Fig. 
1c. (b) Untransfected HeLa cells (left panel) or HeLa cells expressing C-terminally BC2-tagged 
vimentin (vimentinBC2T) were left untreated or incubated with CHIR99021. Cells were 
chemically fixed and stained with a conventional anti-β-catenin antibody. Scale bar, 100 µm.  
(c) dSTORM images of cells as described in (b) stained with bivBC2-NbAF647. Scale bars in 
images 5 µm and 1 µm in insets. Additional dSTORM images used in localization counting 
analysis (lower panel). (d) Localization counts per µm2 plotted as bar charts for all four 
conditions. Errors are given as standard deviation (S.D.). Image reconstruction details are 




Supplementary Figure 3 
 
Quantification of completeness of labeling of FtnA oligomers tagged with the BC2- or SNAP-
tag. (a) Wide-field fluorescence image of a BC2TYPET-FtnA oligomer stained with the bivBC2-
NbAF647 and single AF647 molecules bound to the slide surface (dashed line). Scale bar 1 µm. 
Single AF647 molecule intensity trace plotted in integrated intensity AD counts (y axis) over 
time in frame number (x axis). Blinking events are visible as clear jumps in fluorescence over 
the background (marker with red arrows and dashed lines). Right panel shows distribution of 
AF647 single molecule intensities plotted as a relative fraction histogram of integrated 
intensities with a bin size of 100 AD counts, fitted with a log-normal distribution function. (b) 
Distribution of bivBC2-NbAF647 and AF647-BG stained BC2TYpet-FtnA and SNAP-FtnA spot 
intensities (in the red channel) plotted as relative fraction histograms of integrated intensity AD 
counts with a bin size of 1000 AD counts is shown. Red lines represent the median value of 
both populations and the black curves represent the intensity distribution of simulated 
theoretical staining maximum. Table summarizes median values of simulations and measured 
distributions of FtnA oligomers which yields the completeness of labeling for both labeling 
systems. Corresponding summarizing bar chart is shown in Fig. 1c.  
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Supplementary Figure 4 
 
Analysis of PALM/dSTORM images of vimentin filaments in chemically fixed HeLa cells. (a) 
dSTORM images of five cells with native vimentin labeled with bivVB6-NbAF647. (b) dSTORM 
images of five cells expressing GFP-vimentin labeled with GFP-NbAF647. (c) dSTORM images 
of five cells expressing vimentinBC2T labeled with bivBC2-NbAF647. (d) PALM images of five cells 
expressing PAmCherry-vimentin. Scale bars, 5 µm. 
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Cells were analyzed with a custom-written ImageJ script. Each image was divided into 10 µm 
x 10 µm sections and 15 filaments per section were analyzed. First images include overlays 
for all analyzed filaments. All images are calculated corresponding to their individual 
experimental spatial resolution using the NeNA value. A binary version of each image was 
used to calculate filament coverages. The workflow is summarized in (e); first, lines were drawn 
along filaments. To minimize the selection and pixilation error, selections were shifted by 0.5 
pixels (5 nm) in all directions to obtain five measures in total for each filament by straightening 
all selections. The middle 3 pixels filaments were taken from the binary image to calculate 
lengthwise coverage. The coverage of each filament was obtained from averaging the five 
measurements. To determine the filament width, lengthwise intensity profiles of the five 
filament selections were fitted with Gaussian curves. The average full width at half maximum 
(FWHM) of the five selections yields the average filament width. Width and lengthwise 
fluorophore coverage were analyzed for a total of 676 (bivVB6-NbAF647), 295 (PAmCherry), 724 
(GFP-NbAF647) and 620 (bivBC2-NbAF647) filaments as shown in Fig. 2. Scale bars, 1 µm. Image 




Supplementary Figure 5 
 
Representative PALM images of chemically fixed HeLa cells transiently expressing (a) 
vimentin C-terminally tagged with photoactivatable mCherry (vimentin-PAmCherry) and (b) 
dSTORM images of chemically fixed HeLa cells transiently expressing vimentin C-terminally 
with eGFP followed by staining with GFP-NbAF647 are shown. While vimentin-PAmCherry 
expressing cells are small and show thick vimentin bundles and few thin filaments (cell 1 - 4), 
vimentin-GFP expressing cells display different phenotypes, from only a few thick filaments 
(cell 1), networks of uniform medium-thick filaments (cell 2), fragmented filaments (cell 3) and 
very few cells that appear physiological (cell 4). Scale bars, 5 µm. Image reconstruction details 




Supplementary Figure 6 
 
Plots of NeNA and FIRE image resolution analysis for PALM/dSTORM images. Graphs are 
shown for (a) native vimentin labeled with bivVB6-NbAF647, (b) GFP-vimentin labeled with 
GFP-NbAF647 (c) vimentinBC2T labeled with bivBC2-NbAF647 (d) PAmCherry-vimentin. Scatter + 
box plots (the box marks the 3 quartiles and the whiskers mark 95% of all the data) of all 
calculated NeNA (upper) and FIRE (lower) values as individual filament measurements. 
Individual NeNA and FIRE values were also plotted against filament coverage (middle, in 
fraction) and filament width (left, in nm) for each condition. The total number of filament ROIs 
was 636 (NeNA bivVB6AF647), 644 (FIRE bivVB6AF647), 347 (NeNA PAmCherry), 353 (FIRE 
pPAmCherry), 714 (NeNA bivVB6AF647), 682 (FIRE bivVB6AF647), 514 (NeNA bivBC2-NbAF647) 
and 519 (FIRE bivBC2-NbAF647). Numbers differ slightly from the total n of chosen ROIs as for 








bivBC2-Nb labeling of BC2-tagged vimentin compared to conventional antibody labeling of 
native vimentin. (a) Representative dSTORM images of chemically fixed HeLa cells expressing 
vimentinBC2T stained with bivBC2-NbAF647 or chemically fixed HeLa cells where native vimentin 
was stained with a conventional primary antibody followed by staining with a secondary 
antibody coupled to AF647. Scale bars, 5 µm. 100 peripheral (single) filaments were analyzed 
per labeling strategy. (b) Coverage analyses of affinity tags. Scatter + box plots (the box marks 
the 3 quartiles and the whiskers mark 95% of all the data.) of thin filament coverages for 
bivBC2-NbAF647 and pri/sec antibody staining plotted as individual filament statistics of 
fluorophore covered fractions and representative peripheral filaments, before analysis and 
straightened. Scale bars, 1 µm. 100 filaments were analyzed per method. (c) Scatter + box 
plots (descriptive statistics same as (b) of thin filament widths, FIRE values and NeNA values 




Supplementary Figure 8 
 
Visualization of N- or C-terminally BC2-tagged tubulin-alpha-1B chain (TUBA) in human cells. 
Immunofluorescence images of chemically fixed HeLa, U2OS and COS-7 cells transiently 
expressing N- or C-terminally BC2-tagged tubulin (BC2TTUBA, TUBABC2T). Cells were stained 




Supplementary Figure 9 
 
Image resolution measures for tubulin and actin visualized by tubulinBC2T or BC2Tactin 
respectively. (a) Tubulin fibers of an exemplary HeLa cell expressing tubulinBC2T are 
straightened like for vimentin in Supplementary Fig. 4 and 6 and analyzed for filament width 
yielding a FWHM of 38.2 ± 9.2 nm. (n = 29 fibers). (b) dSTORM images of five chemically fixed 
cells expressing BC2Tactin labeled with bivBC2-NbAF647. Scale bars, 10 µm. (c) Actin filament 
widths as histograms (left) with a bin size of 75 nm (x axis) plotted against relative fraction (y 
axis). Full data is represented underneath the histograms as box + scatter plots with the same 
x axis. The box marks the 3 quartiles and the whiskers mark 95% of all the data. The average 
lengthwise fluorophore coverage was calculated for each bin and plotted (right) as mean 
filament width (black line) and standard deviation (colored area) against relative fraction 
covered by fluorophores (y axis). A total of 351 filaments were analyzed for width and 
lengthwise fluorophore coverage. (d) Scatter + box plots of all calculated NeNA (upper) and 
FIRE (lower) as individual filament measurements. Individual NeNA and FIRE values were 
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also plotted against filament coverage (middle, in fraction) and filament width (left, in nm). 




Supplementary Figure 10 
 
Detection of non-structural proteins with the BC2-tag/bivBC2-Nb system. (a) HeLa cells or 
A549 cells transiently coexpressing GFP-LC3B and BC2TLC3B were incubated with 0.5 µM 
rapamycin to induce autophagy or control treated with 0.1 % DMSO. Shown are images of 
chemically fixed cells displaying the co-localizing GFP- and bivBC2-NbAF647 signal after 20 h 
incubation with rapamycin. (b) HeLa cells expressing BC2TGFP-GPI were chemically fixed and 
stained with the bivBC2-NbAF647. Shown are representative images displaying co-localizing 





Supplementary Figure 11 
 
dSTORM images (left) and corresponding DBSCAN plots (right) of all the chemically fixed 
HeLa cells transiently expressing BC2TLC3B that were used for analysis shown in Fig. 3d. (a) 
non-treated cells, n = 120 clusters for cell 1, 76 clusters for cell 2 and 146 clusters for cell 3. 
(b) cells treated with rapamycin, n = 203 clusters for cell 1, 74 for cell 2, 85 for cell 2 and 43 
for cell 4. Image reconstruction details are given in the Methods section. Summarizing bar 




Supplementary Figure 12 
 
Labeling of the endogenously tagged DNA-binding protein cbp1 in S. pombe. (a) Shown are 
exemplary wide-field images of C-terminally tagged cbp1 (cbp1BC2T) in chemically fixed S. 
pombe cells, scale bar, 10 µm (left panel). The nuclear cbp1BC2T was then imaged by dSTORM 
to resolve the distribution of individual proteins within the nucleus, scale bar, 5 µm (inset, scale 
bar, 0.5 µm). (b) The S. pombe strain encoding cbp1BC2T at the endogenous locus does not 
show any growth defects when analyzing the cell length distribution, n = 100 cells, nor 
abnormalities in the phenotype. Scale bar, 10 µm. Image reconstruction details are given in 




Supplementary Figure 13 
 
Imaging of BC2-tagged membrane protein in living cells. (a) HeLa cells expressing BC2TGFP-
GPI were subjected to live cell imaging 72 h after transfection. Shown are images displaying 
the nanobody signal (upper row) and GFP-signal (mid-row) derived from time lapse acquisition 
starting with the addition of bivBC2-NbAF647. Scale bar, 50 µm. (b) The fluorescence staining 
process was assessed by quantifying the fluorescence intensity increase over time for four 
different regions of interest (ROI 1 - 4, left) of cellular contact zones. Plotted (right) are the 




Supplementary Figure 14  
 
(a) Labeling of endogenous BC2-tagged actin upon transduction of bivBC2-Nb conjugated to 
different fluorescent dyes. Shown are representative images of living HeLa-BC2TACTB cells 
labeled either with bivBC2-NbAF647, bivBC2-NbCF568 or bivBC2-NbATTO655 (upper panel) and 
A549-BC2TACTB cells labeled with either bivBC2-NbAF647 or bivBC2-NbCF568 (lower panel). 
Selected areas of transduced cells (indicated by white squares) are depicted as enlarged 
images. Scale bars, 50 µM. (b) Time lapse imaging of HeLa-BCT2ACTB upon transduction of 
the bivBC2-NbAF647. Shown are representative images of two nanobody-transduced cells. 




Supplementary Figure 15 
 
Comparison of ATTO655 and AF647 photophysics under dSTORM imaging conditions in living 
and chemically fixed cells. (a) Representative single imaging frame, extracted from a dSTORM 
movie of chemically fixed HeLa-BC2TACTB stained with the bivBC2-NbAF647, under standard 
dSTORM conditions (Methods). Line graph representing the absolute frequency count of 
localizations (y axis) at a bin size of 100 over the first 2500 frames of a 15 x 15 µm ROI of the 
movie (x axis). (b) Representative single imaging frame, extracted from a dSTORM movie of 
live HeLa-BC2TACTB stained with the bivBC2-NbATTO655. Line graph representing the absolute 
frequency count of localizations (y axis) at a bin size of 100 over the first 2500 frames of a 15 
x 15 µm ROI of the movie (x axis). Imaging sequences taken from raw data acquisitions of 
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Materials and Methods 
Fluorescent protein plasmids 
Plasmids carrying the sequences of the fluorescent proteins (FPs) were obtained from different sources or 
constructed as listed in Table S1. All plasmids were checked by sequencing (Eurofins Genomics, Germany) 
and heat-shock-transformed into expression-optimized BL21-AI (Thermo Fischer, Germany).  
Plasmid construction 
pRSETa-mMaple, pRSETa-mMaple3, pRSETa-mEos3.2 and pRSETa-mKikGR were generated by a customized 
CPEC protocol [1]. In short, the pRSETa backbone (from pRSETa-mEos2, addgene #20341) and the FP 
sequences (pBAD18 templates [2]) were amplified by PCR (Phusion, NEB) using the corresponding primers 
(Table S3). Purified PCR products were mixed in 1:10 molar ratio and ligated. CPEC reaction mixes were used 
for bacterial transformation directly after ligation. 
pRSETb-pcDronpa-A69T, pRSETb-pcDronpa2-A69T, pRSETa-mEos3.2-A69T, pRSETa-mEos4b-A69T, pRSETa-
mKikGR-V69T, pRSETa-mMaple3-V157I(V166I) were generated by site-directed mutagenesis PCR using the 
corresponding primers (Table S3). PCR reaction mixes were digested by DpnI (NEB, Germany) to remove 
residual template plasmids (2 h, 37°C) prior to the transformation. All primer were designed in Benchling 
(Benchling Inc.) and synthesized by Eurofins Genomics. 
MG1655 rpoC-Dendra2 strain  
MG1655 incorporating rpoC-Dendra2 was generated by homologous recombination using a modified lambda 
red recombination pKD46 protocol [3]. In short, the PCR-amplified Dendra2-sequence followed by the frt 
flanked chloramphenicol resistance gene from the codon-optimized Dendra2 pBAD18 template[2] with 
auxiliary homologous overhang sequences was electroporated (5ms, 1.8 kV) into MG1655 cells. 
Samples with transiently expressed FPs in BL21ai cells 
Strains from -80°C stocks were cultured overnight at 37°C, 210 rpm, LB with 100 µg/mL ampicillin, 
reinoculated, grown to OD 0.2 and induced by 0.5% w/v arabinose (Sigma-Aldrich, Germany). After 2 hours, 
cells were fixed for 15 minutes with 2% paraformaldehyde (Sigma-Aldrich, Germany) and washed twice in 
100 mM PBS (pH 7.4). Samples were stored in 100 mM PBS (pH 7.4)/0.1% sodium azide at 4°C or 
immediately immobilized on 8-well slides (Ibidi, Germany) previously cleaned with 2% Hellmanex (Hellma, 
Germany) and coated with 0.05% poly-L-lysine (Sigma-Aldrich, Germany). 
Live cell samples with MG1655 rpoC-Dendra2 
Strains from -80°C stocks were cultured overnight at 37°C, 210 rpm, LB with 34 µg/mL chloramphenicol, 
reinoculated into 2% glucose EZ Rich Defined Medium (Teknova, USA) and grown at 32°C, 210 rpm to OD 0.2. 
Bacteria were placed on fresh agarose pads (1% low melting agarose (Sigma-Aldrich, USA) with EZRDM). 
 
Purification of fluorescent proteins 
Pellets of cultures overexpressing FPs from pRSET plasmids were suspended in 10 mM PBS (pH 7.4) with 
lysozyme (0.5 mg/mL) for 2h, homogenized by ultrasound (UP100H, Hielscher, Germany) and centrifuged for 
15 minutes (17000 x g, 4°C). FPs were purified from the supernatant by Ni-NTA spin columns (Thermo 
Fischer, Germany) followed by a buffer exchange to 10 mM PBS (pH 7.4) (Nanosep columns, VWR, Germany). 
Microscope Setup 
Imaging was performed on a custom build setup based on an automated Nikon Ti Eclipse microscope 
equipped with appropriate dichroic and filters (ET dapi/Fitc/cy3 dichroic, ZT405/488/561rpc rejection filter, 
ET525/50 or ET610/75 bandpass, all AHF Analysentechnik, Germany), and a CFI Apo TIRF 100x oil objective 
(NA 1.49, Nikon). For PC using 640 nm laser illumination, a zt405/488/561/640rpc dichroic and a 
ZET405/488/561/640 rejection filter were used (both AHF Analysentechnik, Germany). All lasers (405 nm 
OBIS, 561 nm OBIS, 640 nm OBIS, 730 nm OBIS, 488 nm Sapphire; all Coherent Inc. USA) except 730 nm were 
modulated via an acousto-optical tunable filter (AOTF) (Gooch and Housego, USA). Fluorescence was 
detected by an emCCD (iXON Ultra 888; Andor, UK). The z-focus was controlled by a commercial perfect 
focus system (Nikon, Germany). Acquisitions were controlled by µManager [4]. Live cell experiments were 
performed on a customized heating stage at 32°C. 
Spectroscopy 
Absorption spectra and fluorescence spectra (Fig. S2) were measured in V-750 and FP-8500 instruments 
(Jasco, Germany), respectively, using a 50µl UV-transparent quartz cuvette. Molar extinction coefficients 
(Table 1 and Table S2) were calculated as described [5]. pKa values (Fig. S2) were determined as per previous 
description [6]. 
Photoconversion experiments 
Photoconversion of the pcFPs variants by 405 nm and 488/ 730 nm illumination was measured in fixed 
BL21ai cells immobilized on 8-well slides (Ibidi, Germany) in 100 mM PBS equilibrated to different pH values 
(Fig. S3 (c)). In 405 nm-mediated photoconversion experiments, immobilized fixed cells were continuously 
illuminated by 2.5 W*cm-2 405 nm light; in the PC experiments, cells were continuously illuminated by 450 
W*cm-2 of 730 nm light and 488 nm laser pulses of 4 W*cm-2 were synchronized with every fifth imaging 
frame. In both modes, the fluorescence was read-out by a continuous illumination of 200 W*cm-2 of 561 nm 
laser irradiation. All regions of interests were imaged for 30 s with 30 ms exposure time making use of the 
frame transfer mode of the camera. For experiments measuring the PC efficiency for Dendra2 at different 
488 and 730 nm light intensities, 100 mM PBS (pH 7.4) was used (Fig. S3 (b)). For PC experiments with 488 
and 640 nm light, cells were imaged in 100 mM PBS (pH 8.5) and laser intensities were adjusted to 4 W*cm-2 
of 488 nm light pulsed every fifth frame and 400 W*cm-2 of continuous 640 nm light (Fig. S3 (e)).  
Experiments on the stability of fluorescence signals  
Fluorescence of the green and red chromophore form of the photoconvertible FPs was measured in fixed 
BL21ai cells immobilized on 8-well slides (Ibidi, Germany) in 100 mM PBS (pH 7.5). For fluorescence intensity 
measurements in the green chromophore form, samples were illuminated by 3 W*cm-2 of 488 nm light. The 
red chromophore form was imaged after photoconverting the ROIs by illumination of 2.5 W*cm-2 405 nm 
laser light for 15 seconds. ROIs were then illuminated by 200 W*cm-2 of 561 nm laser light. Intensity traces 
for both channels were recorded for 90 s with 30 ms exposure time in the frame transfer mode of the 
camera (Fig. S3 (d)). 
Intermediate state lifetime measurements 
Intermediate state half-life measurements were performed in fixed BL21ai cells immobilized on 8-well slides 
(Ibidi, Germany) in 100 mM PBS (pH 7.5). Samples were illuminated by alternating between 30 ms irradiation 
by 4 W*cm-2 of 488 nm light and 30 ms irradiation by 200 W*cm-2 of 561 nm and 2 kW*cm-2 of 640 nm light. 
Both channels were rapidly switched by an AOTF controller (ESTechnical, Kent, UK) with in between delays 
set from 0 to 30 ms (Fig. S4 a (i)). 640 nm light instead of 730 nm light had to be used due to the technical 
limitation of the AOTF, necessary for fast modulation, of only accepting wavelengths from 400 - 650 nm only. 
Intensity traces were measured over 1000 frames for each channel. Additionally, a UV photoconversion 
control was performed by illuminating the samples with alternations of 30 ms long irradiations of 2.5 W*cm-2 
of 405 nm light and 200 W*cm-2 of 561 nm light (Fig. S4 b (i)).   
  
Reversible photoswitching experiments of the green fluorophores 
Fluorescence decay under 488 nm illumination and recovery upon 405 nm light were measured in fixed 
BL21ai cells immobilized on 8-well slides (Ibidi, Germany) in 100 mM PBS (pH 7.5). For fluorescence decrease 
measurements, samples were continuously illuminated by 4 W*cm-2 of 488 nm light. For fluorescence 
recovery, measurements samples were continuously illuminated by 2.5 W*cm-2 of 405 nm light and 488 nm 
laser pulses of 4 W*cm-2 were synchronized with every 20th imaging frame. Six cycles were recorded on the 
same ROI, both for 60 s with an exposure time of 30 ms exposure time (Fig. S5 (a)). 
Post-processing and data analysis of ensemble measurements 
All image stacks were post-processed by scripts in Fiji [7] as illustrated in Fig. S3 (a). In short, ROIs were 
extracted by identifying individual bacterial shapes from fluorescence averages excluding overlapping or out-
of-focus cells. The mean fluorescence intensity per pixel was measured as a function of time. For primed 
conversion experiments, frames including 488 nm illumination pulses were excluded from the analysis due 
to increased background of channel-leaking green fluorescence. For photoconversion efficiency experiments 
(Fig. S3 (b,c)), extracted data was fitted by equation (1). 
𝐼(𝑡) =  𝐵𝐵 −  𝐴𝑒−𝑘𝑘      (1) 
Fitted conversion rates k and amplitudes A were taken only from fits of R-squared values of 0.95 or higher. 
For non-converting settings, where no curve could be fitted, the difference of the average intensity prior to 
the photoconversion and the maximum value reached during the illumination was plotted instead. To 
measure the photostability of the green fluorescence signal (Fig. S3 (d)), extracted data was fitted by 
equation (2). 
 𝐼(𝑡) = 𝐵𝐵 + 𝐴𝑒−𝑘𝑘      (2) 
Fitted conversion rates k were taken only from fits with R-squared values of 0.95 or higher, and their 
reciprocal multiplied by ln(2) yielded the fluorescence decrease time t0.5. The red fluorescence decay cannot 
be fitted by a single exponential decay; instead t0.5 was directly measured at the moment it reached 50% of 
intensity I0. 
Single-molecule experiments 
Purified protein solutions were placed on 8-well slides (Ibidi, Germany) previously cleaned with 2% 
Hellmanex (Hellma, Germany) and rinsed twice with 100 mM PBS (pH 7.4) after 15 minutes. Surfaces were 
imaged under 405 nm and 488/730 nm photoconversion conditions in highly inclined and laminated optical 
sheet (HILO) illumination [8]. Additionally, a cleaned surface without single molecules was recorded as a 
purity control. Applied laser intensities were: 5 W*cm-2 of 405 nm, 4 W*cm-2 of 488 nm, 1 kW*cm-2 of 561 
nm and 450 W*cm-2 of 730 nm. 405 nm and 488 nm lasers were pulsed every 25th frame. Movies were 
recorded at 33 Hz image acquisition rate for two minutes. Localizations of the fitted single fluorescent spots 
were obtained by the open source software rapidSTORM [9] and tracked with the help of customized tracking 
software written in C++. For analysis, only trajectories that started after 405 or 488 nm pulse frames and 
were visible for at least two frames were used (Fig. S8 (a)). Analysis was performed by using OriginPro 
software (Origin LAB Corporation). AD counts were converted to photon counts according to the emCCD 
camera sensitivity. 
Single-particle-tracking PALM experiments followed by cell growth quantification 
Living rpoC-Dendra2 MG1655 E.coli cells were imaged under 405 nm and 488/730 nm photoconversion 
sptPALM conditions for 2, 4, 6 and 8 minutes in HILO illumination mode. Additionally, two controls were 
recorded: cells not illuminated by any laser light and cells illuminated for 6 minutes by the 561 nm read-out 
laser only. Applied laser intensities were: 690 mW*cm-2 of 405 nm, 400 mW*cm-2 of 488 nm, 450 W*cm-2 of 
730 nm and 600 W*cm-2 of 561 nm. 405 nm and 488 nm lasers were pulsed every 12th frame. Movies were 
recorded at 77 Hz image acquisition rate to follow the diffusing RNA polymerase. After sptPALM imaging all 
illuminated regions and controls were imaged under bright light for 8 hours at 2 min intervals to quantify the 
cellular growth after the experiments. During sptPALM and overnight imaging, cells were incubated in 32°C. 
Localizations of the fitted single fluorescent spots were obtained by rapidSTORM [9], tracked with the help of 
customized tracking software written in C++ and visualized by customized software written in C++, to filter 
and group single molecule localizations or trajectories by their characteristics. The mean squared 
displacement (MSD) was calculated for all trajectories of at least four steps as per previous description [10]. 
(Fig. 2 and Fig. S7) 
Visualization software 3D protein structures taken from the Protein Data Bank (PDB) were visualized by 
Chimera (Fig. S1 c) [11]. All figures were prepared in Abobe Illustrator (Adobe Systems Inc.).  
Table S1. Bacterial plasmids used for transient expression of fluorescent proteins. 
FP Backbone Source 
Dendra2 pRSETb gift from Bourgeois lab, Grenoble, France[12] 
Dendra2-T69A pRSETb gift from Bourgeois lab, Grenoble, France[12] 
Dendra2-M159A pRSETb this work, created by David Virant using the pRSETb Dendra2 template 
Dendra2-Q116N pRSETb this work, created by David Virant using the pRSETb Dendra2 template 
Dendra2-Q116Y pRSETb this work, created by David Virant using the pRSETb Dendra2 template 
Dendra2-S105N-Q116N pRSETb this work,created by David Virant using the pRSETb Dendra2 template 
Dendra2-T104N-S105N-Q116N pRSETb this work,created by David Virant using the pRSETb Dendra2 template 
IrisFP pRSETa gift from Bourgeois lab, Grenoble, France[5] 
mEos2 pRSETa Addgene #20341 
mEos2-A69T pRSETa gift from Bourgeois lab, Grenoble, France[12] 
mEos3.2 pRSETa this work, created by Haruko Gölz using codon-optimized mEos3.2 [2] 
mEos3.2-A69T pRSETa this work, created by Haruko Gölz using the pRSETa mEos3.2 template 
mEos4b pRSETa Addgene #51073 
mEos4b-V69T pRSETa this work, created by David Virant using the pRSETa mEos4b template 
mKikGR  pRSETa this work, created by Haruko Gölz using codon-optimized mKikGR [2] 
mKikGR-V69T pRSETa this work, created by David Virant using the pRSETa mKikGR template 
mMaple pRSETa this work, created by David Virant using codon-optimized mMaple[2]  
mMaple3 pRSETa this work, created by Alexander Balinovic using codon-optimized mMaple3[2] 
mMaple3-V157I pRSETa this work, created by David Virant using the pRSETa mMaple3 template 
NijiFP pRSETb gift from Bourgeois lab, Grenoble, France[13] 
pcDronpa pRSETb gift from Dedecker lab, Leuven, Belgium[14] 
pcDronpa-A69T pRSETb gift from Dedecker lab, Leuven, Belgium[14] 
pcDronpa2 pRSETb Addgene #78184 






Table S2. Properties of non-PC-converting green-to-red pcFPs 
Table summarizing the properties of green-to-red pcFPs used in this study which can be photoconverted by 
405 nm illumination but not by PC. Listed are their key photophysical properties with λexc – excitation 
wavelength; λem – emission wavelength; ε – molar extinction coefficient at pH 7.5; Φ – fluorescence 
quantum yield; t0.5*int – time of 50% intensity loss when irradiated by 488 nm or 561 nm light respectively at 
pH 7.5 in relation to Dendra2 (Fig. S3e). Furthermore, their genetic background, oligomeric state (m – 
monomeric; t – tetrameric), the pKa values of the chromophores (Fig. S2) as well as the optimal pH for 405 
nm light-mediated photoconversion are given (Fig. S3). Values are either from the literature as labeled or 
were measured in this study. ND - not determined. 
 
  













T69A Dendra2 T69A 502
a/563a 518a/578a m 42000a/35400a 0.56a/0.64a 6.0a/7.0a 0.4/0.8 6-7.5 a [12] 
Dendra2-
M159A Dendra2 M159A 471
b/528b 504b/562b m 51100b/42000b 0.55b/0.65b 6.5b/7.3b ND/ND ND b [13] 
NijiFP Dendra2 F173S 469b/526b 507b/569b m 41100b/42000b 0.64b/0.65b 7.0b/7.3b ND/ND 6-7.5 b [13] 
mEos2 EosFP N11K E70K H74N H121Y 508
a/573a 519a/584a m 79000a/34300a 0.66a/0.65a 5.0a/6.6a 0.8/0.1 5.5-7 a [12] 
mEos3.2 mEos2 I102N H158E Y189A 507
c/572c 516c/580c m 63400c/32200c 0.84c/0.55c 6.5c/5.8c 1.1/0.1 6-7.5 c [6] 
mEos4b mEos3.2 K9R F34Y S39T A69V C195A 505
d/570d 516d/580d m 78200d/55500d 0.84d/0.71d ND/ND 1.2/0.1 6-7.5 d [15] 
IrisFP EosFP F173S 488b/551b 516b/580b t 57800b/27000b 0.48b/0.50b 5.7b/6.8b ND/ND 5.5-7.5 b [13] 
pcDronpa Dronpa V60A C62H N94S N102I E218G 505
e/569e 517e/581e t 115000e/75000e 0.85e/0.68e 5.5e/6.3e 1.1/3.1 6.5-7.5 e [14] 
pcDronpa2 pcDronpa Y116N 504e/569e 515e/583e t 100000e/105000e 0.83e/0.68e 5.8e/6.1e 0.6/0.2 6.5-7.5 e [14] 
mKikGR 
KikGR A17S Q32R 
F34Y I37T N39T C116T 
V126T N161E Q167E 
F193Y L212A H219Y 
L222T P223Y L225G 
+228Y 229E 230F 231E 
232A 
505f/580f 515f/591f m 49000f/28000f 0.69f/0.63f 6.6f/5.2f 0.6/0.3 5.5-6.5 f [16] 
Table S3. List of primers. 













































Figure S1. Influence of single amino-acid mutations on pcFP variants 
 
a) Sequences of pcFP variants capable of PC in alignment with Dendra2.  
a V60A yields shortened maturation times; CHR chromophore sequence HYG. Deviation from His62 is 
common for several reversibly green switching FPs [14, 17].  
*1 mEos2, mEos3.2, mEos4b, pcDronpa, pcDronpa2, mKikGR, Dendra2-T69A can be photoconverted by UV 
light but not by 488/730 nm illumination. 
*2 pcDronpa-A69T, a predecessor of pcDronpa2 (=pcDronpa-Y116N) has a low 488/730 nm photoconversion 
efficiency. Dendra2-Q116N and Dendra2-Q116Y cannot be photoconverted. Dendra2-S105N-Q116N and 
Dendra2-R104T-S105N-Q116N regain their photoconversion ability but only at very low efficiency. 
*3 Positions 157, 159 and 173 influence the photoswitching behavior of many pcFPs, e.g. NijiFP (=Dendra2-
F173S) or Dendra2-M159A can be reversibly photoswitched [5, 13] but not converted by 488/730 nm light. 
b amino acids critical for green GFP-like fluorescence [18].  
#1 amino acids influencing the oligomerization state [18]. 
#2 amino acids critical for green-to-red pcFPs [18]. 
 
b) Exemplary photoconversion measurements for different pcFPs under PC conditions. All intensities were 
normalized to the intensity of red Dendra2 fluorescence. The y-axis within the red inset is stretched as 
indicated by the labels for better visibility. 
c) Mutual organization of important amino acid residues in the chromophore environment. Colored boxes 
indicate the photoconversion characteristics of the different FPs: green, 405 & 488/730 nm converting; 
orange, moderately 488/730 nm converting but not 405 nm-converting and red, only UV converting.  
(i) Residue 69 controls the orientation of the chromophore interacting residue Arg66. Only threonine 
variants can undergo PC. 
(ii) Small residues at positions 159 (Ala159) and 173 (Ser173) increase the chromophore flexibilty and enable 
reversible conformation changes between cis and trans states which hinders PC.  
(iii) Residues 105 and 116 are crucial for green-to-red photoconversion. Asn105/Tyr116 in pcDronpa-A69T 
prevents UV conversion, but allows for 488/730 nm conversion.  
Structures were taken from the Protein Data Bank (PDB): Dendra2 (2VZX), mEos2 (3S05), mEos2-A69T 
(5DTL), mKikGR (4P76), IrisFP-M159A (4R6B), IrisFP-cis (2VVH), IrisFP-trans (2VVI), pcDronpa-A69T (4IZN). 
  
 
Figure S2. Absorption, fluorescence spectra and pKa measurements of pcFPs in their green and red form. 
Left: Absorption spectra (solid lines) and fluorescence spectra (dashed lines) of green and red chromophore 
forms. Middle and right: pH-dependency and fitted pKa values of the FPs measured for the green and red 




Figure S3. Photoconversion rates, red fluorescence yield and photostability of the green and red form for 
pcFPs are dependent on applied laser wavelengths, laser intensities and pH. 
a) Analysis workflow for quantifying photoconversion and photostability of the pcFP variants as described in 
detail in the Materials and Methods section.  
b) Impact of 488 nm and 730 nm light intensity on PC rate (grey) and red fluorescence intensity (red) 
measured for Dendra2. Increasing the 488 nm light intensity increases measured intensities (red bars and 
dots) as well as the conversion rate (gray bars and dots). For highest 488 nm laser intensities, the attained 
fluorescence intensity decreases, probably due to photobleaching of the green Dendra2 form. Increasing the 
730 nm laser intensity increases the measured fluorescence intensities. The applied 730 nm light intensities 
do not alter the conversion rate significantly.  
c) Green-to-red photoconversion efficiency and rates measured for pH values ranging from 6 to 10 by 
imaging overexpressed pcFPs in fixed E.coli cells and analyzed as depicted in a) and described in the 
Materials and Methods. 405 nm-mediated photoconversion and PC efficiencies were measured by the 
obtained red fluorescence intensities (red bars and dots) and photoconversion rates (gray bars and dots). 
Measurements were made for proteins from five different families: i) Dendra family; ii) mEos family; iii) 
mMaple family; iv) mKikGR family; v) pcDronpa family. 
d) Stability of the fluorescence signal of the green and red chromophore forms for different proteins capable 
of 488/730 nm photoconversion and their non-PC-converting relatives. At time t0.5I, the fluorescence 
intensity had decreased to 50% of the initial intensity. All threonine 69 variants show a slower decrease of 
the intensity in both the green and red channel. 
e) Comparison of the photoconversion efficiency for different PC-converting pcFPs under illumination of only 
488 nm light (4 W*cm-2) and additional 640 nm light (400 W*cm-2). Intensities in table are represented as a 
percentage of the intensity obtained by 488/730 nm illumination (4 W*cm-2 and 400 W*cm-2 for 488 and 730 
nm, respectively) for each protein. 
 
 Figure S4. Dependency of the PC efficiency on a delay of 0-30 ms between priming and conversion laser 
illumination. 
a) i) Scheme representing the applied illumination sequence with Δt being the delay between 488 laser 
pulses and 640 nm conversion/ 561 nm read-out. ii) The PC efficiency decreases exponentially for increasing 
delays between 488 and 640 nm light illuminations. Intensities, normalized to the intensity of Δt = 0 ms were 
fitted with a single exponential decay. Retrieved t1/2 values represent the half-life of the presumed 
intermediate state, which is thought to be the entry state for PC by absorbing red/far red light. 
b) i) Scheme representing illumination sequence for control experiments for 405 and 561 nm laser pulses.   
ii) Increasing the delay between 405 and 561 nm light does not affect the UV-photoconversion efficiency. 
  
Figure S5. Reversible photoswitching of the green form of pcFPs by 488 nm and 405 nm illumination 
a) Time traces of the green fluorescence intensity decrease under continuous 488 nm illumination for 60 s 
which is followed by continuous 405 nm illumination with probing 488 nm light pulses every 20th frame for 
another 60 s. This cycle was repeated six times on the same ROI. For all investigated proteins, recovery from 
non-fluorescent dark states was observed under 405 nm illumination. All pcFPs were overexpressed and 
measured in fixed E.coli cells as described in the Materials and Methods.  
b) Evaluation of the green fluorescence intensity decrease levels (blue) and recovery levels (violet) of the 
pcFP-time traces in a): The fluorescence decrease level represents the fraction of FP molecules which 
remained fluorescent after one minute illumination by 488 nm light. The fluorescence recovery level shows 
the fraction of protein molecules which recovered their green fluorescent state after 60 s illumination with 
405 nm light. All pcFPs capable of PC show a slower decrease in fluorescence under 488 nm illumination and 
thus a higher remaining fraction of molecules in their green fluorescent state after 60 s in comparison to the 
non-PC-converting FPs. Additionally, the fraction of molecules which recovers their green fluorescent state is 
lower in case of 488/730 nm photoconvertible proteins in comparison to proteins not capable of 488/730 




Figure S6. Model of photoconversion 
Green-to-red pcFPs can populate different reversible dark states which might yield an explanation for the 
different PC efficiencies of different pcFPs. In this model, pcFPs which show strong blinking behavior and 
thus have a high tendency of populating long-lasting dark states, show only poor or non-detectable 488/730 
nm photoconversion efficiency. Here, these dark states are thought to be directly competing with a short-
lived intermediate state, which is suspected to be the entry point for PC by absorbing near-infra red light. 
Due to its estimated half-life, it is most likely a triplet or radical state. Both states are believed to be directly 
linked to the arginine 66 conformation and chromophore flexibility [12]. 
  
 Figure S7. RNA polymerase dynamics in living E.coli cells by UV and PC photoconversion. 
Examplary cells imaged by sptPALM using PC photoconversion (left) and diffusion coefficient distribution of 
RNA polymerase measured by 405 nm (left bars) and 488/730 nm (right bars) photoconversion. Trajectories 
are color coded by their apparent diffusion coefficient D: 0.0-0.15 µm²*s-1 (white, ~ 70%), 0.15-0.8 µm²*s-1 
(blue, ~ 27%), faster than 0.8 µm²*s-1 (green, ~3 %). PC was slightly more efficient and yielded more 
trajectories (with an average of 8 trajectories compared to 5 trajectories per µm² and minute) at lower 
conversion laser intensities (400 mW/cm² 488 nm in comparison to 690 mW/cm² 405 nm). 
Statistics of single-particle track lengths (longer than 4 steps, middle right) obtained through 6 minute 405 
nm or 488/730 nm-sptPALM imaging and statistics of single-molecule photon counts (right) of localizations in 
these trajectories are visualized by dark grey (UV-photoconversion: 5075 trajectories, 39913 localizations) 
and light grey (PC photoconversion: 7174 trajectories, 54127 localizations) histogram bars, bin size 1 (tracks) 
and 30 (photons). The average single-particle-trajectory lengths and spot intensities for both modes are 
comparable. 
 
 Figure S8. Photon counts of single pcFP molecules recorded on single-molecule surfaces.  
a) Workflow of the single-molecule surfaces data analysis as described in the Materials and Methods section. 
b) Photon counts of single fluorescent protein molecules recorded on single-molecule surfaces with 488/730 
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 Figure S1: (a) Influence of high intensity (1 kW/cm2) 488 nm light illumination measured by the average 
red fluorescence intensity of PAmCherry and Dendra2 as a function of time of exposure by 488 nm light 
prior photoactivation/-conversion (for details, see materials and methods). Black graph: Dendra2 average 
fluorescence intensity; red graph: PAmCherry average fluorescence intensity. (b) Left: schemes 
representing illumination sequences for MG1655 RNAP-Dendra2 and MG1655 RNAP-PAmCherry 
samples serving as quantitative controls. Violet line: 405 nm light, blue line: 488 nm light, green line: 561 
nm light, red line: 730 nm light. More details and laser intensities can be found in the materials and 
methods section. Right: average number of RNAP localizations per µm² identified during the imaging. (I) 
MG1655 RNAP-Dendra2 cells imaged with primed conversion-PALM. n = 13 cells; (II) MG1655 RNAP-
Dendra2 cells imaged with UV-PALM. n = 21 cells; (III) MG1655 RNAP-Dendra2 cells illuminated with 
488 nm light before imaging and imaged with UV-PALM. n = 21 cells; (IV) MG1655 RNAP-PAmCherry 
cells imaged with UV-PALM. n = 16 cells; (V) MG1655 RNAP-PAmCherry cells illuminated with 488 nm 
light before imaging and imaged with UV-PALM. n = 13 cells; (VI) MG1655 RNAP-PAmCherry cells 
imaged with primed conversion-PALM. n = 21 cells. 
  
 Figure S2: Live-cell single-particle tracking PALM (sptPALM) in E. coli cells. (a) Trajectories of RNAP 
molecules (left) and FtsZ (right). The individual trajectories are color coded by their apparent diffusion 
coefficient D and classified into categories. RNAP: 0.0–0.15 µm²/s (red), 0.15–0.8 µm²/s (orange), faster than 
0.8 µm²/s (yellow) and FtsZ: 0.0–0.1 µm²/s (red), faster than 0.1 µm²/s (orange). This classification is based 
on recent literature on the protein dynamics [1,2] and chosen to be the same as in the histograms in (b). 
Scale bar: 2 µm. (b) RNAP and FtsZ diffusion coefficient distribution histograms. RNAP molecules were 
classified by their diffusion coefficient as follows: slower than 0.15 µm²/s (67% of the whole population), 
faster than 0.15 and slower than 0.80 µm²/s (27%), and faster than 0.80 µm²/s (6%). n = 471 trajectories. This 
is in accordance with literature values [2,3]. FtsZ molecules were sorted into two classes: slower than 0.1 
µm²/s (81% of the population- structural FtsZ) and faster than 0.1 µm²/s (19%). These values are also in 
accordance with literature values [1]. n = 174 trajectories. (c) FtsZ trajectories of the structural FtsZ 
molecules (D < 0.1 µm²/s) shown by distinct colors to visualize individual trajectories. (d) Cell growth after 
dual-color sptPALM imaging. Cells are not affected by the in total 9-minute-read-out (2 min for RNAP-
mEos3.2-A69T, 2 minutes of 488 nm bleaching of unconverted mEos3.2-A69T and 5 min for FtsZ-
PAmCherry (due to the slower frame rate of 30 ms to obtain the same number of images as for RNAP-
mEos3.2-A69T imaged by 13 ms frames) imaging procedure. Big bright light image: cells at the beginning 
of the experiment. On the right, two examples of RNAP trajectories in single cells are shown; red 
trajectories are for slowly diffusing RNAPs with D < 0.15 µm²/s and orange trajectories for RNAP with 
0.15 µm²/s < D < 0.8 µm²/s. Bottom bright light images: cells after one, two and 3 h of growth. Scale bars: 5 
µm. 
  
Figure S3: Comparison of S. pombe growth after different illumination schemes. Example cells are marked 
with dashed lines. Following the color-coded dashed lines, it is visible that the cells continue dividing and 
growing after imaging. Details experiment parameters are described in materials and methods. (a) Cell 
growth after 5 min of PC-PALM. (b) Cell growth after 5 min of PC-PALM and 2 min of 488 nm light post-
bleaching. (c) Cell growth after 5 min of PC-PALM, 2 min of 488 nm light post-bleaching and 2.5 min of 
UV-PALM. The dose of UV light is not high enough to prevent cells from dividing/growing. (d) Control 
cells which were not illuminated by any laser light. Scale bars bright-field images 10 µm. Insets display 
examples of single-particle-trajectory data with a length >4 frames, obtained for cbp1-Dendra2, scale bars 
insets 4 µm. Colored lines beneath spt-PALM images represent the illumination scheme used in the 
experiment as described in Figure S1. 
  
 Figure S4: (a) Example fits of calculated MSD values, color coded red for MSDs corresponding to diffusion 
coefficients below 0.26 µm2/s and orange for MSDs corresponding to diffusion coefficients above 0.26 
µm2/s. (b) Histograms of cbp1 diffusion coefficients in fixed (i) and living (ii) cells. Histogram bins are 
color coded as trajectories in Figure 3b, red for diffusion coefficients lower than 0.26 µm2/s and orange for 
diffusion coefficients above 0.26 µm2/s. (i) In fixed cells, the majority of analyzed trajectories displayed 
diffusion coefficients lower than 0.26 (~95%). All the present cbp1 molecules are expected to be 
immobilized by aldehyde fixation which results in a small, non-zero diffusion coefficient in agreement 
with the measurement error made within the localization precision. Some free-floating background may 
remain, resulting in a few detected mobile molecules with diffusion coefficients above 0.26 µm²/s. (ii) In 
live cells, a significant fraction (~55%) of immobile, DNA-bound cbp1 is clearly visible, while the rest of 
the protein moves with varying velocity. Only trajectories with a length of >4 frames and MSD-curves 
fitted with an R-squared value >0.85 were used in the analysis. The bin size of 0.13 was calculated using 
the Freedman-Diaconis rule. Number of diffusion coefficients plotted is 275 for fixed cells and 462 for live 
cells.  
Table S1. Strains, plasmids and construction primers used in this study 
Strain Description Reference 
Escherichia coli strains 
MG1655 rpoC_mEos3.2- 
A69T MG1655 RNAP-β’-mEos3.2-A69T, Cm
R This study 
MG1655 rpoC_mEos3.2- 
A69T+ pJB063 
MG1655 RNAP-β’-mEos3.2-A69T + pJB063-FtsZ- 
PAmCherry, CmR, SpectR 
This study 
MG1655 rpoC_Dendra2 MG1655 RNAP- β’-Dendra2, CmR [2] 
MG1655 rpoC_PAmCherry MG1655 RNAP- β’-PAmCherry, AmpR [4] 
MG1655 
pBAD/HisB_pamcherry1 MG1655 pBAD/HisB_PAmCherry1, Amp
R This study 
Schizosaccharomyces pombe strains  
cbp1_Dendra2 C-terminal genomic integration, G418 resistance This study 
cnp1_PAmCherry N-terminal genomic integration [5] 
cnp1_PAmCherry + 
cbp1_Dendra2 Combination of above strains This study 
Mammalian strains 
HeLa H2B-pDendra2(N)+ β- 
Actin-PAmCherry1 Transient expression from plasmid This study 
HeLa Dendra2-Keratin-17+ 
β-Actin-PAmCherry1 Transient expression from plasmid This study 
 




H2B-pDendra2(N) mammalian H2B-pDendra2(N), KanR Addgene 
75283 
Dendra2-Tubulin-6 mammalian Dendra2-Tubulin-6, KanR Addgene 
57742 
β-Actin-PAmCherry1 mammalian β-Actin-PAmCherry1, KanR, NeoR [6] 
Dendra2-Keratin-17 mammalian KRT18-Dendra2, KanR Addgene 
57726 
pJB063 bacteria pBAD-FtsZ-pamcherry1, SpectR Gift from the 
Xiao Lab, USA 
pBAD/HisB_PAmCherry bacteria pBAD/HisB_PAmCherry1, AmpR Addgene 
31931 
 




















All primers were designed in Benchling (Benchling Inc.) and synthesized by Eurofins Genomics 
(Germany). 
  
Supplementary Material & Methods 
Strain constructions 
Escherichia coli MG1655 rpoC-mEos3.2-A69T transformed with pJB063. MG1655 expressing 
rpoC_mEos3.2-A69T was generated by homologous recombination using a modified lambda red 
recombination pKD46 protocol [7]. Briefly, the PCR-amplified (primers listed in Table S1) mEos3.2-A69T-
sequence followed by the frt flanked chloramphenicol resistance gene from the codon-optimized mEos3.2-
A69T pBAD18 plasmid [8] with auxiliary homologous overhang sequences was electroporated (5 ms, 1.8 
kV) into MG1655 cells. After verifying the strain by sequencing (Eurofins, Ebersberg, Germany), the 
pJB063 plasmid (Table S1) containing an FtsZ sequence followed by the PAmCherry fluorescent protein 
and spectinomycin resistance gene sequences was introduced to MG1655 rpoC-mEos3.2-A69T via 
electroporation (5 ms, 1.8 kV). Transformed cells were selected under chloramphenicol and 
spectinomycin. 
Schizosaccharomyces pombe cbp1-Dendra2. The cloning strategy for tagging the C-terminus of the cbp1 
was adapted from [9]. The Saccharomyces cerevisiae ADH1 terminator and kanamycin resistance gene were 
amplified from the PAW8 plasmid [10] using primers F_KanR and R_KanR. The Dendra2 fragment with 
the AGGSG linker was amplified from the pRSET-Dendra2 plasmid [11] using primers F_Dendra2 and 
R_Dendra2. The upstream (~600 bp) and downstream (~500 bp) S. pombe homologies were amplified from 
genomic DNA with the primer pairs F1_cbp1/ R1_cbp1 and F2_cbp1/ R2_cbp1 (all primers listed in Table 
S1). DNA fragments were assembled with overlap-extension PCR [12], using melting temperatures of the 
overlapping regions as the annealing temperature in the PCR. All PCRs were performed with Q5 High-
Fidelity DNA polymerase (New England Biolabs, Frankfurt, Germany). 10 µL of the PCR product were 
transformed into wild type S. pombe using the Frozen-EZ Yeast Transformation II Kit (Zymo Research, 
Irvine, CA, USA), plated onto YES agar plates and incubated overnight at 30 °C, then replica plated onto 
200 µg/mL G418 (Thermo Fisher Scientific, Darmstadt, Germany) YES agar plates and incubated at 30 °C 
until single colonies were visible. Genomic integration was confirmed by colony PCR and DNA 
sequencing. 
S. pombe cnp1-PAmCherry1/cbp1-Dendra2. The DNA fragment used for transformation was amplified 
from genomic DNA of the previously described cbp1-Dendra2 strain with the primer pair 
F1_cbp1/R2_cbp1 (Table S1). The fragment, containing upstream and downstream homologies, the 
Dendra2 sequence and the KanR gene was then transformed into an N-terminally tagged cnp1-
PAmCherry S. pombe strain [5] as described earlier. Integration was confirmed by colony PCR and DNA 
sequencing. 
Sample preparations 
Escherichia coli. The strain MG1655 rpoC-mEos3.2-A69T+pJB063 was taken from a −80 °C stock and was 
cultured overnight at 37 °C, 210 rpm, LB with 34 µg/mL chloramphenicol and 100 µg/mL spectinomycin, 
reinoculated into fresh LB and grown to OD 0.1. Expression of FtsZ-PAmCherry from pJB063 plasmid was 
induced by arabinose (0.2% w/v). After 30 min of induction, the culture was centrifuged (2000× g, 3 min) 
to exchange the medium for fresh LB without inducer and again incubated in 37 °C, 210 rpm for two hours. 
Fixation was performed for 15 min with 1% paraformaldehyde (Sigma Aldrich, Munich, Germany) and 
cells were washed twice in 100 mM PBS (pH 7.4). Samples were stored in 100 mM PBS (pH 7.4) or 
immediately immobilized on 8-well slides (Ibidi, Munich, Germany) previously cleaned with 2% 
Hellmanex III (Hellma Analytivs, Muellheim, Germany) and coated with 0.05% poly-L-lysine. 
MG1655 rpoC-Dendra2 and MG1655 rpoC-PAmCherry genomic strains were grown from −80 °C stocks 
overnight at 37 °C, 210 rpm in LB medium with appropriate antibiotic marker (Table S1), reinoculated 
and grown to OD 0.2. Fixation and cell immobilization were performed as above. 
Prior to imaging, a 250 thousand fold dilution of FluoSphere dark red Carboxylate-Modified Microspheres 
(ThermoFisher, Munich, Germany) were added to the samples and allowed to settle for 5 min to serve as 
markers for drift correction. 
For live-cell single-particle tracking of the strain MG1655 rpoC_mEos3.2A69T+pJB063, cells were 
inoculated into TB medium with chloramphenicol and spectinomycin (final concentration 34 and 100 
µg/mL, respectively) and grown till OD 0.1. Then cells were induced for 45 min with 0.4% arabinose, 
washed with EZRDM medium (Teknova, Hollister, California, USA) and placed on 1% low melting 
agarose pads with EZRDM. 
Schizosaccharomyces pombe. Yeast was grown in YES medium (5 g Yeast extract, 30 g glucose, 225 mg of 
each l-adenine, histidine, leucine, uracil, lysine-hydrochloride in 1 L of Milli-Q water) at 30 °C overnight, 
then inoculated into fresh YES to a starting OD of 0.1, grown to an OD of 1 and inoculated into EMM 
(Formedium, Hunstanton, UK) with 225 mg of each l-adenine, histidine, leucine, uracil, lysine-
hydrochloride in 1 L of Milli-Q water to a starting OD of 0.1 and grown overnight at 30 °C. On the day of 
imaging, cells were inoculated into fresh EMM from the overnight culture to a starting OD of 0.1, grown 
at 30 °C until the cultures reached OD 0.4. For fixed cell experiments, yeast was fixed by adding 37% PFA 
to the growth medium to a final concentration of 1%, incubated for 10 min then washed three times with 
PBS. Cells were immobilized on poly-L-lysine coated Ibidi 8-well glass bottom slides, previously cleaned 
with a 2% solution of Hellmanex III , and then imaged at 30 °C. 
HeLa cells. All cell culture reagents were obtained from ThermoFisher. HeLa cells were maintained in 
DMEM, supplemented with 10% fetal calf serum and 1% penicillin/streptomycin. Transfection of plasmid 
DNA was performed with FuGENE (Promega, Mannheim, Germany) according to the manufacturer’s 
instruction. Two plasmid combinations were used, β-Actin-PAmCherry1 with Dendra2-Keratin-17 and β-
Actin-PAmCherry1 with H2B-Dendra2 (Table S1). For each 6-well, 1 µg of plasmid DNA was diluted in 
250 µL OptiMEM following addition of 4 µL FuGENE and incubation at room temperature for 30 min. 
500 ng of each plasmid (250 ng in case of H2B-Dendra2) were used for co-transfections. Diluted plasmid 
DNA was then added to confluent Hela cells, and the culture medium was renewed after 3 h. Cells were 
subcultured in 8-well glass bottom slides (Ibidi, Germany) on the subsequent day. Fixation was performed 
with methanol (Carl Roth, Karlsruhe, Germany) at −20 °C for 15 min. Samples were washed with 1× PBS. 
Prior to imaging, a 250 thousand fold dilution of FluoSphere dark red Carboxylate-Modified Microspheres 
were added to the well and allowed to settle for 5 min to serve as markers for drift correction. 
Purification of fluorescent proteins 
The pellet of a culture overexpressing PAmCherry from a pBAD plasmid (Table S1) was suspended in 10 
mM PBS (pH 7.4) with lysozyme (0.5 mg/mL) for 2 h, homogenized by ultrasound (UP100H, Hielscher, 
Germany) and centrifuged for 15 min (17000×g, 4 °C). FPs were purified from the supernatant by Ni-NTA 
spin columns followed by a buffer exchange to 10 mM PBS (pH 7.4) (Nanosep columns, VWR, Germany). 
Microscope 
Imaging was performed on a custom built setup based on an automated Nikon Ti Eclipse microscope, 
equipped with appropriate dichroic and filters (ET dapi/Fitc/cy3 dichroic, ZT405/488/561rpc rejection 
filter, ET525/50 or ET610/75 bandpass, all AHF Analysentechnik, Germany), and a CFI Apo TIRF 100× oil 
objective (NA 1.49, Nikon). All lasers (405 nm OBIS, 561 nm OBIS, 730 nm OBIS, 488 nm Sapphire; all 
Coherent Inc., Santa Clara, California USA) except 730 nm were modulated via an acousto-optical tunable 
filter (AOTF) (Gooch and Housego, Eching, Germany). Fluorescence was detected by an emCCD (iXON 
Ultra 888; Andor, UK). The z-focus was controlled by a commercial perfect focus system (Nikon, 
Duesseldorf, Germany). Acquisitions were controlled by µManager [13]. 
Spectroscopy 
Absorption spectra and fluorescence spectra (Fig. 1a–d) were measured in V-750 and FP-8500 instruments 
(Jasco, Gross-Umstadt, Germany), respectively, using purified PAmCherry protein with a final 
concentration 100 µM in 100 mM PBS (pH 7.5), NileRed diluted in acetone and Sytox Orange in ddH2O 
with final concentrations 1 µM for both in a 50µl UV-transparent quartz cuvette, except spectra of 
mEos3.2-A69T, which was taken from our previous work [2]. 
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CHAPTER 9. APPENDIX B
9.4 A transient pool of nuclear F-actin at mitotic exit controls
chromatin organization
159
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Supplementary Figure 1 Nuclear actin levels during mitotic exit are not 
affected by expression of nAC-GFP. Nuclear actin filaments are a conserved 
feature among different mammalian cell lines and form independent of 
Emerin, Lamin A/C, and the LINC complex. (a) 3D nuclear fluorescence 
intensities (FI) of stably expressed mCherry-actin were measured at 
indicated times after cell division (0 min corresponds to anaphase) to 
compare its nuclear distribution in the absence or presence of co-expressed 
nAC-GFP. Nuclei were counterstained with SiR-DNA. Data are shown 
as mean ± SD (n=13 mitotic events per condition, pooled from several 
independent experiments). (b) NIH3T3 cells stably expressing mCherry-actin 
were transfected with GFP-Exportin 6 and followed during the time-course of 
mitotic cell division. Images show single confocal slices to illustrate nuclear 
distribution of mCherry-actin in postmitotic cells in either the presence 
(indicated by asterisks) or absence (arrowheads) of GFP-Exportin 6. Note the 
nuclear fluorescence signal produced by mCherry-actin in control daughter 
nuclei (indicated by arrowheads). The experiment was performed once. Time 
stamp, hours:min; scale bar, 10 µm. (c) Time-lapse imaging of stably nAC-
GFP (green) expressing MCF10A, HT1080, and RPE-1 during cell division 
reveals nuclear F-actin formation at mitotic exit. Images show maximum 
intensity projections. Scale bar, 10 µm; time stamp, min:sec. (d, e) 
Quantification of incidence (d) and duration (e) of nuclear F-actin formation 
during mitotic exit in MCF10A, HT1080, and RPE-1 cells stably expressing 
nAC-GFP. Data are shown as mean + SEM (n=40 (MCF10A, HT1080), n=30 
(RPE-1) mitotic events, pooled from several independent experiments). (f, 
g) Quantification of the incidence (f) and duration (g) of nuclear F-actin 
formation during mitotic exit in nAC-GFP expressing NIH3T3 cells, treated 
with indicated siRNAs. Data are shown as mean + SD (n=30 cells per 
condition, pooled from 2 independent experiments). (h) Immunoblot 
validating efficient siRNA-mediated knockdown of Lamin A/C and Emerin. 
The experiment was performed once. (i) Time-lapse imaging of NIH3T3 
cells expressing nAC-GFP (grey) together with tagRFP-KASH (red, insets) to 
disrupt the LINC complex during and after mitotic division. The experiment 
was performed once. Scale bar, 10 µm; time stamp, min:sec. Unprocessed 
original scans of blots are shown in Supplementary Fig. 7.
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Supplementary Figure 2 Super-resolution imaging of nuclear F-actin at 
mitotic exit. (a) PALM images of NIH3T3 cells stably expressing nAC-
Dendra2 (orange) at mitotic exit used to calculate filament widths in Fig. 
2b. Experimental resolutions after drift correction (see Methods) are 38 
± 1 nm (1, 2, 4), 39 ± 1 nm (3), 33 ± 1 nm (5, 6), 35 ± 1 nm (7,8). 
Cells 5 and 6 are shown in Fig. 2a. Scale bars, 5 µm. (b) Filaments were 
analysed by a self-written, customized script for FIJI. First, ROIs were 
drawn along filaments (I). To minimize the selection and pixelation error, 
selections were shifted by 0.5 pixels (5 nm) in all directions to obtain 
five measures in total for each filament by straightening all selections 
(II). To determine the filament width, lengthwise intensity profiles of the 
five filament selections were fitted with Gaussians (III). The average full 
width at half maximum (FWHM) of the five selections yields the average 
filament width. Scale bar, 0.5 µm. (c) Mitotic cell division of native 
NIH3T3 cells was monitored over time using DIC (Differential interference 
contrast) to allow for formaldehyde fixation at defined time points after 
anaphase, as indicated. Stochastic Optical Reconstruction Microscopy 
(STORM) images focus on the corresponding nuclei labelled by phalloidin 
(see Methods for details). The dashed rectangle is shown magnified in 
Fig. 2c. Experimental resolutions after drift correction are 40 ± 1 nm (15 
min, 45 min-cell 1), 30 ± 1 nm (45 min-cell 2) and 34 ± 1 nm (60 min). 
Scale bars, 5 µm.
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Supplementary Figure 3 Actin dynamics but not transcriptional inhibition 
affect early G1 nuclear expansion. Detection of Flag-actin derivatives by 
doxycycline-inducible T2A-SNAP fusions. (a) 3D surface reconstructions 
of NIH3T3 nuclei (vizualized by SiR-DNA) at indicated times after drug 
treatment at mitotic exit. Scale bar, 10 µm; time stamp, hours:min. 
(b) Nuclear volume quantifications in cells treated similar to a. Data is 
shown as mean ± SD (n=50 nuclei per condition, pooled from at least 
3 independent experiments). (c) Design of Flag-tagged nuclear actin 
derivatives linked to the SNAP-tag by a T2A peptide. Upon translation, 
the T2A peptide is cleaved resulting in equimolar expression of Flag-NLS-
actin and the SNAP-tag. Accordingly, labelling of the SNAP-tag allows 
for indirect detection of Flag-NLS-actin in living cells. (d) Immunoblot 
confirms doxycycline-induced expression of Flag-NLS-actin-T2A-SNAP 
derivatives. A single band indicates efficient cleavage of Flag-NLS-actin-
T2A-SNAP. (e) Confocal images of fixed NIH3T3 cells expressing nAC-GFP 
transfected with Flag-NLS-actin-T2A-SNAP derivatives. In contrast to 
Flag-NLS-actin the SNAP-tag (labelled by SiR-647) displays pancellular 
distribution. Scale bar, 10 µm. (f) Confocal images of fixed NIH3T3 cells 
at mitotic exit show expression of Flag-NLS-actin-T2A-SNAP derivatives, 
as indicated. Magnifications correspond to dashed rectangles and highlight 
Flag-actin. Scale bar, 10 µm. (g) Nuclear volume quantifications in live 
NIH3T3 cells stably expressing H2B-mCherry and doxycycline-induced 
BFP-NLS, NLS-BFP-actinR62D or Flag-NLS-actin-T2A-SNAP derivatives. 
Expression of the indicated constructs was induced during G0. Data are 
mean + SD from n=30 nuclei per condition. (h) RT-qPCR analysis of FOS 
expression in serum-starved NIH3T3 cells, pre-treated with Flavopiridol (1 
µM for indicated times) before stimulation with serum (20% FCS, fetal calf 
serum) for 30 minutes. Note that 15 min pre-treatment with Flavopiridol 
efficiently inhibits serum-induced transcriptional upregulation of FOS 
mRNA. Data are shown as mean from n=2 independent experiments. (i) 
Nuclear volume analysis in NIH3T3 cells stably expressing H2B-mCherry 
in the presence of Flavopiridol (1 µM) or DMSO (0.1%). Flavopiridol 
was added at metaphase prior to imaging the subsequent expansion of 
daughter nuclei. Data are shown as mean ± SD (n>14 nuclei [precise n?]  
per condition, pooled from 3 independent experiments). Unprocessed 
original scans of blots are shown in Supplementary Fig. 7.
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Supplementary Figure 4 Inhibition of nuclear F-actin formation impairs 
chromatin decompaction at mitotic exit (a) Quantification of GFP-H2B 
fluorescence lifetime in cells expressing GFP-H2B alone, or in combination 
with mCherry-H2B and indicated treatments: trichostatin A (TSA), or sodium 
azide (NaN3) together with 2-deoxyglucose (2-DG). **P < 0.01, ***P < 
0.001 calculated by one-way ANOVA. (b) Quantification of fluorescence 
lifetime reveals no significant difference in GFP fluorescence lifetime 
upon expression of and staining for Flag-Exportin 6 using a Alexa Fluor 
405-conjugated antibodies. ns, non-significant in one-way ANOVA. (c) 
Comparative immunoblot analysis of histone modifications (H3S10ph, 
H4K16ac) in NIH3T3 cells induced to express BFP-NLS or NLS-BFP-
actinR62D and undergoing either asynchronous (asyn.) or synchronized 
(mitotic shake off) culture, as indicated. (d, e) Images and quantitative 
immunofluorescence analysis of nuclear Aurora B (d) and KAT5 (e) (both 
green; nuclei are stained with DAPI (magenta)) in NIH3T3 cells at mitotic 
exit expressing Flag-NLS-actin-T2A-SNAP derivatives, as indicated. Data 
are shown as mean ± SD (n=20 nuclei per condition, pooled from three 
independent experiments). Scale bar, 10 µm. ****P < 0.0001 calculated by 
t-test. (f) Analysis of chromatin compaction by an MNase accessibility assay 
45 min after mitotic shake-off in NIH3T3 cells expressing either doxycycline-
induced Flag-NLS-actinwt or -actinR62D. Graph shows quantified pixel 
intensities corresponding to band intensities. (g) Example images illustrating 
the pipeline used for the quantification of condensed chromatin in cryo-
electron microscopy images (for details see Methods). Based on raw images 
(I) nuclei and nucleoli were manually segmented (II). Condensed chromatin 
was semi-automatically segmented across the nucleoplasmic region and 
classified (III) allowing for an assessment of its distribution using a custom 
ImageJ/Fiji macro (IV). (h) Representative electron microscopy images of 
cryo-preserved, synchronized early G1 NIH3T3 cells expressing GFP-Exportin 
6 corresponding to Figure 4l. Scale bar, 2 μm. Unprocessed original scans 
of blots are shown in Supplementary Fig. 7. Immunoblot in c and MNase 
accessibility assay in f represent 1 out of 2 independent experiments. 
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Supplementary Figure 5 Inhibition of nuclear F-actin formation impairs 
Pol II-dependent transcription and preimplantation development of 
mouse embryos. (a) Images corresponding to Figure 5a showing RNA 
Pol II pS5 stainings (grey) in NIH3T3 cells expressing either GFP or 
GFP-Exportin 6 at indicated times after mitotic shake-off. Scale bar, 
5 µm. (b) Images corresponding to Figure 5g showing preimplantation 
development of mouse embryos expressing either mCherry-Exportin 
6 or myc-tagged GFP as a control. Similar amounts of mRNA were 
injected into oocytes at the metaphase II stage, followed by in vitro 
fertilization. Scale bar, 100 μm
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Supplementary Figure 6 P-Cofilin levels change during mitotic exit and 
nuclear Cofilin-1 is essential for filament disassembly during mitotic exit. 
(a) Representative immunostaining of p-Cofilin (grey, DAPI (blue)) in 
NIH3T3 cells treated with si-Control or si-Cofilin to validate specificity of the 
obtained fluorescence signals. Asterisks indicate presumably non-silenced 
cells. Scale bar, 10 µm. The experiment was performed once. (b) Images 
corresponding to quantifications shown in Figure 6e. Confocal images show 
single slices at indicated time points after mitotic shake-off. Scale bar, 5 
µm. (c) Immunoblot detecting p-Cofilin and Cofilin in RPE-1 cells after 
washout of nocodazole. Decreasing H3S10ph levels proof for successful 
release from the nocodazole-induced mitotic block.  (d) P-Cofilin/Cofilin ratio 
was calculated by densitometric quantification of immunoblot intensities. 
Data are shown as mean + SD from n=3 independent experiments. (e) 
Time-lapse imaging of NIH3T3 cells during mitotic exit corresponding to 
Figure 6j. Cells stably express nAC-GFP (green) together with either WT- or 
NES-mCherry-Cofilin (red) and were treated with siRNA against the 3’-UTR 
of endogenous Cofilin-1. Scale bar, 10 µm. (f) Stably nAC-GFP expressing 
NIH3T3 cells were transfected with NLS-mCherry-Cofilin and followed 
during mitotic exit. Images show maximum intensity projections of confocal 
z-stacks and illustrate the absence of nuclear F-actin formation which was 
observed in 10 of 12 mitotic events. Time, hours:min; scale bar, 10 µm. (g) 
Immunoblot validating expression of opto-Cofilin in cells treated with either 
control siRNA or siRNA directed against the 3’-UTR of endogenous Cofilin-1. 
Unprocessed original scans of blots are shown in Supplementary Fig. 7.
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Supplementary Figure 7 Unprocessed original scans of Western blot analysis
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Supplementary Table Legends
Supplementary Table 1 Table illustrating the incidence and duration of nuclear F-actin formation at mitotic exit upon siRNA-mediated knockdown of actin 
nucleators or regulators. All siRNA sequences used showed greater than 50% knockdown efficiency on mRNA level for the intended target, as determined 
by RT-qPCR (compared to control siRNA and normalized to expression of TBP). Statistical analysis did not show a significant difference for any condition 
compared to control cells, as determined by one-way ANOVA. n.d., not determined. Data are shown as mean +/- SEM, pooled from at least 2 independent 
experiments. Sample sizes (number of mitotic events) for each condition are shown within the table. 
Supplementary Table 2 Table summarizing the results of nuclear F-actin pulldown, as well as a control pulldown (without biotin-phalloidin), performed at 
mitotic exit and analysed by mass spectrometry (see Methods for details).
Supplementary Table 3 Table listing the information of antibodies used in this study.
Supplementary Video 1 Transient nuclear F-actin formation can be detected during mitotic exit. Video corresponding to Fig. 1a shows transient formation of 
nuclear F-actin during and after cell division in NIH3T3 cells as visualized by nAC-GFP (green). In addition, cells express LifeAct-mCherry (red). Scale bar, 
10 µm.
Supplementary Video 2 Nuclear F-actin shows dynamic turnover in cells at mitotic exit.  Video corresponding to Fig. 1b shows dynamic reorganization of actin 
filaments after mitotic division in NIH3T3 cells as visualized by nAC-GFP (green). In addition, cells express Lamin-nanobody-SNAP, labelled by a SiR-647 
dye (LaminCB-SNAP|SiR-647, magenta). Scale bar, 10 µm.
Supplementary Video 3  Nuclear F-actin forms within interchromatin spaces. Video corresponding to Fig. 4a shows dynamic reorganization of actin filaments 
after mitotic division in NIH3T3 cells as visualized by sAC-GFP (green). In addition, cells express H2B-mCherry (red) to visualize chromatin content. Scale 
bar, 10 µm; time stamp, h:min:s.
Supplementary Video 4  Nuclear actin filaments reshape newly assembled nuclei. Video corresponding to Fig. 3a shows NIH3T3 cells during mitotic exit, 
stably expressing nAC-GFP (green) and H2B-mCherry (red). Scale bar, 10 µm; time stamp, min:s.
Supplementary Video 5  Knockdown of Cofilin affects nuclear actin dynamics during mitotic exit. Video corresponding to Fig. 6f, g. Time-lapse imaging of 
NIH3T3 cells stably expressing nAC-GFP (green), treated with si-control or si-Cofilin during mitotic exit. Video shows three representative examples for each 
condition. Note the appearance of excessive and stable nuclear actin filaments in si-Cofilin-treated cells. Scale bar, 10 µm.
Supplementary Video 6 Light-regulated control of opto-Cofilin subcellular localization. Video corresponding to Fig. 7d shows NIH3T3 cells stably expressing 
opto-Cofilin (grey). Single confocal slices were acquired at 10 sec intervals, and cells were temporarily illuminated by additional blue laser light (488 nm, 
indicated by a green bar) to promote reversible nuclear export of opto-Cofilin.
Supplementary Video 7 Formation of excessive, stable nuclear F-actin upon light-regulated nuclear exclusion of opto-Cofilin. NIH3T3 cells stably expressing 
nAC-SNAP (labelled by SiR-647, grey) and opto-Cofilin (red) were treated with si-Cofilin (3’-UTR) and imaged during and after mitosis. Cells were imaged 
either with (+ light, lower panel) or without (- light, upper panel) additional blue laser light (488 nm) to promote sustained nuclear export of opto-Cofilin.
Supplementary Video 8 Reversible formation of excessive, stable nuclear F-actin by light-controlled subcellular shuttling of opto-Cofilin. Video corresponding 
to Fig. 7f shows NIH3T3 cells stably expressing nAC-SNAP (labelled by SiR-647, grey) and opto-Cofilin (red) during and after mitosis. Cells were treated with 
si-Cofilin (3’-UTR) and temporarily illuminated by blue laser light (488 nm) to promote nuclear export of opto-Cofilin for a defined period of time (indicated 
by a green bar). 
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9.5 S. pombe kinetochore protein imaging and data analysis
9.5.1 S. pombe strain construction
An S. pombe strain carrying the PAmCherry-cnp1 N-terminal fusion was obtained from the group
of professor Ernest Laue, Department of Biochemistry, University of Cambridge. Construction
of the strain is described in [91], strain DL70. The spindle pole body protein sad1 in the DL70
parent strain was then tagged with mScarlet-I [86] as described in [4]. In short, DL70 cells were
transformed with a linear DNA fragment consisting of the sequence for mScarlet-I, followed by
a hygromycin resistance cassette and flanked on both sides by 500-600 bp homology arms for
homologous recombination into the genome downstream of the sad1 spindle-pole body protein, for
a C-terminal sad1-mScarlet-I fusion. Transformants were selected for hygromycin resistance on
solid YES medium (30g/L glucose, 5g/L yeast extract, 20g/L agar and 200mg/L each of adenine,
uracil, histidine, leucine and lysine) and integration into the genome was confirmed by colony PCR
and sequencing. The resulting strain was used as the parent for further transformations. The same
procedure was repeated to tag each POI with the prime-convertible mEos3.2-A69T protein [3],
but a kanamycin resistance cassette was used instead. Transformants were selected on solid YES
medium containing geneticin. Resistance cassettes are described in [92]. All transformations were
done using the Frozen-EZ Yeast Transformation II Kit (Zymo, USA, cat. T2001). Strains were
cultured to early stationary phase in liquid YES medium, mixed 1:1 with sterile 87% glycerol and
stored at -80 °C.
9.5.2 SMLM microscope slide preparation
8-well Ibidi µ-Slides (Ibidi, Germany, cat. 80827) were cleaned by adding 400 µL of 1M KOH
solution into each well and incubating for 40-60 minutes. After incubation, wells were thoroughly
rinsed with distilled water. 200 µL of 0.1% poly-L-lysine (Sigma Aldrich, USA, cat. P8920)
solution were added to each well and incubated until the slide was needed.
9.5.3 S. pombe SMLM sample preparation
A loopfull of S. pombe cryo-stock was spread on a YES plate containing the appropriate antibiotic
to single colonies and incubated for 24-48h at 32 °C. A single colony was then inoculated into 10
mL of liquid YES medium and grown at 25 °C for 12-24h. Once the culture reached an OD600
of 1—2, it was used to inoculate 100 mL of freshly prepared EMM medium (Formedium, UK,
cat. PMD0201) with 200mg/L each of adenine, histidine, uracil, leucine and lysine to a starting
OD600 of 0.1. The culture was incubated at 25 °C for approximately 16h or until OD600 of 1-1.5.
To enrich the fraction of cells in the desired cell-cycle stage (metaphase to early anaphase), the
culture was synchronized using a lactose gradient as described in [93]. The 100 mL EMM culture
was centrifuged in a standard tabletop centrifuge at 2000 rpm for 5 minutes. The supernatant
was discarded and the pellet was resuspended in 500 µL of pre-warmed EMM. The cell slurry
was carefully overlaid on top of a lactose gradient solution inside of a 50 mL falcon tube. The
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tube was centrifuged in a standard tabletop centrifuge at 1000 rpm for 8-10 minutes. During
centrifugation, msot cells would pellet to the bottom of the tube, leaving a layer of G1 cells in
suspension. The very top 1 mL of this layer was aspirated with a pipette and mixed with 1 mL of
pre-warmed EMM in a 2 mL Eppendorf tube. The tube was centrifuged at 4000 G for 2 minutes
and the supernatant was removed. Cells were resuspended in 1 mL EMM and the OD600 of
this solution was measured. It was then used to inoculate a 10 mL EMM culture to a starting
OD600 of 0.6. The culture was grown at 25 °C and 2 mL aliquots were fixed at 60, 70 and 80
minutes of incubation. Since such cell synchronization is not very tight, the fixation was staggered
to capture the time when most cells are in metaphase or anaphase, which usually occured 60-80
minutes post synchronization. Fixation was done by adding 37% paraformaldehyde directly to the
medium to a final concentration of 3.7%. Cells were incubated for 15 minutes, then centrifuged
at 1000 G for 3 minutes and the supernatnat was removed. The pellet was resuspened in 1x
phosphate buffered saline filtered through a 0.2 µm pore size syringe filter. The suspension was
centrigued at 1000 G again and the supernatant removed. The pellet was then resuspended in
50 mM Tris-HCl in distilled water (also filtered). These alternating wash steps were repeated 2
more times. The changes in osmolarity between the two buffers assisted in washing free-floating
fluorescent background fromt he cells. After the sixth wash,cells were resuspended in 400 µL of
filtered Tris-HCl. A 1:500 solution of stock 660/680 red FluoSphere fluorescent beads (Thermo
Fisher, USA, cat. F8807) was sonicated in a sonicator bath for 3 minutes, then added to the
cell suspension in a ratio of 1:500. The fluorescent beads would attach to cell walls and serve
as fiducial markers during the imaging process. The suspension was vortexed and incubated for
10 minutes. Poly-L-lysine was aspirated from an Ibidi well and replaced with 200 µL of the cell
suspension, then incubated for 10 minutes. Meanwhile, 0.5% low-melting agarose was prepared
in filtered Tris-HCl and kept at 32 °C. The microwell slide was placed on ice and the liquid was
carefully aspirated, leaving a layer of cells attached to the slide. A few drops of the liquid agarose
were carefully dripped onto the layer of cells, where the agarose promptly solidified due to the ice.
The purpose of the agarose embedding was to keep the cells stable during imaging, while allowing
diffusion of buffer through the porose agarose to the cells. The slide was incubated on ice for 5
minutes to ensure solidification, then the agarose was overlaid with 50 mM Tris-HCl to prevent
drying and the sample was imaged.
9.5.4 SMLM imaging of S. pombe
The microscope setup was the same as described in [4], using an automated Nikon Ti Eclipse
microscope, equipped with appropriate dichroic mirror and filters (ET dapi/Fitc/cy3 dichroic,
ZT405/488/561rpc rejection filter, ET525/50 or ET610/75 bandpass, all AHF Analysentechnik,
Germany), and a CFI Apo TIRF 100x oil objective (NA 1.49, Nikon). All lasers (405 nm OBIS,
561 nm OBIS, 730 nm OBIS, 488 nm Sapphire, all Coherent Inc., USA) except for the 730 nm
were modulated by an acousto-optical tunable filter (AOTF) (Gooch and Housego, Germany).
Fluorescence was detected by an emCCD (iXON Ultra 888, Andor, UK). The vertical focus was
controlled by a commercial perfect focus system (Nikon, Germany). The acquisition was controlled
by a customized version of the µManager software [94].
The mScarlet-I was imaged first, excited with low intensity 561 nm illumination (0.1-1 W/cm2).
The field of view was adjusted to contain the maximum amount of cells with two SPB spots
(metaphase and anaphase cells) in focus, while keeping the illumination uniform. Intensity of the
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561 laser was increased to 200 W/cm2 and 100 frames of the sad1-mScarlet-I were recorded at
an exposure time of 60 ms for each field of view. The acquisition was stopped and the 561 laser
intensity was increased to 500 W/cm2 for 60-120 seconds, to bleach away the mScarlet-I. The
POI-mEos3.2-A69T was imaged next, activated with 450 W/cm2 of the 730 nm laser and 100-
2500 mW/cm2 of the 488 nm laser (pulsed every 10th frame) with the intensity gradually increased
to keep the number of localizations per frame constant. The mEos3.2-A69T was read out with
the 561 (500 W/cm2) laser for 15-20 000 frames (or longer, if necessary for a full readout) at an
exposure time of 60 ms per frame. When the acquisition was over, the sample was illuminated with
1 kW/cm2 of the 488 nm laser for 30 seconds, to bleach potential residual mEos3.2-A69T. Finally,
the cnp1-PAmCherry was imaged by activation with the 405 laser, pulsed on every 10th frame,
with the intensity gradually adjusted from 250-6500 mW/cm2 to keep the number of localizations
per frame constant. The PAmCherry was read out with constant 561 illumination at 500 W/cm2
for 10-15 000 frames or as many as required for a full readout at 60 ms exposure per frame at an
exposure time of 20 ms per frame.
9.5.5 SMLM data post-processing
Figure 9.1: Flow chart of the data analysis workflow.
Localization files were generated from the SMLM movies using the ThunderSTORM [88] plugin for
the open-source image analysis software FiJi [95], using an automated macro. Fit parameters used
were the following: spot candidate identification in the tif-stack: B-spline wavelet filter with scale
of 2.0 pixel and order of 3, local maximum detection in a 8 pixel neighborhood and threshold of
1.5*std(wavelet); Point Spread Function (PSF) model to fit spot candidates: integrated Gaussian,
sigma 1.4 pixel, weighted least squares optimization with a fit radius of 4 pixel, no multi-emitter fit.
Drift correction using fiducial markers was also performed in ThunderSTORM. Fiducial markers
were identified by grouping localizations within 40 nm of each other in adjacent frames together.
For the POI channel, traces that spanned at least 90% of the movie were used while for the cnp1
channel this was reduced to 70%. Though the mScarlet-I channel was not recorded as an SMLM
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movie, it still underwent the same fitting process. Instead of single molecules being fitted in each
frame, the center of the entire SPB was fitted for each frame.
The drift corrected localization files were then ready to be processed by a semi-automated analysis
suite written in the Python 3 programming langauge. The entire analysis pipeline is summarized
in Figure 9.1. The workflow revolved around a single csv table for each field of view acquisition,
where each line represented a single localization with a unique identifier number. Properties were
attached to each localization after every analysis step (such as channel, whether the localization
belongs to a fiducial marker or a protein population etc.), as described below.
Since the acquisition time of a single movie could take up to 30 minutes and the sample could have
drifted significantly during that time, localization files of all three channels first had to be aligned.
Each localization file was first run through a nearest neighbor tracking algorithm. Using the
kd-tree class from the scipy Python module [96], the nearest neighboring localization in a radius
of 150 nanometers of each localization was identified in the first subsequent frame. Neighbor
identifiers were stored and used to connect localizations into tracks. Distance to the nearest
neighbor were also stored for each localization. Tracks that spanned at least 90% of the movie in
the POI channel or 70% of the movie in the cnp1 channel were classified as fiducial localizations.
Al non-fiducial localization tracks were merged together by averaging the coordinates, intensity
and PSF size of all localizations in a track. The tracked localization files were then merged
into a single large file, in which each localization carried the information of its channel. Non-
fiducial localizations were then filtered based on these averaged parameters to discard statistical
outliers. Outlier thresholds were calculated using the standard statistical formula of Q1 - 1.5*IQR,
Q3 + 1.5*IQR. The parameters used for filtering were intensity, chi-square goodness of fit and
PSF width. For the PSF width, a set threshold of 70-200 nm was used instead of a dynamic
outlier calculation. The filtered localization file was visualized using an unpublished visualization
software written in the C++ programming language developed by the Endesfelder group. In this
software, called Mistral, individual localizations could be selected and classified. Localizations in
Mistral were color-coded by channel and localizations belonging to the same fiducial marker were
grouped together manually. The data was then fed back into the Python analysis suite for channel
alignment. Localizations belonging to the selected fiducial markers then underwent a quality check
by fitting the distribution of localizations with a normal distribution in the x and y dimensions.
A symmetry ratio was calculated by dividing the Full Width at Half Maximum of a normal
distribution (FWHM) of the distributions in both dimensions. Fiducials where the symmetry
factor fell outside the thresholds of 0.9 - 1.1 were discarded, if other fiducials were available. Using
the distances obtained in the nearest-neighbor tracking step, the NeNA localization precision of
each fiducial was calculated according to [97] and stored for later screening. Based on the selected
fiducial markers, alignment correction values were calculated by measuring Euclidean distances
between the centroids of the fiducial localization clusters in the different channels. Localization
files of channels 2 and 3 were then aligned to channel 1 with a simple linear translation using the
calculated correction factors. When multiple beads were present, the standard deviation of the
correction factors was calculated and stored as a measure of channel alignment quality.
The aligned and merged localization files were again fed into Mistral for visualization. Yeast cells
were visible due to the ever-present fluorescent background. This was taken advantage of to man-
ually select cells for further analysis. Cells with kinetochore protein localization clusters in the
focal plane were selected and classified, then exported with unique cell identification numbers and
fed back into the Python script. To assign localizations to individual kinetochore protein clusters,
171
9.5. S. pombe kinetochore protein imaging and data analysis
a modified OPTICS clustering algorithm was then performed on just localizations belonging to
the selected cells, to save on computation time. The OPTICS algorithm was run as described in
[98] with a high distance threshold of 2000, assigning a reach distance and OPTICS order to each
localization. Localizations of each cell were sorted according to the OPTICS order and a sim-
ple moving average with a variable window was calculated. The localizations were then iterated
through and when the reach distance of a localization exceeded a certain threshold (termed "wig-
gle") above the simple moving average, the localization was classified as a separator point, while
all other localizations were classified as potential cluster points. The list of localizations was then
iterated through again to assign clusters. When a sufficient number of cluster points (minimum
cluster size) was separated by a sufficient number of separator points (minimum separator points),
the points were assigned to a unique cluster. To obtain the optimum moving average window,
wiggle threshold, minimum cluster size and minimum required separator points, a grid search was
performed on a learning data set. The learning dataset was generated by manual selection of
clusters from filtered and merged localization files. The manual selection was done by at least
two individuals separately, to avoid bias. The grid search then tested different combinations of all
parameters, until a result that was the most similar to the learning dataset was achieved. These
parameters were then used to run the clustering algorithm on all other movies from that particular
imaging session. It was important to re-do the learning step for each session and protein sepa-
rately, due to slightly different fluorescent backgrounds and different counts for each POI. Even
though some clusters had to be classified manually, the clustering algorithm drastically increased
the speed of data analysis compared to manual selection. This algorithm was only performed on
localizations from channels 1 and 2. Since the mScarlet-I movies were not super-resolved and the
localizations always represented the center of the ensemble sad1 spot, clusters were determined as
localization tracks that spanned 100% of the movie.
Following the clustering algorithm, the data went through one last manual quality and classification
check in Mistral. In this step, cnp1 clusters were manually paired together with POI clusters and
assigned to individual kinetochores. Any residual noise points were also removed. This step was
done by two individuals separately to avoid bias and the quality control was extremely strict.
Whenever there was any doubt whether or not a two clusters belong to the same kientochore, the
clusters were discarded. Each kinetochore was given a unique identification number, the data was
exported and fed back into the Python routine.
The next step of analysis measured several different parameters, not all of which are relevant for
this thesis. Since all cells had a significant amount of background localizations confined to the
intracellular compartment, these could be used to calculated cell shapes and dimensions. This was
done using all the localizations, even the ones that did not pass the quality filter steps. A convex
hull (a shape connecting peripheral localizations that encompassess all other localizations) was
drawn using the scipy [96] Python library and the hull area was extracted. Cell localizations were
then rotated around the centroid of the cell until the cell was horizontal by finding the maximum
difference between x min and x max and this distance was saved as the cell length. The same
difference was calculated for the y axis. NeNA localization precision [97] was calculated for all the
clustered localization in the cell and recorded.
The number of localizations in each cluster was checked and saved for later protein count analysis.
The cluster centroid was calculated by averaging the x and y coordinates of all the localizations
in the cluster. A convex hull was drawn for each cluster, used for area calculation and a similar
rotating algorithm as for cells was employed to calculate the cluster width and length.
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Each of the manually selected kinetochores, containing a cnp1 and a POI localization cluster was
treated as a whole for several parameter calculations. The angle between the axis defined by the
centroids of both kinetochore clusters and the axis defined by the POI cluster and the nearest
SPB cluster was calculated and stored. The angle of the kinetochore (cnp1 through POI) relative
to the mitotic spindle axis, defined by both SPBs was also calculated. Both kinetochore clusters
were rotated around the centroid of the cnp1 cluster by both of these angles, adjusted so that the
centroid of cnp1 was at 0 and stored as separate outputs, for future particle averaging.
Finally, the cnp1-POI distances were claculated by rotating the kinetochore by the mitotic spindle
axis and collapsing all localizations of the two clusters onto that axis. This simplified the complex,
2-dimensional objects into simple 1-dimensional distributions. The absolute distance between the
means of the two collapsed clusters was calculated. While it would have been ideal to take
kinetochore orientation into account here, this was not possible due to the properties of the S.
pombe mitotic spindle. The SPB closest to a kinetochore is not necessarily the SPB to which the
kinetochore is attached (via a microtubule). This is caused by a phenomenon in fission yeast where
kinetochores oscillate back and forth along the mitotic spindle until DNA segregation takes place
[99]. Due to this, it was impossible to accurately determine the orientation of each kinetochore,
hence the absolute distance was deemed as the safest measurement.
All of these measures were saved as extra columns in the localization table, where each localization
had attached to it the parameters of the cell, cluster and kinetochore it belonged to. The tables
could then be grouped, filtered and merged to extract any desired data.
9.5.6 Final distance and localization count extraction
To obtain the final distance and localization count numbers, the issue of the unknown kinetochore
orientation had to be addressed. If the orientation of each kinetochore was n and the distance could
be calculated with a direction, the distribution of such distances for any given protein would likely
constitute a normal distribution. Some of the spread (standard deviation) of the distribution would
be explained by the natural variation in the position of the protein, while experimental precision
would contribute to the rest. As such, given the mean of the distribution was located close enough
to zero and the standard deviation was high enough, the left tail of the distribution would extend
past zero. When the orientation of the measurement is not known, such a distribution would
be inherently biased. By taking the absolute value of all values in the distribution, this bias is
avoided, but the distribution changes to where a simple arithmetic average no longer describes
the actual expected value. The result is a distribution called the folded normal distribution [100],
described by the following equation:










The µ and σ parameters in this equation represent the mean and standard deviation of the
underlying normal distribution. Therefore, to obtain the expected value (µ) and width (σ) of the
distribution of cnp1-POI distances, the measured distances can be fitted with the folded normal
equation. To increase the accuracy of this approach, a bootstrapping algorithm was used. The set
of cnp1-POI distances for each POI was resampled 1000 times with replacement and a sample size
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equal to the length of the dataset. For each resample, Maximum Likelihood Estimation (MLE) of
the parameters was performed using the Sympy Python library [101]. The MLE returned the µ and
σ, as well as an objective score value of the quality of the fit for each of the 1000 resamples. The
sympy approach was verified with a manually written gradient ascent script which produced the
same results, but the sympy version was used do to faster performance. The objective scores were
used as weights to calculate a weighted average of the µ and σ values. The approach was also tested
with extensive data simulations, simulating normally distributed data with known parameters,
folding it and running the bootstrapping aproach to obtain the original input parameters. The
method proved to be very robust as long as the mean of the unfolded normal distribution was
more than 1 standard deviation away from zero. When the mean was closer to zero, the maximum
likelihood estimation returned unreliable results. Due to this limitation, it would be necessary to
change the reference protein for POIs close to the centromere, as discussed in section 7.2.3. The
standard deviation of the distribution of the 1000 means is interpreted as a measure of precision,
since this value decreases as the amount of data increases and the fits produced are more accurate.
A similar, though simpler approach was taken for the localization counts. It has been discussed
in the literature that fluorophore blinking behavior can be described by a lognormal distribution
[102]. This means that to get the the expected value, the distribution of localization counts could
be fitted with a lognormal function. However, matters can be further simplified by calculating
the logarithm of the data, which converts the distribution into a normal distribution. Now, the
expected value and distribution width can simply be calculated as the arithmetic and standard
deviation. This was done with the bootstrapping (1000 resamples) approach for all POIs and the
numbers generated by this are presented in section 7.2.3
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